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Preface

The progress in understanding protein folding and misfolding is primarily due to
the development of biophysical methods, which permit to probe conformational
changes with high kinetic and structural resolution. A whole battery of techniques is
being used to address the fundamental problems of protein folding and misfolding.
The most common approaches rely on rapid-mixing methods to initiate the folding
event via a sudden change in solvent conditions. Traditionally, techniques such as
fluorescence, circular dichroism or visible absorption spectroscopy are applied to
study the processes. In contrast to these techniques, infrared spectroscopy came into
play only very recently. The significant progress made in this field to date permits
to follow folding events over the timescale from picoseconds to minutes with high
structural resolution. The aim of this unique book is to provide an overview of the
latest developments and applications as seen by pioneers in this burgeoning field.
The various chapters present representative examples on the sort of information
which infrared techniques can provide and how this information is extracted from
the experimental data. The discussion of the state-of-art technology, data evaluation
strategies and representative applications on protein folding and misfolding should
help the readers to estimate whether their particular systems are appropriate to be
studied by infrared spectroscopy, and to assess the specific advantages the various
infrared techniques have.

This book contains nine chapters. The introductory chapter by Gareth Morgan
and Sheena Radford focuses on the array of experimental methods that are presently
applied to the key questions of how folding, misfolding and aggregation of
proteins are linked, both in vitro and in the environment of the cell. The second
chapter by Joseph Brauner and Richard Mendelsohn presents a semi-empirical
method of simulating the experimental amide I contour of a protein or peptide
molecule whose atomic coordinates are available, and discusses the correlations
between the amide I contour and the secondary structure of a protein. The adap-
tation of conventional mixing and temperature-jump technologies to the specific
requirements of time-resolved FTIR spectroscopy, which enable to explore protein
folding and misfolding events on the millisecond-to-minute timescale, together with
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representative results on different proteins, is then described by Heinz Fabian and
Dieter Naumann. The fourth chapter by Satoshi Takahashi and Tetsunari Kimura
gives an overview on time-resolved FTIR spectroscopy based on continuous-flow
rapid-mixing set-ups, which allow to follow protein folding events in the sub-
millisecond-to-second time range. The authors describe practical issues in applying
their devices to explore mechanism of secondary structure formation and protein
main chain dehydration. Chapter 5 by Roland Winter and co-workers reports on
pressure changes as an alternative trigger to unfold or refold proteins and to induce
disaggregation of misfolded species. After describing the experimental techniques,
examples of pressure-induced un- and refolding reactions of proteins as well as
studies on enzyme reactions are presented. The use of laser-induced temperature-
jump IR spectroscopy as a method to study ˛-helix and ˇ-sheet formation in
the nanosecond-to-microsecond time range is presented by Karin Hauser, with
emphasis on strategies to obtain insights into folding mechanism on the level of
single amino acid residues. The seventh chapter by Wolfgang Zinth and Josef
Wachtveitl demonstrates that photo-switches incorporated into suitably designed
amino acid sequences open up numerous new applications by applying light as
trigger to initiate peptide folding. Their pioneering investigations on selected light-
triggered peptides demonstrate ultrafast folding reactions, and show that these
processes may span the range between picoseconds and tens of microseconds.
Another way to trigger unfolding and misfolding events by light is the use of
caged compounds, which is described next by Andreas Barth and co-workers with
special focus on the use of caged protons for time-resolved infrared spectroscopic
experiments. The light-induced release of protons generates a pH jump much
more rapidly than any conventional mixing technique, thus paving the way for
investigating early events of aggregation processes of peptides or proteins. The final
chapter by Martin Zanni and co-workers illustrates that two-dimensional infrared
spectroscopy combined with isotope labelling is an elegant and powerful tool to
obtain residue-specific structural information on folding and aggregation processes
of peptides and proteins. A mathematical formalism to guide the interpretation of
one- and two-dimensional IR spectra of amyloid fibrils is presented, which enables
the design of the best isotope labelling scheme of the peptide. The chapter ends with
explanatory experiments, demonstrating the specific power of the two-dimensional
IR approach.

This book is the result of the work of many colleagues who generously agreed
to contribute to this book by taking time away from their other responsibilities.
We wish to thank all the authors for their extremely valuable contributions. We hope
that their ideas and experiences will be of interest not only for those readers already
familiar with infrared spectroscopic techniques, but also inspire other colleagues in
the protein community to take advantage of the possibilities described herein for
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their particular research in the future. Special thanks go to our co-worker Angelika
Brauer for her great help and continuous encouragement during the technical
preparation of the book chapters.

Berlin, Germany Heinz Fabian
Dieter NaumannJuly 2011
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Chapter 1
Linked Landscapes and Conformational
Conversions: How Proteins Fold and Misfold

Gareth J. Morgan and Sheena E. Radford

Abstract Polypeptide chains must make a vast, complex array of interactions in
order to fold to their correct structures. The mechanisms by which they do so,
and the consequences when this process fails, are the subject of intense study.
A key conceptual development has been the idea that proteins fold and misfold on
linked, funnelled energy landscapes, where rarely populated states (such as folding
intermediates) can provide access to misfolded and sometimes aggregation-prone
ensembles. Advances in experimental methodologies and computer simulations
are driving an increased understanding of the forces involved in folding and
aggregation. This knowledge is beginning to be used to stabilise proteins for new
biological functions as well as to develop treatments for diseases of misfolding. In
this introductory chapter, we focus on the array of experimental methods that are
being applied to the key questions of how the folding, misfolding and aggregation
of proteins are linked, both in vitro and in the more complex environment of the cell.

1.1 Introduction

A protein emerging from the ribosome must make many specific contacts and
interactions if it is to fold to its correct structure. That a protein can fold to
a pre-defined, low-energy state, despite the myriad of competing interactions it
faces, is a spectacular triumph of evolution, and it is perhaps unsurprising that
this process sometimes goes awry. Misfolding and aggregation are the basis of
many diseases, and these processes have been studied in great detail with a view
to developing therapeutics that target specific aspects of the disease process. In
this chapter, we examine key concepts and questions in the field of protein folding
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and misfolding, and review the experimental methods used to investigate these
processes.

How does a polypeptide chain fold into a specific structure? Different proteins
fold by different structural mechanisms [1], but the underlying theme that has
emerged from theoretical and experimental studies is that the folding energy
landscape is funnel-shaped, so that initial favourable interactions, some of which
may be present even in the initial unfolded state [2], make further folding more
favourable (Fig. 1.1) [3–5]. Protein structures are mainly governed by promiscuous
non-covalent interactions, which can form between any suitable pair of residues,
so there are many potential ways for non-native contacts to form. The ability of
proteins to form alternative, non-native interactions, termed “frustration” [6], can be
visualised as roughness on the folding energy landscape, leading to the population of
transient intermediates and kinetic traps. Non-native interactions in the early stages
of folding can retard or disrupt the protein’s search for its native state, but may also
direct the beginning of the folding process [2,7–9]. The native states of proteins are
thought to be “minimally frustrated”, which provides their stability [10]. However,
proteins are only marginally stable: indeed, many undergo conformational changes,
and some even major unfolding events, as part of their function [11, 12]. So even
in their native states, proteins show conformational diversity relating to binding,
catalysis or regulation [13, 14]. An emerging theme is that protein structure and
stability have been modulated by the requirement for function over the course of
evolution [15, 16]. This compromised stability may allow conformational changes,
but is also at the root of the numerous diseases of protein misfolding [17]. Misfolded
forms of proteins may be inactive, toxic, or may form aggregates such as amyloid
fibrils, which are ordered aggregates found in many disorders including Alzheimer’s
disease and type 2 diabetes [17]. Although amyloid fibrils or other aggregates
may be toxic to cells, recent work has focused on the toxicity of smaller, soluble
oligomeric species, termed protofibrils, that are thought to be the underlying cause
of several amyloid disorders [18].

The continuum of conformational states that proteins can populate at equilib-
rium, from unfolded species to partially folded, folded, misfolded and aggregated
forms, defines an energy landscape on which single protein molecules can fold and
misfold, and ensembles of molecules can interact to form oligomers and aggregates
[19]. These two processes may be linked by unfolded species or rarely populated
intermediate states that can progress into the folding or misfolding regions of the
energy landscape. Figure 1.1 shows an illustration of such a linked landscape.

Five key areas of research in the areas of protein folding and misfolding are
described in this chapter:

• The nature of unfolded states under non-denaturing conditions.
• The intermediates that link the folding and aggregation landscapes.
• The structural and dynamic properties of toxic oligomers.
• The structure of mature amyloid fibrils.
• How studies of folding and misfolding in vitro relate to the processes that occur

in the cell.



1 Linked Landscapes and Conformational Conversions 3

1

2

3

4

5

6

E
ne

rg
y

Configurational entropy

Fig. 1.1 A protein’s folding and misfolding energy landscape. The energy of the protein chain
is represented by the depth of the wells, and the configurational entropy of the states is
represented by their width. The ruggedness of the landscape corresponds to intermediates and other
metastable states. (1) Unfolded states showing varied conformations and residual structures; (2)
folding intermediates; (3) native state, showing functional conformational changes; (4) misfolded
intermediates and small oligomers; (5) toxic oligomers and protofibrils; (6) amyloid fibrils, which
may have several distinct morphologies

We provide a brief introduction to each of these areas of research, highlighting
the methodological developments that have provided recent insights. A recurring
theme is the characterisation of sparsely populated, heterogeneous or dynamic
conformations that are intractable to conventional high-resolution structural analysis
by nuclear magnetic resonance (NMR) or X-ray crystallography. Information on
these states has been gleaned from developments in methods to analyse rare
conformations at equilibrium or in transition, in tandem with increasingly powerful
simulations that provide detailed interpretations of these results [20,21]. A complete
description of an energy landscape requires both structural and dynamic informa-
tion on all the states populated. Different techniques complement each other by
providing information at different resolutions, from atomic structures to overall
shape and size, and on different timescales, from bond vibrations and side chain
rotations to domain movements and oligomerisation. Methods used to study the
folding and misfolding of proteins are shown in Fig. 1.2. These techniques can
provide structural and dynamic information at various levels of resolution, and can
be combined with rapid perturbation (such as continuous- or stopped-flow mixing,
temperature jump and pressure jump methods) or quenching (pH jump or flash
freezing) in order to study kinetic processes. As structural ensembles become more
diverse, it is more difficult to extract high-resolution data; methods that report
on the dynamic behaviour of proteins in solution, and thus define the size and
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Fig. 1.2 Methods used to investigate different states in protein folding and misfolding. Colours
correspond to the position of states on the landscape in Fig. 1.1. Information about both local
structures and the global dynamics of individual protein molecules and multimeric assemblies can
be gained via different techniques. NMR nuclear magnetic resonance; EPR electron paramagnetic
resonance; FRET Förster resonance energy transfer

shape of oligomeric species, therefore complement techniques able to reveal higher
resolution information. An important development is the use of single molecule
techniques to analyse rare events against the background of the population of
molecules [22]. We consider only soluble proteins (although significant progress has
been made in the field of membrane protein folding in recent years, the experimental
challenges involved remain considerable [23]). More detailed reviews of folding
and misfolding, and the techniques used to study them, can be found elsewhere
[24, 25].

1.2 The Unfolded Ensemble Under Native Conditions

Proteins sample many states at equilibrium, including partially folded, disordered
and unfolded species. High-energy species are populated to a low extent, however,
and unfolded states of globular proteins have mostly been accessed by altering
the solution conditions so as to preferentially stabilise unfolded states by tem-
perature, denaturant or pH [26, 27]. How these denatured states relate to the
unfolded states that the protein visits under conditions that favour folding (at
physiologically relevant pH, temperature and solution conditions) is also beginning
to be understood [27]. A complementary approach is to mutate or chemically
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modify proteins so that the native state is significantly destabilised under ambient
conditions [28, 29]. An emerging theme is that unfolded proteins are not simply
random coils, but are often compact, containing residual or transient structures that
may represent the starting points for folding [21]. The importance of unfolded
states has been highlighted by the increasing realisation that many proteins are
unstructured in their active states. These “natively unfolded” or “intrinsically
disordered” proteins have many functions and are especially common in binding
and signalling systems [30]. Many natively unfolded proteins can fold into a
specific structure upon binding to their ligands, and the mechanisms by which this
occurs may be informative for understanding folding in general. In addition, many
amyloid-forming or aggregation-prone proteins are disordered in their monomeric
solution states [17]. These include the short peptides such as amyloid beta .A“/ –
involved in Alzheimer’s disease – and the type 2 diabetes-associated islet amyloid
polypeptide (IAPP). Larger, intracellular proteins such as ’-synuclein and the N-
terminal region of huntingtin, which are involved in Parkinson’s and Huntington’s
diseases, respectively, are also unstructured in vitro. For these proteins, the absence
of a defined globular structure is presumably important for their function, but it also
allows them to access more easily aggregation-prone conformations that cause the
pathologies associated with these proteins.

Solution NMR spectroscopy can provide detailed information at atomic resolu-
tion on unstructured proteins [21, 31, 32]. Although classical structural parameters
such as long-range nuclear Overhauser effect (NOE) distance restraints cannot be
observed for most unfolded proteins, chemical shifts, nuclear relaxation properties
and residual dipolar couplings can provide significant structural information. These
methods have been used to observe residual or transient structure in unfolded
proteins that fluctuates on a picosecond to millisecond timescale, at the level of
individual residues [33]. The transient nature of the species identified at equilibrium
provides information on the diversity of states within the unfolded ensemble.
Even in denaturant many proteins retain residual structure, observed through relax-
ation behaviour, proximity to paramagnetic moieties or residual dipolar couplings
[26, 34, 35]. In the absence of denaturant, two strategies have been used to study
unfolded states: either sensitive detection of rare states from within the native
ensemble, or disruption of the native state by mutation. Single molecule fluores-
cence techniques have been particularly successful at observing rarely populated
unfolded molecules [22]. This method can be used to monitor the amplitudes
and timescales of distance fluctuations in unfolded states via Förster resonance
energy transfer (FRET), promising very detailed descriptions of conformational
fluctuations, although only a limited amount of information can be gained from
a single experiment [22, 36, 37]. Studying severely destabilised variants of proteins,
from which key core contacts have been removed by mutation, is a complementary
method [28,29]. Since these variants populate unfolded ensembles to a much higher
extent, more mainstream structural techniques, in particular the NMR experiments
described above, can be applied to gain a rich array of information [28, 29].
However, as with all mutational studies, the results need to be interpreted with
caution, in case the mutations disrupt the folding landscape to too great an extent.
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At high denaturant concentration, proteins behave like random coils or simple
polymers, whose hydrodynamic radius is dependent on their length and degree
of solvation. However, as denaturant is removed, polypeptides populate an array
of more compact structures, the nature of which is more sequence dependent.
These structural features may contain native-like or non-native contacts and are
often only formed transiently. Interpretation of data on unfolded states is therefore
best achieved by considering ensembles of structures that represent the data,
rather than attempting to imagine a single dominant conformation. These residual
structures have been observed in several proteins [32]. The presence of residual
structure in unfolded ensembles determines the starting point for folding, and may
direct the protein to fold towards its native state; alternatively, they may impede
the folding process [2]. Although conformational conversions between unfolded
conformations are assumed to be rapid by funnel-shaped landscape models [3],
a recent intriguing study based on exhaustive simulation data suggests that unfolded
states are kinetically isolated and may actually interconvert most readily via the
native state [7].

1.3 Folding and Misfolding Intermediates

Transiently populated, partially folded species are ubiquitous on folding energy
landscapes, and describing their properties is crucial in order to understand the
folding and misfolding of proteins. Transition states and intermediates on folding
pathways serve as gateways and junctions for different routes through the energy
landscape, defining the likely conformational states that can be visited en route to the
native state. Stable or metastable intermediates have been observed in an increasing
number of small proteins, including some previously thought to fold via a two-state
process, suggesting that landscape ruggedness is a ubiquitous feature of the folding
of even small, simple proteins [38].

Detailed structural analysis of intermediates is difficult because of their transient
nature and conformational dynamics, and this problem is exacerbated in the
case of transition states, which by definition have a vanishingly short life span.
Intermediates and transition states can be detected by kinetic methods. Much
of the structural knowledge of these states comes from the ˆ-value analyses of
small proteins, whereby the effects of mutations on folding kinetics are interpreted
in terms of changes in stability, and hence, structure of transient states [39].
Recently, more adventurous ˆ-value analyses have been used to investigate the
structural determinants of mechanical stability [40], to examine the folding of
repeat proteins [41] and to monitor solvation and core packing [42]. Although
ˆ-values are relatively crude measures of structure, they can be used to restrain or
test molecular dynamics simulations, which can reveal models of transient states
in atomistic detail [20]. ˆ-values obtained from continuous-flow and stopped-
flow kinetic measurements of the folding of the bacterial immunity protein Im7
allowed calculations of the structures of Im7’s on-pathway intermediate and two
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transition state ensembles [8]. Meanwhile, ab initio calculations have been used
to simulate the entire folding pathway of the 40-residue protein NTL9 over a
millisecond timescale, and the folding trajectories compared with experimental
data [43]. These computational methods allow previously invisible or ambiguous
interactions to be identified, which in turn suggest further experimental work, and
can help identify patterns between different proteins. Simulations of many folding
trajectories uniquely allow important structural intermediates and metastable states
to be identified that are invisible to experimental approaches. These include very
early collapsed species, which direct the initial stages of folding, and high-energy
intermediates that are kinetically invisible [7].

Solution NMR techniques can reveal atomic resolution information about inter-
mediates that are visited at equilibrium. Hydrogen exchange kinetics report on
the hydrogen bonding and solvent accessibility of exchange-labile hydrogen atoms
within a protein, and are particularly sensitive to the presence of secondary structure
elements [44]. Hierarchical unfolding of subdomains (known as “foldons”) of
cytochrome c has been described in great detail [45]. In some cases, it is possible
to correlate dynamics measured by hydrogen exchange with specific folding
intermediates, as described for Im7 [46]. Alternatively, folding and hydrogen
exchange kinetics may report on different parts of the energy landscape, as is the
case for the ribosomal protein S6 [47]. Another method that has allowed partially
folded species to be observed is relaxation dispersion NMR, which allows the
presence of “invisible” species populated to <1% at equilibrium to be detected
via their effect on the relaxation of NMR signals [48]. Chemical exchange on the
timescale of an NMR experiment (typically milliseconds) causes line broadening
in the spectra, and precise quantitation of this effect allows information about the
structure and dynamics of the non-native species to be extracted. This effect was
first used to discover a hidden intermediate in the folding of an SH3 domain and the
chemical shift changes between the native and intermediate states used to restrain
a molecular dynamics simulation to generate an all-atom model of the intermediate
ensemble [49]. Finally, a recent approach using flash-freezing and solid-state NMR
(ssNMR) offers the opportunity to gain high-resolution information on freeze-
trapped intermediate states of even fast-folding proteins [50].

An alternative approach to observing intermediates is to use single molecule
techniques to detect species that are obscured by ground states at equilibrium. Single
molecule FRET has been used to measure distance distributions of many individual
proteins to build up a description of the protein’s folding energy landscape [22].
At least in theory, these techniques allow transitions of individual molecules to
be characterised. However, the extremely rapid timescales of these events present
a formidable technical challenge. Recent progress by Eaton and co-workers has
determined an upper time limit for these transitions of 200 �s for the protein GB1
immobilised on a surface, which is 10,000 times faster than the average folding
time [51].

The soluble, globular form of a protein may be dramatically different from
its conformation within an amyloid fibril. Understanding the structural transitions
between these two states, therefore, requires that the intermediates and transition
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states on the pathway to the misfolded state are characterised. Folding intermediates
may be a crucial part of the process, as they may be aggregation-prone themselves,
or have the conformational flexibility needed to access the direct precursors for
amyloid formation [19, 25]. Understanding a protein’s folding mechanism can
therefore provide a gateway to studying the transient states that link the folding
and aggregation regions of the protein’s conformational energy landscape (Fig. 1.1).
Such intermediates were first observed in mutants of lysozyme [52] and have now
been characterised for several proteins [25, 53, 54]. A well-studied example of such
a state is a folding intermediate of “2-microglobulin .“2m/ containing a non-native
trans proline bond at position 32. Population of this species correlates with the rate
of amyloid elongation, suggesting that this conformation is a gateway to further
misfolding or oligomerisation [55]. Amyloid formation by “2m under physiological
conditions can be initiated by Cu (II) binding to a species that has the same trans
proline residue [56]. This conformation may be a useful target for drugs designed
to prevent dialysis-related amyloidosis, which is caused by deposition of “2m.
This knowledge-based drug development is exemplified by attempts to prevent
amyloidosis of the human protein transthyretin (TTR), which is associated with
familial amyloid polyneuropathy [53]. The folding and misfolding landscape of
TTR is well characterised, enabling drugs to be designed that stabilise the native
tetramer of TTR, thus preventing amyloidosis. These compounds are among the
first drugs for amyloid disease in clinical trials [53].

1.4 Protofibrils, Oligomers and Toxicity

For a protein to aggregate, molecules in an aggregation-competent conformation
must encounter one another and form oligomeric species that eventually grow into
large assemblies such as amyloid. Although amyloid fibrils have long been associ-
ated with disease, it is not clear how the mature fibrils contribute to the pathogenesis
of amyloid disorders [17]. A turning point was the observation that progression of
Alzheimer’s disease correlates with the concentration of soluble, oligomeric forms
of the 42-residue isoform of the amyloid beta peptide .A“42/, rather than levels of
amyloid plaques [18]. Soluble oligomers, also known as protofibrils, have since been
implicated as toxic species in several amyloid diseases, although the precise roles of
fibrils and oligomers in the progression of disease remain unclear. A wide array of
oligomeric species is formed by different proteins, which populate a heterogeneous
array of oligomeric species depending on the experimental conditions. Structural
information about these oligomers is limited by their heterogeneity and dynamic
behaviour, and characterising these species is an important future challenge for the
field. An important observation is that toxic, soluble oligomers formed from several
different proteins are recognised by a conformation-specific antibody, called A11,
suggesting a common underlying structure and, possibly, mechanism of toxicity
[57]. Electron paramagnetic resonance (EPR) measures the mobility of nitroxide
spin labels and their proximity to one another. The behaviour of a spin label
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attached to A“40 has been shown to vary between fibrils and two different oligomeric
states, supporting the theory that A11-reactive oligomers have a distinctly different
structure to both other oligomeric species and mature fibrils [58].

New experimental methods are allowing transiently populated oligomeric species
en route to amyloid formation to be characterised. An important development
is the use of ion mobility mass spectrometry to resolve and measure the mass
and conformational properties of pre-amyloid oligomers. This technique relies on
separation of ions in the gas phase, based on their mass, cross-sectional area
and charge, and allows mass spectra to be deconvoluted. Diverse populations
of oligomers have been observed during the fibrillogenesis of A“ [59] and “2m
[60], and distinct species of monomeric IAPP have been identified by similar
methods [61]. Importantly, the time resolution of these experiments allows the
dynamics of these species to be studied: mixing samples of 14N- and 15N-labelled
protein at different stages of oligomer formation and monitoring the rate of their
interconversion [60]. Atomic resolution structural data on oligomeric intermediates
is difficult to obtain, but an ssNMR investigation into the structure of a neurotoxic,
spherical intermediate formed by A“40 showed that the peptide had a conformation
very similar to that found within mature fibrils [62].

Alongside experimental observations of the process of amyloid formation,
simulations and modelling are increasing our understanding of these processes.
A range of computational techniques have been applied to the study of protein
aggregation, from mathematical approaches that model the entire population of
species [63, 64], through coarse-grained simulations of many peptides interacting,
to atomistic simulations of the precise nature of the aggregation process [65].
As in the case of folding intermediates, the combination of experimental and
computational data is greatly increasing the depth of understanding of these systems.
Computational methods can report on the entire population of misfolding molecules,
without the ambiguity inherent in the low-resolution ensemble methods by which
these processes are followed. The mechanisms involved in the initiation of amyloid
fibril formation and their subsequent elongation remain poorly characterised at a
molecular level. Future investigations using the techniques described above, as well
as further method development, should continue to increase our knowledge of this
important research area.

1.5 Amyloid Structure

Through an electron microscope, amyloid fibrils formed from a wide variety of
structurally diverse proteins look remarkably similar: they are long, unbranched,
straight structures with a periodic twist and are usually around 10-nm wide
[17]. Combined with their common cross-“ architecture, revealed by X-ray fibre
diffraction [66], and the observation that almost any protein can form amyloid
under suitable conditions [67], the structural similarity in amyloid fibril archi-
tecture suggests that amyloid may be a universal alternative conformation for all
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polypeptides [17]. However, closer examination of the structure of fibrils formed by
different proteins by ssNMR and cryo-electron microscopy (cryo-EM) has revealed
a diverse array of architectures and organisation of the “-strands, even among fibrils
formed from the same polypeptide sequence [68–70], leaving open the question
of how similar amyloid fibrils really are at the atomic level. Since they are large,
non-crystalline aggregates, amyloid fibrils are intractable to either conventional
X-ray crystallography or high-resolution studies by solution NMR. However, recent
developments in these techniques, as well as in ssNMR and cryo-EM, have now
provided detailed structural models of several amyloid fibrils [71–75]. Further
insights can be obtained from other spectroscopic methods, particularly EPR [76]
and infrared (IR) spectroscopies. IR is particularly useful in the study of amyloid
fibrils and their precursors, since it is sensitive to changes in “-sheet structure [77].
Many amyloid fibrils have a distinctive strong peak in the amide I band around
1;620 cm�1, which can be used to follow the formation of ordered “-sheet structure
[78]. Isotopic labelling with 2H, 13C or 18O alters the resonance frequencies of bonds
and can be used to increase resolution within samples. Developments in 2D IR [77]
and in the specific isotopic labelling of proteins [79] hold significant promise in this
field, as described elsewhere in this volume.

Cryo-EM methods allow the direct visualisation of individual amyloid fibrils.
Reconstructions of amyloid fibrils from different proteins have revealed substantial
variation from the simple ladder cross-“ models once envisioned [68]. Although
EM reconstructions of amyloid fibrils do not yet approach atomic resolution,
mainly due to the inherent heterogeneity of the samples, the details of the fibril
architectures revealed are beautiful, fascinating and perplexing in equal measure.
For example, the diversity of amyloid architectures observed in fibrils of “2m [68]
and A“ [69, 70], even within a single sample, suggests that fibril conformations are
sensitively balanced and affected by many factors. Hydrogen exchange kinetics can
be used to monitor solvent exposure and hydrogen bonding in amyloid fibrils [80].
Although the fibrils themselves are not amenable to direct analysis, the exchange
reaction can be quenched and the fibrils dissociated using aprotic organic solvents.
This maintains the exchange patterns of individual residues, which can then be
analysed by mass spectrometry or solution NMR. These two detection methods
are complementary: MS providing information about populations of molecules,
while NMR can supply residue-specific information. The structured cores of several
amyloid fibrils, as well as pre-fibrillar oligomers [81], have been mapped in this
way, and the exchange kinetics have been interpreted as representing dynamic
recycling of molecules from fibril ends [82]. EPR measurements can also provide
information about the local structure and dynamics of spin labels introduced
into amyloid fibrils. The structured regions of amyloid fibrils formed from “2m
were mapped by measuring spin label mobility and thiol accessibility, and the
presence of spin–spin interactions suggested a parallel, in-register structure for these
fibrils [83], in common with other fibrils created from unrelated protein sequences
[73, 74, 76].

An important development in recent years has been the determination of the
first atomic resolution structures of amyloid fibrils. X-ray crystal structures of
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several short peptides in an amyloid-like conformation have been solved [71, 72].
Microcrystals with needle-like shapes were selected from solutions, which also
encouraged the growth of amyloid fibrils. Their structures revealed precise confor-
mations of different peptides that are consistent with subtle variations on the cross-“
architecture, including the arrangement of “-strands within and between the “-sheets
of the fibrils. Six out of eight possible topologies and multiple inter-sheet interfaces
have been observed in crystals and these data have been used to develop models
of other amyloid fibrils [72]. Although crystals of only small peptides have been
successfully grown using this technique, the information has provided an important
validation of previous models of amyloid fibrils based on the cross-“ architecture.

Solid-state NMR can, in theory, resolve molecular structures of amyloid fibrils
in great detail. However, spectral crowding means that the interpretation of spectra
is difficult and laborious, generally requiring many samples, isotopically labelled
at specific sites. Detailed models of A“40 [74] and IAPP [73] have been published,
which show stacked, in-register “-strands in a strand-turn-strand motif with tightly
packed cores. The fungal prion HET-s, the largest protein for which the structure
of an amyloid fibril has been determined, has a more complex solenoid structure,
where each molecule forms two loops, contributing two “-strands to each of four
“-sheets that run parallel to the fibril axis [75]. Although these structures represent
a major step in our understanding of amyloid structure, it is not yet clear how the
conformation of polypeptides within an amyloid fibril determines their overall gross
morphology, mechanical properties or any interactions the fibrils may make in vivo.
Correlating the wide array of structural information with biological effects remains
a major challenge for the future.

1.6 From the Test Tube to the Cell

Much of our knowledge of protein folding and misfolding has come from studying
pure, isolated proteins in vitro. However, the environment of a cell in which a newly
synthesised protein must fold is far more complex, and translating knowledge of a
protein’s folding mechanism in vitro into the context of cell remains a challenge
[84]. Experimental approaches and analytical tools are being developed to monitor
protein folding and misfolding in vivo. The cellular environment influences all
parts of a protein’s folding and misfolding landscape, from interactions of the
nascent chain with the ribosome on which it is synthesised, through binding to
chaperones and functional partners, to the eventual destruction of a protein by
regulated proteolysis. Figure 1.3 describes some of the states that a protein chain
can form within cells and displays the dynamic interplay of different factors in
maintaining cellular homeostasis.

The first interaction that a protein makes in the cell is with the ribosome on
which it is synthesised. Solution state NMR of ribosome-bound nascent chains has
been used to demonstrate formation of tertiary structure in domains still tethered
to the ribosome [85] and has shown that the nascent chain of an SH3 domain does
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Fig. 1.3 Proteins interact with many partners in the cell, which may influence their folding
and misfolding. After synthesis on ribosomes, proteins may interact with chaperones or binding
partners and may be targeted for degradation by the proteasome by ubiquitination (indicated by
“Ub”). Chaperones and disaggregases may prevent the formation of misfolded species, or perhaps
sequester toxic oligomers into inert amyloid fibrils

not fold until it has fully emerged from the peptide exit tunnel [86]. Many proteins
cannot fold efficiently alone and require the assistance of chaperones to reach their
native state [87]. The chemical modification of proteins by the covalent addition
of, among others, phosphate, sugars or even polyproteins such as ubiquitin plays
critical roles in their functions, and the consequences of these post-translational
modifications on folding have recently begun to be investigated in molecular detail.
Glutathionation of superoxide dismutase, for example, promotes dimer dissociation
and thereby increases amyloid propensity [88]. Direct observations of folding in
vivo are complicated by the difficulty of isolating signals from the protein of interest
from those arising from other cellular components. Specific fluorescent labelling
using dyes has allowed direct observation of folding and unfolding events within
cells [89], while proteins’ movements and interactions within calls can be readily
tracked using genetic fusions with fluorescent proteins [90]. Another challenge
for these studies is the difficulty of perturbing the protein’s environment without
damaging the cell. A novel method using rapid laser temperature jump in vivo
is one solution to this problem [91]. Solution NMR of labelled proteins within
living cells holds great promise in the study of proteins in their native environment,
including their dynamics and interactions with chaperones [92]. Initial results from
these techniques show that the broad conclusions from in vitro studies remain
valid within cells, but subtle differences may modulate the folding landscape in
important ways.
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Cells have a complex network of systems whose role is to maintain the
integrity of their proteins. The holistic function, termed “protein homeostasis” or
“proteostasis”, of these networks is beginning to be investigated [93]. Misfolding
diseases are increasingly being seen as caused by a failure of the cell’s proteostasis
machinery. However, the mechanisms of toxicity, or even the identity of toxic
species, involved with misfolding and amyloid formation are not clear. As protein
conformational diversity is revealed in more detail, and as new chaperones continue
to be identified, the challenge of integrating these data into a working model of
how proteins fold and misfold within cells becomes more complex [84]. A systems
biology approach to the folding and export of aggregation-prone proteins from
the endoplasmic reticulum has been used to rationalise the effects of destabilising
mutations on different model proteins [94], and these integrative approaches offer
a way to make sense of the ever-expanding array of information gained from an
increasingly diverse range of experiments.

1.7 Conclusions

Our knowledge of how proteins fold continues to expand. The folding energy
landscapes of many soluble proteins have been investigated in great detail through
a combination of the techniques described above, and structural and kinetic
information is now available for states which had previously resisted atomic
characterisation. Although great progress has been made, many areas remain to
be fully investigated. Open questions include the nature of unfolded states in
different proteins, the structural transitions that link folding and misfolding and the
mechanisms of toxicity in diseases of misfolding. The remainder of this volume
describes the contribution to this important and burgeoning field that is being made
using infrared methods that extend and complement the biophysical approaches
described here.
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Chapter 2
A Quantitative Reconstruction of the Amide I
Contour in the IR Spectra of Peptides
and Proteins: From Structure to Spectrum

Joseph W. Brauner and Richard Mendelsohn

Abstract The broad amide I band in the infrared spectrum of peptides and proteins
is accurately simulated with the coupled oscillator model of Miyazawa. Formulas
for modeling the geometry-dependent interactions between peptide groups needed
to reproduce the amide I contour for a peptide or protein of known structure are
given. The accuracy and utility of this approach are suggested through several
examples for which protein structure cannot be acquired by standard high-resolution
technologies.

2.1 The Approach to Simulation of the Amide I Contour

2.1.1 Introduction

Infrared spectroscopy (IR) has been used for over half a century to study protein
structure and ligand–protein interactions. The technique cannot provide the detailed
structural information available from high-resolution biophysical methods such as
X-ray diffraction and NMR spectroscopy. However, IR spectra do contain structural
information and data can be acquired from samples in physical states not amenable
to the high-resolution methods, for example, noncrystalline solids such as the
amyloid plaques of Alzheimer’s disease, thin films including monolayers at the air–
water interface, fibrous proteins such as collagen, tissues, and cells, and so on. In
addition, modern infrared techniques such as those reviewed in this volume permit
the elucidation of structural elements with high temporal resolution.

The most intense band in the mid-IR spectrum of proteins which can provide
useful structural information is due to the amide I normal mode of vibration which
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is mostly a peptide group carbonyl stretch with a minor C–N stretching contribution
[1–4]. The band appears in the spectral region between 1,600 and 1;700 cm�1. The
initial application of this band was primarily as an indicator of secondary structure
in homopolypeptides and specific spectral assignments were proposed [5–7].

The purpose of this chapter is to present a semiempirical method of simulating
the experimental amide I contour of a protein or peptide molecule whose atomic
coordinates are available. The idea for this method or its early implementation
did not originate with the authors of this chapter. However, we have managed to
refine the approach to the point where good agreement between the experimental
and simulated amide I contours has been achieved for a fair number of molecules
possessing a variety of structures.

Having to proceed from structure to spectrum may not appear to be, initially,
a great advance. Nevertheless, accurate simulation, first of all, requires that all the
spatially sensitive interactions between the peptide groups which produce the broad
amide I contour are accounted for and are correctly modeled. The details of this
modeling are presented in this chapter.

The mathematical results of an accurate simulation permit one to know the
contribution of every peptide group in the molecule to the amide I contour. Since the
structural motif to which the groups belong can be deduced from the structure, this
sheds light on the validity of the structure–frequency correlations, mentioned above,
which have had a wide variety of applications. For example, isotope editing of
peptide structures has been viewed as an experimental way to discover the spectral
contribution of specific residues in the molecule. Then, by way of the structure–
frequency correlations, the structural motif to which the residue belongs could
be revealed. The simulation method permits us to assess the correctness of this
procedure by being able to predict and interpret the spectral changes wrought by
these substitutions. Isotope editing will be discussed in this chapter. In this context,
we must consider how isotopic substitution affects the vibrational interactions
between substituted and unsubstituted peptide groups.

Finally, if a given starting structure has its amide I contour accurately calculated,
and the structure is changed by, say, a molecular mechanics simulation, then the
spectral changes could be predicted and compared to the actual spectra. We illustrate
this procedure in this chapter for the early stages of thermal denaturation of a
collagen model peptide. We now recount the path that led to the simulation method
presented in this chapter.

2.1.2 Historical Background

In 1950, Elliott and Ambrose [5] observed that the frequency of the amide I band
for polypeptides in the alpha-helix conformation was about 20 cm�1 higher than that
of polypeptides in the beta-sheet conformation. This observation led to the notion
that the broad amide I contour of globular proteins was due to a small number of
highly overlapped bands each arising from one of several structural motifs such as
coil or sheet and each at a unique frequency. The thinking was that the different
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interactions between peptide groups in different structures shifted the absorption
from the amide I frequency of a hypothetical isolated peptide group. Actually, group
theory indicated the infinite helix and the infinite pleated sheet to have multiple
amide I modes expected to vibrate at different frequencies. The magnitude of this
frequency splitting provides a sensitive test for theories of interaction.

In 1960, Miyazawa [8], in his pioneering approach, attempted to quantify the
frequency shifts with his “weakly coupled oscillator model” providing a basis for
a perturbation treatment on localized vibrations. In this description, the amide I
motion in each peptide group is represented by an oscillator having a common
unperturbed frequency. The coupling between the oscillators was ascribed to kinetic
and potential energy interactions through the valence bonds and the hydrogen
bonds connecting the peptide groups locked in a regular arrangement. Miyazawa
derived a frequency shift formula in terms of interaction constants and phase angles
between the oscillators for infinite, regular structures. No formulas for calculating
the interaction constants were provided.

The values of the constants were first obtained empirically by fitting observed
frequency shifts to the derived formula. The antiparallel pleated sheet structure
provided a useful test case. The amide I frequencies of an infinite version of this
structure were analyzed in terms of the normal modes of vibration of four peptide
groups in a unit cell consisting of two groups in one chain and two groups in an
adjacent chain. This model predicts one infrared inactive mode and three infrared
active modes. The IR and Raman spectra of a number of molecules exhibiting
this structure were obtained and the frequencies of the four bands were assigned.
However, it was impossible to arrive at a consistent set of interaction constants
for a number of different molecules. Normal coordinate calculations were then
undertaken in an effort to resolve this quandary [9].

2.1.3 Normal Coordinate Calculations

The Wilson GF matrix method of normal coordinate analysis [10] is a method
for solving Newton’s equations of motion for a system of coupled harmonic
oscillators. The oscillators represent atomic motions such as bond stretches, bond
angle changes, and dihedral bond angle changes, in which the center of mass of the
atoms does not move. The oscillators interact because they have atoms in common;
that is, the interaction is through valence bonds. The bond stretches, bond angle
changes, etc., form internal coordinates. The internal coordinates act like connected
springs.

The apparently chaotic vibrational motion of a molecule, if it could be directly
observed, is actually the sum of a number of orderly vibrations called normal modes
of vibration. Each normal mode is represented by a normal coordinate. A change
in a normal coordinate is a weighted sum of changes in a specific collection of
internal coordinates. A normal mode actually involves the motion of every atom in
the molecule moving in phase, but usually only a small subgroup of atoms has any
appreciable amplitude.
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To successfully undertake a normal coordinate calculation, the structure of
the molecule must be known. A nonlinear molecule with N atoms has 3N – 6
normal modes of vibration. This same number of internal coordinates must be
used. The G matrix is basically an inverse mass matrix where the geometry and
the masses of the atoms involved in a given internal coordinate are properly taken
into account. Standard formulas are available for calculating the G matrix elements
for various kinds of internal coordinates. The F matrix contains the force constants
of the internal coordinates and the force constants for their interactions. The force
constants in the F matrix must be estimated initially and then adjusted by trial and
error until agreement is reached between the calculated and observed molecular
frequencies. The set of force constants in the symmetric F matrix is called the
force field. The frequencies are calculated by diagonalizing the GF matrix product.
The frequencies are related to the eigenvalues and the contributions of the internal
coordinates to the normal coordinates are calculated from the eigenvectors of the
GF matrix product. For a globular protein with a thousand or more atoms, this is
almost an impossible task and it has not been reported, to our knowledge. There are
simply too many force constants to be estimated and refined.

A more tractable case is a highly regular structure such as an ’-helix or a
“-sheet. The force field of large regular structures is built up by piecing together
the force field obtained by analyzing fragments of the large structure. Even so the
classical normal coordinate calculation is a highly inefficient way of obtaining the
range of frequencies of the amide I mode in a polypeptide. If the molecule has
ten peptide groups and one hundred atoms then there will be ten amide I fre-
quencies out of a total of 294 normal mode frequencies. Furthermore, the classical
application of the method where interactions between the internal coordinates are
through valence bonds does not produce the observed range of frequencies of the
amide I mode. Through hydrogen bond interactions must be modeled as a CO
stretch–HO stretch interaction. But this too is not enough. Finally, through-space
transition dipole–dipole interaction must be modeled as a CO stretch–CO stretch
interaction. The transition dipole–dipole interaction is usually calculated in the point
dipole approximation. Transition dipole strengths and relative geometries must be
estimated [9].

2.1.4 Ab Initio Force Field Calculations

In this approach, quantum mechanics in the form of density functional theory is used
to calculate the force field needed in the F matrix of the GF matrix method instead
of trying to estimate the force constants and refine them by trial and error [11, 12].
The three-dimensional potential energy field of the molecule is calculated for an
energy-optimized molecular structure and the internal coordinate force constants
and their interaction force constants are calculated as second derivatives of the
potential energy field with respect to an internal coordinate or a pair of internal
coordinates.
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Even for relatively small structures, this is a computationally intensive exercise
requiring a supercomputer and days or possibly weeks of calculation time. Larger
regular structures are handled by piecing together the results for smaller struc-
tures. The calculation does not include through-space transition-dipole coupling
between the peptide groups, which must be added on in a somewhat ad hoc
manner.

2.1.5 The Modified GF Matrix Method

In the modified GF matrix method, the oscillators being coupled represent the
vibrations of one kind of normal coordinate as found from the classical application
of the GF method to a model molecule. For molecules of a polymeric nature such
as polypeptides or proteins, this normal vibration occurs at multiple locations in the
molecules of interest. Coupling vibrational modes of one kind leads to a much more
efficient frequency distribution calculation for that mode because the calculation is
narrowly focused. It is a higher level calculation because it subsumes a number of
structural details. However, it can only be applied to a mode that does not interact
with other modes.

Classical normal coordinate calculations carried out by Crawford and Fletcher
[13] for N -methylacetamide showed that the displacements of the methyl groups
are negligible compared to the motions of the CONH atoms of the peptide group
in the amide I mode. This suggested to Miyazawa that the amide I mode is highly
localized in a peptide group and it does not interact with modes outside of the group.
The six normal modes of the peptide group itself are orthogonal to each other and
do not interact. The independence of the amide I mode was restated by Torii and
Tasumi [14] who argued for an approximate amide I subspace within the complete
vibrational mode space of a protein molecule.

However, Miyazawa [8] realized that the amide I vibrations should interact
among themselves through a resonance phenomenon when they are connected by
valence bonds and/or hydrogen bonds. He estimated that the interaction should
be strong enough to cause a first-order perturbation to the natural frequency of a
hypothetical isolated peptide group in a polypeptide chain. Thus, he envisioned
a system of coupled oscillators. This approach is not unique in vibrational spec-
troscopy. For example, Snyder and Schachtschneider [15] effectively explained the
progression of methylene wagging mode bands observed for ordered crystalline
alkanes in terms of coupled oscillators of one kind. We have adopted Miyazawa’s
idea and have applied it to the simulation of the amide I contour of peptides
and globular proteins by providing formulas to calculate the geometry-sensitive
interaction force constants. In the method, the oscillators being coupled represent
the amide I motions of the individual peptide groups in a polypeptide or protein.
One simple harmonic oscillator represents each peptide group. Each oscillator has a
mass and a force constant. The motion of an oscillator is represented by a change in
its internal coordinate, which is a simple one-dimensional displacement coordinate.
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The displacement coordinates of all the peptide group amide I oscillators in the
molecule are taken to form an orthogonal set.

To use our approach, the structure of the molecule must be known. The realiza-
tion of the model then comes from completely listing and accurately calculating the
geometry-dependent interaction force constants between all the peptide groups in
the molecule. There are other interactions such as through-space transition–dipole
interaction, which must be taken into account.

The force constants of the oscillators and the force constants for their interactions
are placed in an F matrix. The reciprocal masses of the oscillators are placed
in a G matrix. The eigenvalues of the GF matrix product give the normal mode
frequencies of the system of coupled oscillators. The eigenvectors of the GF matrix
product give the contributions of the individual oscillators to each collective normal
mode. Thanks to modern, powerful software and high-speed personal computers, the
diagonalization of even large, unsymmetric matrices is trivial. Any needed ancillary
calculations are easily programmed and the approximations that marred the quality
of earlier simulations of the amide I contour can be avoided.

2.1.6 Constructing the G and F Matrices in the Coupled
Oscillators of One Kind Method

The details of matrix construction presented here are taken from the published work
[16–18] on the simulation of the amide I contour by the authors of this chapter. The
ideas of other researchers in this effort are commented on in context.

2.1.6.1 The G Matrix Elements

The inverse G matrix, G�1, in Wilson’s GF matrix method, relates the kinetic energy
of a vibrating system to the set of the time derivatives of the internal coordinates of
the system written as a column vector, S�, by

2T D S�tG�1S�:

In terms of Cartesian mass-weighted displacement coordinates [10], q1 D .m1/
1=2

x1; q2 D .m1/
1=2 y1; q3 D .m1/

1=2 z1; q4 D .m2/
1=2 x2, etc., the kinetic energy of this

system is given by:

2T D q�tq�:

Since the internal coordinate of an oscillator in the model being used here is just
the one-dimensional, unweighted displacement coordinate for that oscillator, then
the inverse G matrix, at this point, would be diagonal where the elements are the
masses of the respective oscillators. In our model, we assume no kinetic energy
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interactions between the oscillators. All of the interaction between the oscillators
will be confined to the potential energy regime. The inverse G matrix remains
diagonal. Then the G matrix is also diagonal where the elements are the inverse
masses of the respective oscillators.

This mass is taken to be the same for the oscillators representing all peptide
groups except for those groups where the nitrogen atom comes from a proline
residue or where the carbonyl carbon atom has been isotopically substituted by 13C.
We name the groups based on the name of the residue supplying the N atom. For Pro
groups, replacement of the hydrogen atom of the peptide group in the pyrrolidine
ring is modeled as increasing the mass of the oscillator. Likewise, a 13C substitution
in the carbonyl carbon atom increases the mass of the representative oscillator.

As explained below, in the subsequent calculations, the G matrix is multiplied
by the common mass of the oscillators. This makes the common diagonal elements
unity and the diagonal elements for Pro and 13C-substituted groups a number less
than one. The actual values used are given when specific cases are discussed.

2.1.6.2 The Diagonal Elements of the F Matrix

Before interactions between oscillators are taken into account, the F matrix diagonal
elements are the force constant, k, for the harmonic oscillator, which represents each
peptide group in a polypeptide or protein. This constant is taken to be the same for
all the oscillators in the molecule. The underlying assumption is that the electronic
structure of the peptide groups is the same before interaction. As explained below, in
the subsequent calculations, the F matrix is divided by the common force constant
of the oscillators. This makes the value of the diagonal elements unity prior to
interaction.

Interaction changes the independent vibrational frequency of an oscillator even
without changing its intrinsic force constant. By independent vibration frequency,
we mean the vibration frequency of an oscillator in a system of interacting
oscillators when all the other oscillators are held still. The independent vibration
frequency of a spring changes if it is connected to other springs as is made clear in
Symon’s [19] exposition of coupled oscillators.

The way to take this effect of interaction into account is to add the off-diagonal
elements in a given row into the diagonal element. This was not done in the work of
other researchers possibly because the off-diagonal elements are only a fraction of
percent of the diagonal element.

There is a second physical reason for modifying diagonal force constants
based on the effect of interaction on the intrinsic force constant of the oscillator
representing a group. It appears that a hydrogen bond increases the representative
force constant for the peptide group supplying the CO moiety. The group supplying
the NH moiety seems to be unaffected in this way. This is consistent with the minor
role of the NH in-plane bend and the major role of the CO stretch in the potential
energy distribution of the amide I normal mode of vibration. A similar observation
was made by Torii and Tasumi [14] who found it necessary to raise by up to 1.6%
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the diagonal force constant of peptide groups that have their CO bonds “pointing
toward the inside of “-sheets and for those belonging to some ’-helices”. We found
it necessary to add �10 times the through hydrogen bond interaction force constant
to the diagonal force constant of the peptide group supplying the CO or acceptor
moiety. The details of the calculation of the through hydrogen bond interaction force
constants are presented below.

A further diagonal force constant modification is required for multistranded sheet
structures. In our first simulation paper [16] on the anomalous amide I intensity
distribution of 13C-substituted peptides known to form antiparallel sheet structures,
we found it necessary to take the through hydrogen bond interaction force constant
to be about twice as large as that for similar molecules in the coil form. This
assumption was necessary to reproduce the �70 cm�1 splitting between the intense
low-frequency band and the much lower intensity high-frequency band seen for
these model peptides. The assumption was made even though the O: : :H distances
and the N–H; O–C angles are similar between sheet and coil structures. In our
second publication [17], we came to appreciate that there is another source of
interaction across hydrogen bonds, namely, a  �  interaction between   electrons
in the peptide groups. The hydrogen bonds serve to align the peptide groups laterally
over an extended range. It appears that the   electrons in the peptide groups can
become delocalized across the entire sheet, thereby coupling together the amide I
vibrations of the aligned groups. The strength of the interaction increases with the
width of the sheet. This interaction is not important in helices because the peptide
groups do not align as well as they do in sheet structures.

The effect is weak for a few strands, but if the molecules aggregate to form many-
stranded sheets then the effect becomes substantial. This result is consistent with the
findings of an ab initio study by Kubelka and Keiderling [11], which showed that
the separation between the low- and high-frequency bands in the amide I contour of
antiparallel sheet structures increases with the number of strands in the sheet.

The  �  interaction increases the force constant of the peptide groups supplying
the CO moiety in the hydrogen bonds connecting the strands in the sheet. The groups
supplying the NH moiety again seem to be unaffected in this way. The details of
the  �  interaction force constant are presented in the next section. We found it
necessary to add �10 times the  �  interaction force constant to the diagonal force
constant of the peptide group supplying the CO or acceptor moiety.

To summarize, the F matrix, in the subsequent calculations, is divided by the
intrinsic, common force constant for all the oscillators. This makes the diagonal
elements unity prior to interaction. Then the diagonal elements are modified by
two mechanisms as detailed above. First, interaction itself requires the off-diagonal
elements in a given row be added into the diagonal element. Second, the diagonal
element corresponding to an oscillator that supplies the CO moiety to a hydrogen
bond must have �10 times the corresponding through hydrogen bond interaction
force constant, which is also dimensionless, added to it. Also, if an oscillator is part
of a sheet structure involving more than two strands and it supplies the CO moiety
to an interstrand hydrogen bond then it must have �10 times its  �  interaction
force constant added to its diagonal element.
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2.1.6.3 The Off-Diagonal Elements of the F Matrix

The calculation of the off-diagonal elements of the F matrix as caused by various
geometry-sensitive mechanisms will now be considered. The formula for transition
dipole interaction is based on classical electrostatic theory. The formulas for through
hydrogen bond, through valence bond, and through hydrogen bond  �  interaction
have been arrived at empirically based on elementary physical considerations.
No detailed knowledge is claimed.

The empirical formulas were refined to obtain the best fit with the experimental
amide I band for a number of different peptides and proteins. Quantum mechanical
calculations may provide more exact formulas for an interaction based on a given
intergroup geometry, but the geometries between peptide groups in a globular
protein are quite variable. Furthermore, a number of assumptions and other sources
of error go into the simulation calculation. There is inherently a certain amount
of uncertainty in the atomic coordinates of an X-ray or an NMR protein structure,
especially in the peptide backbone loops connecting secondary structures. Hydrogen
atoms, an important member of the peptide group, are not generally determined
in X-ray structures and they must be located by assuming standard peptide group
geometry. Then for X-ray structures the crystal packing forces are released on
placing the molecule in solution. Solvation forces may become important and
may somewhat distort the X-ray determined structure. In addition, the solvent
for IR measurements, usually buffered D2O, interacts electrically with the surface
peptide groups of the molecule and this may have spectral effects. Fortunately,
these potential problems have not seriously materialized for the molecules we have
selected for amide I simulation and good agreement between experimental and
simulated amide I contours has been achieved. No doubt improvements can be made
in the empirical formulas given here, but because of the large number of and the
variability of the structural details in protein molecules progress may be slow.

2.1.6.4 Through-Space Transition–Dipole Interaction

The strong amide I absorption in the IR spectra of proteins is due to the
large transition-dipole moment of a peptide group in this mode of vibration.
The transition-dipole moment, a quantum mechanical integral and a vector quantity,
is proportional to .@�=@Q/0, the instantaneous rate of change in the electric dipole
moment of the group with respect to the normal coordinate for the amide I mode,
evaluated at the equilibrium value of the normal coordinate.

The large value of this derivative is rationalized by a charge-flux model [20]
based on resonance structures for the NCO subgroup. Normal coordinate analysis
shows that in the amide I mode the NC bond shortens, while the CO bond lengthens.
The bond length changes are correlated with electron pair shifts. The CO double
bond becomes a single bond as a pair of electrons goes onto the O atom, while a
pair of electrons moves off the N atom to make the NC single bond into a double
bond. Thus, the N atom acquires a positive charge as the O atom acquires a negative
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charge. In effect, electrons have flowed from the N atom to the O atom in one half
of the vibration cycle. The charge flow reverses in the second half of the cycle.
Altogether there is a substantial change in the dipole moment of the NCO group
in the amide I mode. The intermediate structure where both the CO and NC bonds
have partial double bond character is used to rationalize the planar geometry of the
peptide group.

The dipole derivative, @�=@Q, represents an oscillating electric dipole in a
peptide group due to its amide I vibration. Physically, the oscillating electric
dipole acts like an antenna that can broadcast and receive infrared radiation. The
communication is sensitive to the relative orientation of the two dipoles involved.
The through-space exchange of radiation between a pair of oscillating electric
dipoles causes their vibrational motions to interact. The interaction is represented
by a pair of off-diagonal force constants in the F matrix of the coupled oscillator
system. Every peptide group in the molecule participates in this kind of interaction
regardless of the structure in which it is located.

The oscillating dipoles can be regarded as quasistatic if the wavelength of their
radiation is much greater than both their physical size and the range of their effects
[21]. We take the physical size of the dipoles to be 2.2 Å, the distance between the
N and O atoms in a peptide group. The electric field of a dipole falls off inversely
proportional to the third power of the distance from its center. At a distance of 50 Å,
its field is negligible. The wavelength of 1;650 cm�1 radiation is 60,606 Å.

To arrive at an expression for a through-space interaction force constant, we first
calculate the total interaction potential energy of the system of dipole oscillators and
then differentiate the potential energy with respect to the pair of internal coordinates
for the oscillators involved. The internal coordinate of an oscillator in this model
corresponds to the normal coordinate of an amide I mode of a peptide group in the
classical theory. These internal coordinates are taken to form an orthogonal set in
the amide I subspace.

The potential energy of a collection of static dipoles, V , is the sum of all of the
pairwise interaction energies, Wij, where

Wij D pj � rˆi :

pj is the electric dipole moment of the j th oscillator and rˆi is the gradient of
the electric potential of dipole i at the location of dipole j . The oscillating electric
dipole in the amide I mode of a peptide group is due to a flow of electrons between
the N and O atoms, which are 2.2 Å apart. Therefore, dipole i of moment, p, is
located along a local z axis between Ca=2 and �a=2, where a D 2:2 Å, and its
potential expanded in the axial multipole expansion [21] as

ˆ.r; �/ D pP1.cos �/=r2 C pa2P3.cos �/=.4r4/ C � � �

Pi is the i th Legendre polynomial. r and � are the spherical polar coordinates of
the point at which the potential is evaluated in the local coordinate system. The
commonly used point dipole approximation for the interaction energy results from
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retaining only the first term in the expansion. This is a useful approximation when
a=r � 1, but for nearest or next nearest peptide groups in the chain or nearby groups
in other parts of the protein backbone this condition is not met. The approximate
interaction energy can be expressed as

Wij D pi � pj =rij
3 � 3

�
pi � rij

� �
pj � rij

�
=rij

5:

The first two terms in the expansion are kept as a refinement of the approxima-
tion. For axial symmetry in spherical polar coordinates, the gradient operator is as
follows:

r D ir@=@r C i‚ .1=r/ @=@�:

Then

Wij D pj � �
ir

��2pi cos �=rij
3 � pi a

2.5 cos3 � � 3 cos �/=2rij
5
�

C i�
��pi sin �=rij

3 C pia
2.�15 cos2 � sin � C 3 sin �/=8rij

5
��

:

The force constant for this interaction Fij D .@2V=@qi@qj /0 D .@2Wij=@qi@qj /0,
where qi is the internal coordinate of the i th oscillator and pi D f .qi /. Then

Fij D .@pi =@qi /0

�
@pj =@qj

�
0

uj �
h
ir

��2 cos �=rij
3 � a2.5 cos3 � � 3 cos �/=2rij

5
�

C i�
�
� sin �=rij

3 C a2.�15 cos2 � sin � C 3 sin �/=8r5
ij

�i
;

where uj is a unit vector along .@pj =@qj /0.
The units we use for the dipole derivative .@pj =@qj /0 are cm3=2=s, which are

equivalent to D Angstroms�1 amu�1=2 as usually used by other researchers. These
units result from taking q to be a mass-weighted displacement coordinate instead
of a simple displacement coordinate; that is, q has units of g1=2 cm. This choice
for the units of the dipole derivative results in the units of the force constant above
being 1=s2 instead of the proper units for a force constant of g=s2. Since in the
calculations the F matrix is divided by k, the force constant of an unperturbed
oscillator, which makes the diagonal elements dimensionless, the off-diagonal
elements must also be dimensionless. Therefore, we divide the above expression for
Fij by �0 D 4�2c2�

2

0 D k=m where �0 is the frequency of a hypothetical unperturbed
amide I oscillator. Generally, a value of 1;650 cm�1 has been used for �0. �0

has the units of 1/s and this makes the through-space transition–dipole interaction
force constants dimensionless. The formula for Fij is also divided by rp , taken to
be a dimensionless number, where p is some fractional power. This approach is
utilized to model the dielectric effect of the matter between the oscillating electric
dipoles. A value of p D 0:9 has been used for globular proteins and for sheet
structures.
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To facilitate the description of the calculation for Fij, we employ the concept of
a sending dipole, that is, the one whose electric field, rˆi , is being computed at
some point in space and a receiving dipole, that is, the one whose dipole moment,
pj , is interacting with the electric field of the sending dipole.

The starting point for these calculations is usually the PDB crystal coordinates of
the CON atoms in the peptide groups. Transformations back and forth between local
Cartesian coordinates, x, y, z, in the crystal and the crystal Cartesian coordinates
themselves, X, Y, Z, are made via a transformation matrix in terms of the Euler
angles, �; ˆ, and � [10, Appendix I]. Vector rotations are effected by varying
the Euler angle �, which describes rotation around a local z axis. The orientation
of the local z axis in the crystal coordinate system defines the Euler angles �

and ˆ.
The sending dipole is taken to be centered on the C atom of one peptide group

in the molecule. A 2.2 Å vector, which represents the oscillating electric dipole, is
extended out from the C atom along the CO bond of that peptide group and then
rotated 21ı off the CO bond away from the CN bond in the plane of the peptide
group. The normal to the plane which gives the orientation of the rotation axis is
found by crossing the CN bond vector into the CO bond vector. From the crystal
coordinates of the end of the transition dipole relative to the C atom, we calculate
the Euler angles � and ˆ since the dipole defines a local z axis with origin on the C
atom. The third Euler angle, �, is taken to be zero in constructing the transformation
matrix to be used subsequently.

The crystal coordinates of the end of the receiving dipole are found by a
procedure similar to the one for the sending dipole. The receiving dipole is then
backed up along itself so as to be centered on the C atom of the receiving peptide
group. The receiving dipole is broken into ten contiguous pieces of 0.22 Å each.
The Cartesian components of the length of a piece in the crystal coordinate system
are converted into the Cartesian components of its length in the local coordinates by
the transformation matrix based on the sending dipole. A vector from the center
of the sending dipole to the center of a piece of the receiving dipole has its
Cartesian components in the crystal system converted into the local system by the
same transformation matrix. From these components, the unit vectors ir and i� are
computed in the local system. These unit vectors which represent the longitudinal
and transverse components of the electric field of the sending dipole are used to
form a scalar product with a unit vector of the piece of the receiving dipole in the
local system, that is, uj � ir and uj � i� .

The length of the vector from the center of the sending dipole to the center of a
piece of the receiving dipole is r in the equation for Fij. Cos� can be calculated by
the ratio of the projection of the vector on the local z axis to itself. Sin � is calculated
from cos � by

p
.1 � cos2 �/ since � goes from 0 to 180ı. The interactions of the

ten pieces of receiving dipole with the sending dipole are added together to get the
total interaction force constant.

The rotation angle of the transition dipole off the CO bond of 21ı is for
nonproline-N-based groups. For trans-proline-N groups, the angle is taken to
be �7ı. For cis-proline-N groups, the angle is taken to be 2ı. The numerical values
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of the dipole derivative used in the various simulations to be described later will be
given then.

The reason for breaking the receiving dipole into ten contiguous pieces is the
interaction formula Wij D pj � rˆi pertains to the scalar product of two vectors at
a point in space. This implies that pj is a point dipole. However, we are using finite
dipoles and the electric field of the sending dipole varies in space. By breaking the
receiving dipole into smaller pieces, the variation of the electric field acting on the
receiving dipole is reduced.

The F matrix is symmetric; therefore, the interaction between dipoles i and j

is calculated only once. This avoids instabilities in the diagonalization of the GF
matrix product caused by discrepancies between the Fij and the Fji elements.

2.1.6.5 Through Hydrogen Bond Interaction

The normal coordinate calculations of Krimm and Abe [9] revealed that through
valence bond and through hydrogen bond interactions could not produce the
observed range of frequencies for amide I. Only transition dipole interaction was
able to give the observed range. Torii and Tasumi [14], perhaps influenced by the
observations of Krimm and Abe, neglected through hydrogen bond and through
valence bond interactions in their model calculations of the amide I band of globular
proteins. They limited the interaction considered to transition dipole coupling.

We found it necessary to include both through hydrogen bond and through
valence bond interaction in our simulations of the amide I contour. The resulting
interaction force constants are only a fraction of a percent of the diagonal force
constants, but for accurate modeling they cannot be neglected. More dramatic is
the effect that hydrogen bonding has on the intrinsic force constant of the group
supplying the CO moiety to the bond as discussed above.

The through hydrogen bond interaction like transition dipole interaction is
geometry sensitive. It depends on the C–O; H–N angle and the CO � � � HN distance.
Hydrogen atoms are not located in X-ray protein structures, but they are found in
NMR structures. When the locations are not supplied we have calculated them by
assuming a standard published peptide group geometry, namely, a N–H bond length
of 1 Å rotated 123ı off the N–C bond to form a trans-peptide group.

The hydrogen bonds between peptide groups are “moderately” strong and the
interaction is basically electrostatic, that is, a dipole–dipole interaction [22]. There
is no buildup of electron density between the O and H atoms. In our calculations, the
hydrogen-bonded pairs are found by a function that limits the CO � � � HN distance
to 2.6 Å or less and the C–O; H–N angle to 120ı or more. The through hydrogen
bond interaction force constant between peptide groups i and j is modeled by:

Fij D fŒ3 cos2.� � 116/ � 1	=d 3gs;

where � is the C–O; H–N angle in degrees and d is the CO � � � HN distance in Å.
The strength factor, s, is set to �0:011. The result is taken to be a dimensionless
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number. This formula was suggested by the equation for the axial component of the
electric field of a point dipole. The offset of 116ı was chosen empirically. It is close
to the 120ı angle between the unshared electron pairs on the carbonyl oxygen and
the CO bond in a simple Lewis model. The location of the center of electron density
on the carbonyl oxygen determines the orientation of the interacting dipole on the
acceptor moiety.

2.1.6.6 Through Valence Bond Interaction

Even though the methyl groups move relatively little compared to the CONH atoms
in the amide I vibration of N -methylacetamide, and these methyl groups correspond
to the ’ carbon atoms in a polypeptide chain, the ’ carbon atoms do move, and they
provide a strong connection between adjacent peptide groups in the chain. We found
it necessary to include a through valence bond interaction force constant in the F
matrix of our simulation model.

Each peptide group is separated from its neighboring group by an intervening
C’ atom, which is covalently bonded to the N atom of the first group and the
carbonyl C of the second group. The peptide groups themselves are generally planar.
The ‰; ˆ angles at a given C’ determine the relative orientation of the adjacent
peptide planes. Accuracy in the simulations requires two components to the bond-
electron-mediated interaction. These are a through 
-bond term that is constant and
a  �  component that depends on the relative orientation of the peptide planes.
We have used the following expression for the through valence bond interaction
force constant between peptide groups i and j ,

Fij D .0:00244 C 0:0151 cos �/ s;

where cos � is the cosine of the angle between the normal of the first plane and the
negative of the normal to the second plane. The normals are found by crossing the
CN bond vector into the CO bond vector of a group. The strength factor, s, was set
to 0.6. The result is taken to be a dimensionless number.

The interaction force constants generated by the through valence bond mecha-
nism are like the through hydrogen bond interaction force constant, only a fraction
of a percent of the diagonal force constant for a group, but they too cannot be
neglected.

2.1.6.7 Through Hydrogen Bond  �  Interaction

As mentioned in the discussion of diagonal force constant, many-stranded,
antiparallel “-sheet structures exhibit an �70 cm�1 splitting between the low-
and high-frequency peaks in their amide I contour. This large splitting does not
appear in the amide I band of most globular proteins because they do not have sheet
structures with more than a few strands.
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This large splitting suggests there is a special interaction in sheet structures that
is relatively weak, but becomes noticeable when the number of laterally bonded
chains becomes large. The lateral bonding in sheets is through hydrogen bonds.
Through hydrogen bonding has already been taken into account. What else could be
happening? It appears that the relatively coplanar and aligned peptide groups in the
sheet have a  �  interaction between the   electrons of the peptide groups. This
type of interaction is not important in other structural motifs such as coils and loops
because the peptide planes do not align as well in these structures.

We have used the following expression for the through hydrogen bond  � 

interaction force constant between peptide groups i and j ,

Fij D .cos �/2 .N � 2/1:2 s;

where cos � is the cosine of the angle between the normal of the first plane and the
negative of the normal to the second plane. The normals are found by crossing the
CN bond vector into the CO bond vector of a group. N is the number of chains
laterally bonded. The strength factor, s, was set to �0:0002. The result is taken to
be a dimensionless number.

2.1.7 Simulating the Amide I Contour

In constructing the G and F matrices, it is not necessary to individually specify the
mass and force constant of the common oscillator. Rather the diagonal G matrix
is multiplied by the common mass, m, and the diagonal elements of the F matrix
are divided by the common force constant, k. The new diagonal elements in the G
and F matrices are dimensionless. Thus, the GF matrix product has been multiplied
by m=k. The off-diagonal elements in the F matrix are fractions of the reduced
diagonal elements. Since m=k D 1=�0, where �0 D 4 2c2�2

0 , the eigenvalues of
the GF matrix product equal �i =�0, where �i D 4 2c2�2

i and �i is a normal mode
frequency. A value of �0, the frequency of the hypothetical unperturbed oscillator,
is chosen in the calculation of the transition–dipole interaction force constants.
The value of �0 affects the shape of the simulated band because it affects the value
of the transition–dipole interaction force constants.

Once the G and F matrices are constructed, the eigenvalues and the eigenvector
matrix, L, of the GF matrix product are found. The square root of the eigenvalues
multiplied by �0 gives the frequencies of the normal modes of the collection of
oscillators. It may be necessary to change the value of �0 somewhat at this point to
make the simulated band coincide with the experimental band. This does not alter
the simulated band shape; it merely shifts it along the frequency axis.

The intensity of each normal mode must now be calculated. First, weighted sums
of the Cartesian components in the crystal space of all the transition dipoles in
the molecule are computed. Recall that each transition dipole is represented by a
vector 2.2 Å long rotated by a certain angle off the CO bond in each peptide group.
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For a given normal mode, the weighting factors are the elements of the correspond-
ing row of the inverse L matrix. The i th row pertains to the i th normal mode and
the j th column pertains to the j th peptide group. This is made clear in appendix
VIII of Molecular Vibrations [10] where one finds S D LQ. S is a column vector
of internal coordinates, Q is a column vector of normal coordinates, and L is the
eigenvector matrix. On pre-multiplying both sides of this equation by L�1, we get
L�1S D Q. Following the rules of matrix multiplication, we see that a row of the
inverse eigenvector matrix, L�1, gives the contribution of each internal coordinate to
the normal coordinate, which corresponds to that row. In our model, this corresponds
to the contribution of the transition dipole on each peptide group to the resultant
transition moment for a given normal mode of the collective system.

The intensity of a normal mode is taken to be proportional to the sum of the
squares of these summed Cartesian components. If the transition-dipole strength
of a given group is different from that of the common group its Cartesian
components must be scaled by the ratio of its strength to the dipolar strength of
the common group. According to quantum mechanics, the intensity of a spectral
line is proportional to the square of the corresponding transition-dipole moment.

The spectral lines are then broadened by centering a lineshape function on
each line. Typically, we have used 70% Lorentzian and 30% Gaussian lineshape
functions with a common width parameter for both functions and for all the lines
of a given molecule. The width parameter is chosen to give the best fit between the
experimental and calculated amide I contours. The intensities calculated above are
amplitude factors in the lineshape functions. The simulated contour is the sum of all
the subbands so produced.

While the correct weighting factor for calculating the resultant transition-dipole
moment is .L�1/ij, the fractional participation of peptide group j in normal mode i

is given by Œ.L�1/ij	
2. The sum of the Œ.L�1/ij	

2 for a given row is 1.

2.2 Applications

In this section, we illustrate the usefulness of amide I simulation by considering
the insights it can supply when IR spectroscopy is used to study the structure or
behavior of peptides and proteins. First, we consider isotopic labeling which has
been anticipated to be a means of finding the amide I contribution of specific
residues in a polypeptide molecule, and of identifying the secondary structure in
which they are located. Isotopic labeling, however, in antiparallel sheet structures of
short peptide chains produces an effect called “anomalous intensity.” The origin of
anomalous intensity is then explored. The simulation of substituted sheet structures
is also used to show that the amide I contour can distinguish whether the chains
in amyloid peptides are packed in a parallel or antiparallel fashion. In addition, the
interaction and coupling of substituted and unsubstituted oscillators are considered.

Second, we consider predicting the spectral changes expected after structure
modification as a way of elucidating the mechanism of the thermal denaturation of a



2 A Quantitative Reconstruction of the Amide I Contour 33

collagen model peptide. Third, we use data mining based on accurate simulations of
the amide I contours of ribonuclease A and horse heart myoglobin to comment on
the validity of widely used structure–frequency correlations and on the meaning
of the new peaks bands generated by Fourier self-deconvolution of an amide I
contour. Finally, we consider how knowledge of the transition-dipole components
for each amide I mode of a protein can be used to determine its orientation at the
air–water interface. When this is done in the presence and absence of a substrate,
the orientations can indicate the location of the binding sites on the surface of
the protein. The transition-dipole components can be found from the mathematical
results of the simulation. These applications have all been described to some extent
in our published studies.

2.2.1 Isotopic Labeling

The spectral contribution of specific peptide groups in a protein to its amide I
contour or the secondary structure to which they belong cannot be gleaned from
the contour itself. Yet it is desirable to have this information in studies such as
protein folding, ligand, or substrate binding, and the formation of fibrous protein
aggregates. The substitution of 13C in the carbonyl of a peptide group is expected
to lower the independent amide I vibration frequency of that group. On treating the
CDO stretching mode as an isolated harmonic oscillator, a 37 cm�1 downward shift
is predicted.

In addition, substitution is expected to “decouple” the amide I vibrations of the
13C and 12C groups. That is, the 13C group should vibrate in a mode with very
little 12C participation. This is often the case but not because, as is revealed by our
model calculations, the interaction force constants between the two kinds of groups
have been changed. This is elaborated on below. Rather, the “isolation” of the 13C
oscillator results from its not responding to the unchanged interaction forces because
of its reduced independent vibration frequency. However, there is one case in which
there is substantial participation of 12C oscillators in a mostly 13C mode, namely, in
short-chain, substituted, antiparallel sheet structures with a large number of laterally
bound strands. The 12C participation gives rise to “anomalous” intensity in the 13C
mode, which is considered in Sect. 2.2.1.1.

It has been anticipated that isotope editing will reveal the original spectral
contribution of the substituted group and that the newly formed isolated oscillator
can act as a probe of the local secondary structure in which it finds itself [23].
One attempts to extract this information by subtracting the amide I bands obtained
before and after the substitution. However, as we showed in our second simulation
publication [17] the difference band does not unfailingly show the original and new
spectral contributions of the substituted group. Isotopic substitution does more than
shift the frequency of the affected oscillator. It disrupts the coupling patterns of other
oscillators that existed before the substitution and one could see the bizarre result
that intensity disappears from a lower frequency and appears at a higher frequency in
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the difference spectrum. In this case, the peak positions in the difference spectrum
obviously do not indicate the original and new contributions of the group to the
contour. This was the simulation result [17] obtained by substituting peptide group
52 located in helix 3 of ribonuclease A.

One seems to fare better when substitutions are made in sheet regions of a protein
molecule possibly because in the relatively open sheet structure the substituted
oscillator is less coupled to other groups. Thus, simulation of isotopic substitution in
peptide group 80 located in a sheet region of ribonuclease A produced a difference
band that closely matched the original and new spectral contributions of the group.

Substitution in the extended beta-sheet conformation has been observed to pro-
duce new, readily observed bands from 1,615 to 1;584 cm�1. The actual frequency
shifts and intensity changes depend on a number of factors such as whether the
substitutions are single or multiple, the location of the substitutions in the chain,
the spacing between multiple substitutions in one chain, the length of the chains,
and whether the strands join in the parallel or antiparallel conformation. The new
low-frequency, observable bands are good evidence that the substitution was made
in a sheet region. Unexpectedly high intensity in these bands tells us that the sheet
structure consists of many strands laterally bound together in an antiparallel fashion
as is explained in the next section.

Substitution in group 52 in helix 3 of ribonuclease A (Fig. 2.5 in [17]) also
produces a low-frequency band at 1;610 cm�1, but this new band was not manifest
in the difference spectrum. The reason for this is simply that the substitution of one
group in a protein produces a very small change in the amide I contour. The spectral
changes caused by disruptions of the coupling patterns in the unsubstituted molecule
can easily mask the spectral changes due to the substituted oscillator itself.

2.2.1.1 Anomalous Intensity Distribution in the “-Sheet Conformation

When peptides known to exist in the “-sheet conformation are isotopically sub-
stituted with 13C in their peptide carbonyls, some intensity of amide I in the
strong low-frequency peak at around 1;621 cm�1 disappears and a new band at
1;610 cm�1 or as low as 1;584 cm�1 appears. Often, the new lower frequency band
has a greater area than expected on the basis of the number of substitutions made.
The larger than expected intensity is referred to as “anomalous.” We investigated
this phenomenon in our first publication [16] on the simulation of the amide I
contour. The experimental contours of three isotopically substituted versions of a
simple hydrophobic peptide, K2.LA/6, known to form an intermolecular antiparallel
“-sheet in methanol solution were obtained. These substituted peptides showed
substantial anomalous intensity.

In simulating the contour for these short-chain peptides, we took the through
valence bond and through hydrogen bond interaction force constants to be constants.
This was possible because a regular, antiparallel, two-stranded sheet generated from
the coordinates supplied in Fraser and MacRae [24] was used to model the peptides
in solution. However, we made the through hydrogen bond interaction force constant
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for the two-stranded sheet model twice that used for the helical K2.LA/10 peptide,
even though the CO � � � HN distances and the CO, HN bond angles are similar in the
two conformations. The importance of  �  interactions between laterally bonded
peptide groups was not appreciated at that time.

Recently, we obtained an improved fit for the K2LA�LA�.LA/4 disubstituted
peptide by using the simulation method as described in this chapter, which includes
 �  interactions. Figure 2.1a depicts our original comparison of experimental and
simulated amide I spectra for this molecule. The vertical lines represent intensities

Wavenumber / cm-1 Wavenumber / cm-1

simulation 
expt‘l

simulation 
expt‘l

Wavenumber / cm-1

K2LA*LA*(LA)4
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c

Fig. 2.1 (a) Experimental (solid line) and simulated (dashed line) spectra of the amide I
.1;580–1;720 cm�1/ region for K2LA�LA�.LA/4. Intensities of the components generated from
the model are represented by vertical solid lines at the calculated frequencies. The dashed contour
is generated by broadening each component as a 30% Gaussian–70% Lorentzian function with 6 or
7 cm�1 full width at half height. (b) Experimental (solid line) and simulated (dashed line) spectra
of the amide I .1;580–1;720 cm�1/ region for K2L�A�.LA/5. Intensities of the components
generated from the model are represented by vertical solid lines at the calculated frequencies. The
dashed contour is generated by broadening each component as a 30% Gaussian–70% Lorentzian
function with 8 or 10 cm�1 full width at half height. (c) Ability to distinguish antiparallel from
parallel “-sheets in a labeled peptide. Simulations of an antiparallel “-sheet (40 antiparallel strands
of 14 residues each) in the amide I .1;580–1;720 cm�1/ region for K2LA�LA�.LA/4 (solid line)
are compared to the parallel “-sheet 40 strands of 14 residues each. The origin of the intense
1;600 cm�1 component in the the antiparallel structure arises from  �  interaction as discussed
in the text
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of amide I components calculated from the model at the corresponding frequencies.
The lines are broadened as discussed above. The interesting feature of this spectrum
(the molecule is known to be in the “ form) is the anomalously large intensity
at 1;611 cm�1. As shown by comparison of Fig. 2.1a with Fig. 2.1b, shifting the
position of the second label by one residue doubles the intensity of this low-
frequency feature. However, as noted above, to achieve this fit required a doubling
of the through H-bond interaction force constant for the two-stranded sheet model to
twice that used for the helical K2.LA/10 peptide. This was difficult for us to justify
on physical grounds.

To achieve a similar quality of fit with H-bond interaction constants calculated
by the formula given in Sect. 2.1.6.7, we used a molecular model consisting of a
40-strand sheet with 13 peptide groups per chain. The same standard antiparallel
geometry as in our first effort was used [24]. A 40-strand sheet was necessary to
reproduce the observed >70 cm�1 split between the high- and low-frequency peaks
in the amide I contour. The  �  interaction is inherently weak, but becomes strong
when many “ strands are laterally hydrogen bonded together. The other interactions
as calculated by the given formulas will not by themselves produce the broad peak
separation seen in the contour of many “ peptides.

The inverse L matrix produced by this simulation shows that the anomalous
intensity in the predominantly 13C modes is due to the substantial participation
of 12C oscillators. This is the same conclusion we reached in our first effort.
The reason for the unexpected 12C participation in 13C modes is discussed in
Sect. 2.2.1.2.

2.2.1.2 Amyloid-Peptide Packing Models

Whether the chains in “-amyloid fibrils pack in a parallel or antiparallel fash-
ion can help resolve proposed mechanisms for their formation from properly
folded proteins. However, conflicting conclusions have been reported for differ-
ent model peptides. Halverson et al. [25] studied the nine amino acid peptide
“34–42.H2N–Leu–Met–Val–Gly–Gly–Val–Val–Ile–Ala–CO2H/, which represents
the carboxyl terminus of the amyloid-forming protein of Alzheimer’s disease. The
peptide resembles the native protein in its insolubility and cross “-fibrillar structure.
FTIR analysis of the “34–42 fibrils was interpreted as indicating a predominantly
antiparallel “-sheet structure. Seven 13C carbonyl singly labeled analogues of this
peptide were also prepared and their films analyzed by FTIR. All but the N-terminus
group labeled peptide gave an anomalously intense 13C band located between 1,605
and 1;615 cm�1.

Paul and Axelson [26] obtained amide I contours of the amyloid protein A“40

in a fibrillized state by evaporating a solution of the incubated polypeptide onto an
internal reflection crystal. The amide I bands of two singly 13C-substituted versions
of this molecule were also obtained. On the basis of a blue-shifted 12C band and what
they regarded as a disproportionately strong red-shifted 13C band, they concluded
that the chains packed in a parallel fashion. The disproportionate strength of the
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13C band was attributed to the proximity of the 13C groups in the in the fibrils
formed from the substituted molecules. However, the spectrum of the unlabeled
molecule has a strong amide I0 peak at 1;624 cm�1 and a high-frequency shoulder at
1;685 cm�1 which Torii [27] points out is considered to be a marker for antiparallel
packing. Our simulations [17] confirm that only the antiparallel chain packing gives
rise to a high-frequency peak.

Tycko and coworkers [28] synthesized a 40-residue amyloid peptide. They used
multiple-quantum, solid-state NMR to show that this peptide packs in a parallel
chain structure.

To see how chain packing affects the amide I contour of substituted, short-chain
peptides, we calculated (Fig. 2.1c) the band for the disubstituted K2LA�LA�.LA/4

peptide in the parallel configuration. The good match (compare Fig. 2.1a, c) between
the experimental and simulated contours when antiparallel packing was assumed,
as noted previously, gives us confidence that the molecule does indeed pack in an
antiparallel form in methanol solution and that the simulation parameters are correct.
The model parameters were kept the same for the two structures, only the geometries
differed.

As is clear from Fig. 2.1c, there is a dramatic difference between the calculated
amide I contours of the two forms. The antiparallel sheet gives rise to an extremely
intense 13C band at 1;606 cm�1 matching that in the experimental contour, while
the 13C band at 1;580 cm�1 for the parallel sheet model has no anomalous intensity
whatsoever. The 12C band for the antiparallel sheet at 1;628 cm�1 is much broader
and more structured than the 12C band at 1;631 cm�1 for the parallel sheet. The
calculated contours also show a high-frequency peak at 1;665 cm�1 for the parallel
form and at 1;685 cm�1 for the antiparallel form.

If we refer to a line of trans-chain hydrogen-bonded peptide groups in the sheet
as a row then there are two rows in the parallel form, which contain only substituted
groups. There are four rows in the antiparallel form that contain substituted groups
alternating with unsubstituted groups. The inverse L matrix shows that the low-
frequency modes at 1;580 cm�1 for the parallel form come from 13C groups almost
exclusively. For the antiparallel sheet structure, the inverse L matrix shows that the
13C modes at 1;606 cm�1 have about a 28% contribution from 12C oscillators. One
mode at 1606 cm�1 which has 33% of the total contour intensity has 56 oscillators
with a contribution of 1=2% or greater to the mode. Of these 56 groups, 14 are 12C
groups. The 12C groups active in the mode are situated between two 13C groups
in a row. The 13C group that supplies the CO moiety to an active 12C oscillator
has a larger contribution to the mode than many of the other 13C oscillators. These
combinations are located in rows near the middle of the sheet.

Even though there is a mismatch in the independent vibration frequencies
between the two kinds of oscillators only because of the mass difference, the
geometry of the antiparallel sheet and the strong interaction force constants elicit the
participation of the 12C groups in the 13C low-frequency modes. The participation
of 12C groups in the low-frequency 13C modes does not occur in the parallel chain
conformation. Moreover, the participation of 12C groups in the low-frequency 13C
modes of the antiparallel form causes their red shift from the low-frequency 12C
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peak to be considerably less than the corresponding red shift of the pure 13C modes
of the parallel form.

When the chains are 40-residues long, disubstitution does not result in dramatic
anomalous intensity for the antiparallel structure. There is reduced participation
by 12C groups in the low-frequency 13C modes. The parallel structure for these
longer chains gives no anomalous intensity at all. Again, the separation between
the low-frequency 12C and 13C modes is similar to that noted for the 14-residue
chains. However, when six substitutions are made in a 40-residue chain as, for
example, the six glycines in Tycko’s 40-residue amyloid peptide, then once again
there results considerable anomalous intensity for the antiparallel packing, but none
for the parallel sheet. The separations between the low-frequency 12C and 13C modes
continue to be much larger for the parallel packing. The coupling of 12C oscillators
into largely 13C modes causes their red shift to be considerably less than that seen
for practically pure 13C modes.

2.2.1.3 Interaction and Coupling

The words interaction and coupling are often used interchangeably as we have
done occasionally in this chapter. But there is a subtle difference in their meanings.
Interaction leads to coupling. A vibrational interaction force constant between two
oscillators means that the vibration of one oscillator exerts an oscillating force
on the vibration of the other. The force can be transmitted electromagnetically,
electrically, or mechanically. Two oscillators are coupled if they participate jointly
and significantly in one or more normal modes of the collective system of oscillators.
The degree of coupling between two oscillators depends on the total strength of the
interaction between them and on the correspondence of their independent vibration
frequencies. The formulas we have employed for the calculation of the four types
of interaction force constants used in our simulation method and their evaluation for
specific cases lead to the following points:

The through-space transition–dipole interaction force constant is not frequency
dependent. The transition dipoles are taken to be quasistatic and there is no factor
in the formula for this interaction force constant allowing for the frequencies of the
oscillators being coupled.

The transition–dipole interaction force constants are of about the same size
in helices and sheets. It is not because these constants are larger in sheets than
in helices that we get the anomalous intensity seen for peptides that form “-
sheets. Rather, it is the additional  �  interaction in laterally broad sheets and
the alternation of 12C and 13C oscillators in a hydrogen-bonded line across the sheet
in antiparallel packing that causes the two kinds to participate jointly in the new
low-frequency bands seen on isotopic substitution as was explained above.

No interaction force constants are changed in our model because of isotopic
substitution. If a 13C-substituted oscillator vibrates in a relatively pure mode at a
lower frequency it is because its increased mass lowers its independent vibration
frequency and this makes it less likely to resonate with 12C oscillators. The 13C
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oscillator is effectively decoupled from the unsubstituted groups. This is the case
in globular proteins even in sheet domains, which are never broader than five or so
strands and the  �  interaction is weak.

2.2.2 Modeling the Early Stages of Thermal Denaturation

In our third publication [18], our simulation method was used to produce the amide I
contour corresponding to the early stages of the thermal denaturation of a collagen
model peptide in aqueous solution. These were compared to the experimental bands
obtained for this process. The peptide was Œ.Pro–Pro–Gly/10	3 or .PPG/10. The
X-ray structure of .PPG/10 is available from the Protein Data Bank as file 1KF6.
In the crystalline state this molecule consists of a triple helix, which forms a
tightly wound, rigid rod. This structure was modified by a 1 ns molecular mechanics
simulation in explicit water at 16 ıC to obtain a more realistic starting structure for
a molecule in aqueous solution.

To model the effects of increasing the temperature of the system, ˆ; ‰ angle
changes were made at the ’-carbon atoms in the three peptide chains of the triple
helix starting at each outer end and proceeding inward one carbon atom at a time.
The angle changes were suggested from the dihedral angles found in a molecular
mechanics simulation for the molecule at 27 ıC. These angle changes produced a
gradual unraveling of the molecule from each end. A partially unwound structure of
the .PPG/10 molecule is shown in Fig. 2.2a.

Most of the modified structures produced no unphysical van der Waals’ contacts
and gave rise to reasonable amide I IR bandshapes. A sequence of contours
representing ten steps of simulated unwinding closely matched the experimental
series of contours taken at small temperature intervals. Changes in the simulated
amide I contour as function of this gradual unwinding of the triple-helical structure
are shown in Fig. 2.2b, and compared (Fig. 2.2c) with corresponding experimental
IR spectra over the range 12–34 ıC. Good agreement between the experimental and
simulated amide I bands indicates that the early stages of thermal denaturation have
been correctly modeled.

This success suggests that we can use a similar procedure to model proposed
conformational changes in which a known protein starting structure is altered by
making appropriate dihedral angle changes at the ’-carbon atoms in the protein
backbone. The coordinate system rotation matrix using the Euler angles as described
in Wilson, Decius, and Cross [10, Appendix I] is convenient for this purpose. The
calculated amide I contours can be compared with the experimental bands.

But more was learned from this study than just the mechanism of denaturation
of a collagen model peptide. In the first place, a more accurate simulation of
the amide I contour of .PPG/10 was required than was obtained in our second
publication [17]. This means a closer examination of the model parameters for
the peptide groups. .PPG/10 turned out to be an ideal choice for a more refined
assignment of group parameters. It has only two kinds of residues, and a rigid
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Fig. 2.2 (a) Structure of a partially unwound .PPG/10 molecule after 13 steps of simulated
unwinding. The scale numbers are in Å. (b) Simulated changes in the amide I contour for .PPG/10

as a function of progressive gradual unraveling (the intensity if the 1;640 cm�1 peak decreases
as the unraveling proceeds) of the triple helix, according to molecular mechanics simulations. (c)
Experimental FTIR spectra corresponding to a temperature range of 12–34ı. The intensity of the
1;640 cm�1 peak decreases as the temperature increases

geometry. Its amide I contour is much more idiosyncratic and detailed than that
of typical globular proteins.

In [17], identical parameters were assumed for the two Pro groups, that is, the two
peptide groups whose nitrogen atoms come from each of the two proline residues in
the .PPG/10 sequence. In our third simulation paper [18], distinctions between the
two Pro groups and changes for the Gly group were required to achieve an excellent
fit to the experimental band. The inverse mass factor for the Pro1 groups was set to
0.986, while that for the Pro2 groups was set to 0.963. The Pro2 groups are between
’-carbons, both of which are part of a pyrrolidine ring while only one ’-carbon
atom bracketing the Pro1 group is part of such a ring. This appears to increase the
effective mass of the Pro2 oscillator.

The transition-dipole strength of the Pro1 groups was kept at 400 cm3=2=s, while
that for the Pro2 groups was lowered to 300 cm3=2=s. This reduction in strength
reflects the effect of the hydrogen bond between the CO of a Pro2 group and HN
of a Gly group on another chain in the triple helix. The hydrogen bond apparently
decreases the electron-density flux during the amide I vibration of the Pro2 group.
The transition-dipole strength of the Gly groups, that is, the peptide groups whose
nitrogen atom comes from a glycine residue, was reduced to 220 cm3=2=s from the
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value of 300 cm3=2=s used earlier. Apparently, the hydrogen atom on the ’-carbon
atom next to the nitrogen atom of a Gly group does not supply as much electron
density to the Gly group as a pyrrolidine ring does for the Pro groups.

To test the validity of these parameter changes, the amide I contour of the
collagen model peptide .Pro–Hyp–Gly/4–Pro-Hyp–Ala–.Pro–Hyp–Gly/5 was also
simulated. The parameters for the two molecules should be similar. Two small
changes were necessary to get an excellent fit to the experimental band. The
inverse mass factor of the Pro1 groups was set to 0.976 and the transition-dipole
strength of the Gly groups was set to 250 cm3=2=s. The only justification for these
new values is the excellent agreement between the simulated and experimental
amide I contours. In our experience it is very unlikely that wrong parameters would
give a good fit along the entire contour. It is impossible to tweak one isolated
part of the curve with a parameter value change. Any change affects the whole
band shape. The experimental and simulated amide I contours for .PPG/10 and
for .Pro–Hyp–Gly/4–Pro–Hyp–Ala–.Pro–Hyp–Gly/5 are compared in Fig. 2.3a, b.
Included in the figures are simulated contributions of particular peptides.

The current approach allowed us to clarify the assignment of the three peaks
that occur in the experimental amide I contour of .PPG/8, which was studied by
Lazarev et al. [29]. The molecule is a repeating triplet of peptide groups so it was
assumed that each group in the triplet gives rise to its own band. The notation we
use is elaborated in the caption to Fig. 2.3a. They assigned the peak at 1;628 cm�1

to the Pro1 groups and the peak at 1;642 cm�1 to the Pro2 groups because the
intensity of the 1;642 cm�1 band decreases the fastest on raising the temperature
of the solution of these molecules. The carbonyls of the Pro2 groups are hydrogen
bonded to hydrogen atoms of the Gly groups in another chain of the triple helix.
They reasoned that the breaking of these hydrogen bonds was the mechanism for
the thermal denaturation of the triple helix, which would have the greatest impact
on the Pro2 groups. Our simulations show that the 1;642 cm�1 band is primarily
due to the Pro1 groups, while the Pro2 groups contribute most strongly to the
1;628 cm�1 peak.

2.2.3 Amide I Structure-Frequency Correlations
in Globular Proteins

In our second publication on the quantitative reconstruction of the amide I contour
of proteins and peptides [17], we applied our simulation method to five globular
proteins. Excellent fits between the experimental and simulated bands were obtained
for ribonuclease A and for horse heart myoglobin.

Bovine pancreatic RNase A possesses 124 residues and possesses an ’; “

structural motif with a binding pocket for RNA. The N-terminal half of the
protein contains three alpha-helices (residues 3–13, 24–34, and 50–60), while the
C-terminal consists of three “-hairpins (residues 61–74, 79–104, and 105–124), two
of which (residues 61–74 and 105–124) exist in a four-stranded, antiparallel “-sheet
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Fig. 2.3 (a) The experimental (dark blue line) and simulated (red line) amide I contour for triple
helical .PPG/10 in solution. The total simulation is broken into contributions of the peptide bond
preceding residue Gly .C”O” – red line), Pro1 (CGOG – green line), and Pro2 (CXOX – blue
line) subbands. The group name comes from the residue providing the N in the peptide bond.
(b) The experimental (dark blue line) and simulated (red line) amide I contour for triple helcal
.PPG/10 in solution. The total simulation is broken into contributions of the peptide bond preceding
residue Gly (C”O” – red line), Ala (C”-AlaO”-Ala – black line), Pro1 (CGOG – green line), and Pro2
(CXOX – blue line) subbands. The group name comes from the residue providing the N in the
peptide bond

structure that lies on helix 3 (residues 50–60). The “-hairpin 79–104 interacts with
a “-strand (residues 42–45) to form a three-stranded, antiparallel “-sheet that lies on
helix 2 (residues 24–34).

Horse heart myoglobin is a single-chain globular protein of 153 amino acids,
containing a heme prosthetic group in the center around which the remaining
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Fig. 2.4 (a) Experimental (solid line) and simulated (dashed line) amide I contours for ribonucle-
ase A (Protein data bank entry, 1AFU) and (b) Experimental (solid line) and simulated (dashed
line) amide I contours for horse heart myoglobin (Protein data bank entry, 1YMB)

apoprotein folds. Its secondary structure contains a very high proportion (75%)
of ’-helical secondary structure. The polypeptide consists of eight separate right-
handed ’-helices, connected by short nonhelical regions. In the tertiary structure,
amino acid R-groups pack into the interior of the molecule and are mostly
hydrophobic in character, while those exposed on the surface of the molecule are
mainly hydrophilic.

Comparison of the simulated with the experimental amide I contours is shown in
Fig. 2.4a, b for RNase A and myoglobin, respectively. The good agreement in each
case gave us confidence to “data mine” the results. One such endeavor was to plot
(Fig. 2.5a) the RNase subbands due to oscillators in each of the four basic structural
motifs, namely, helix, sheet, loop, or turn for this protein. We are able to deduce
the structural motif to which each peptide group belongs by examination of the
hydrogen-bonding patterns in the molecule as revealed by geometrical calculations
made on its structure. The results show that the subbands for the four kinds of
secondary structure are much broader and overlapped than has been assumed in
Fourier self-deconvolution and band fitting procedures aimed at determining the
spectral contributions to the amide I contour of different secondary structures.
Deconvolution does produce new peaks in the amide I contour, but these peaks do
not represent bands each arising from one kind of secondary structure. Over most
of the frequency range of the contour one has concurrent contributions from all four
motifs. Even the individual normal modes often involve proximate peptide groups
in different structures.

For ribonuclease A, we note the more tightly wound helix 3 gives a peak more
than ten wavenumbers higher in frequency than the less tightly wound helices 1
and 2. Helices 1 and 2 are classical ’-helices in that the carbonyl oxygen of one
group is hydrogen bonded to the amine hydrogen of a peptide group three units down
the chain. In helix 3, some of the hydrogen bonds are between groups separated by
two as well as three units. One can actually see the tighter coiling of helix 3 by
plotting the groups involved in Mathcad’s 3D plotting facility and looking down
the helix axis. This visualization also serves as a check as to exactly which groups
belong to a given substructure.
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Data mining was also carried out for myoglobin. The subbands for each of the
eight ’-helices were calculated and the results are plotted in Fig. 2.5b. The subbands
all span a range from 1,620 to 1;680 cm�1. The shorter helices give less symmetrical
contours, and helix 3, which is quite short, gives a triple humped contour. The wide
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Fig. 2.5 (a) “Data mining” for ribonuclease A. The calculated spectral contributions for oscillators
in the indicated secondary structures are noted. Helical intensities have been multiplied by 10.
Helices 1 and 2 have the classical H-bonding pattern, while helix 3 is more tightly wound. The
sum for several different sheet regions (total 53 peptide groups) is shown including three turns
within sheet structures. Various types of turns differing in the number of groups separating the
H-bonded residues and loop regions composed of 40 peptide groups yield broad bands. (b) “Data
mining” for myoglobin helices. The calculated spectra contributions to the amide I contour for
the eight helical regions are plotted. The two short helices (3,4) have the lowest intensity amide I
contours. The triple humped contour of helix 3 may reflect “end effects” in short helical segments



2 A Quantitative Reconstruction of the Amide I Contour 45

spectral range for these helices far exceeds the narrow shapes assumed in band
fitting analyses.

2.2.4 IRRAS Simulations

Thus far we have reported on simulations of the amide I contour of proteins and
peptides in aqueous solution. Now we turn our attention to another important
system, namely, proteins adsorbed as monolayers at the air–water interface. This
experimental paradigm serves as a model for many physiologically relevant sam-
pling conditions such as those occurring at the air–alveolar interface in a mammalian
lung or at during the interaction of air-borne pathogens with the host defense system
in the same environment.

Infrared reflectance-absorption spectroscopy (IRRAS) produces amide I contours
that depend on the orientation of the protein on the water surface. This is so because
the protein molecule is optically anisotropic; that is, its frequency-dependent IR
extinction coefficients along three Cartesian coordinates in a molecular frame are all
different. Then a monolayer of similarly oriented, adsorbed protein molecules will
form an anisotropic film whose laboratory-frame, Cartesian extinction coefficients
are all different.

The determination of the protein orientation at an interface is facilitated by
reflecting light polarized parallel (p) and perpendicular (s) to the plane of incidence.
A ratio of the IR absorptions in the two polarizations can be calculated. The
absorption must be simulated from the extinction coefficients of the protein in
its molecular frame translated into the laboratory frame via the Euler coordinate
axes rotation matrix. However, only the relative magnitude of the extinction
coefficients in the molecular frame is needed since a ratio of absorptions in the two
polarizations is to be calculated. The Euler angles in the rotation matrix that enable
agreement with the experimental dichroic ratio define the molecular orientation in
the laboratory frame.

The computation of the ratio of absorptions of s- and p-polarized light uniquely
samples the three different extinction coefficients of a biaxial film. If the normal
to the surface is the z direction and the plane of incidence is the zy plane then
s radiation interacts with kx , the extinction coefficient in the x direction, and p
radiation interacts with both ky and kz. The relative participation of ky and kz in the
parallel absorption depends on the angle of incidence of the light. The simulation
of the IRRAS contour in the two polarizations requires a combination of an optical
theory of reflectance and a method of amide I reconstruction. Our amide I contour
reconstruction method can provide relative values for the three extinction coeffi-
cients over the frequency range of the band. The optical theory of Kuzmin [30–32]
can calculate the reflectance–absorption of a thin film between two semi-infinite
phases such as air and water in s and p polarization. The theory requires as input the
laboratory-frame Cartesian components of the extinction coefficient and the index
of refraction of the film and the optical constants of the air and aqueous subphase.
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An example of this combination of calculations is our investigation [33] of
the interaction of the neck and carbohydrate recognition domain (NCRD) of
recombinant surfactant protein D (SP-D) with a lipopolysaccharide (LPS) at the
air–water interface. The intent was to determine the location on the surface of the
protein fragment of binding to the LPS. This would be indicated by the tilt angle
of the of the symmetry axis of the trimeric fragment with the normal to the water
surface. The tilt angle corresponds to the polar Euler angle, ‚. SP-D kills gram-
negative bacteria by attaching to the LPS in their cell walls and then breaking the
wall down. This is an important mechanism of antimicrobial host defense.

The simulated (inverted) IRRAS spectrum for the neck and CRD regions of
SP-D based on the X-ray coordinates of the protein structure with bound maltose
is shown for p (parallel) and s (perpendicular) polarized radiation in Fig. 2.6a, b.
The calculation assumed a 36ı angle of incidence with the tilt angle of the neck
axis aligned at 90ı (solid line) and 0ı (dashed line) with respect to the normal to
the air/water interface. The most significant changes in the contour as the protein
orientation is altered occur at 1;654 cm�1. Thus, the dichroic ratios formed from
the s and p absorption intensities in the amide I contour at 1;654 cm�1, over
a range of angles of incidence, were used to determine the orientation of the
NCRD SP-D on the water surface in the presence of adsorbed LPS. Generally,
band areas should be used in computing dichroic ratios, but in this case the use
of areas proved to be insensitive to the tilt of the protein on the water surface
because most of the molecule consists of randomly oriented peptide groups.
Simulations showed that the absorption at 1;654 cm�1 due to the neck region
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Fig. 2.6 Simulated IRRAS amide I subbands (inverted) for the neck and carbohydrate recognition
domains of human SP-D based on the X-ray coordinates of the protein with bound L,D heptose.
The peptide bond coordinates were downloaded from Protein Data Bank structure 2RIB. The
calculation assumed an angle of incidence of 36ı for (a) p-polarized and (b) s-polarized IR
radiation with the tilt angle of the neck axis aligned at 90ı (solid line) or 0ı(dashed line) with
respect to the normal to the air/water interface.The vertical line drawn at 1;654 cm�1 is intended
to highlight the sensitivity of the intensity in the neck subband to orientation
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of the molecule was the spectral feature most sensitive to protein orientation as
indicated above.

Details of the dichroic ratio simulation follow. The molecular-frame Cartesian
components of the resultant transition-dipole moment for each amide I normal mode
of the SP-D fragment were calculated from a simulation of the amide I contour of the
fragment. The PDB file 1PW9 supplied the atomic coordinates for the simulation.
Before the simulation was undertaken the atomic coordinates were rotated to make
the threefold symmetry axis the molecular z axis by using an Euler angle rotation
matrix. The positive direction of the z axis extends up through the neck region and
through the carbohydrate recognition domain.

The amide I contour of the rotated NCRD SP-D was simulated to reproduce
the experimental contour of the molecule in aqueous solution. The molecular-frame
Cartesian components of the transition-dipole moments for each amide I normal
mode were imported into a reflectance-absorption program based on Kuzmin’s
equations. Here, the molecular-frame components were transformed into laboratory-
frame Cartesian components by an Euler angle coordinate axes rotation matrix.
The values of the Euler angles give the orientation of the protein in the laboratory
frame. The transformed transition moment components were then squared to get the
corresponding components of the extinction coefficient. The Cartesian component
of an extinction coefficient is proportional to the square of the corresponding
transition moment. The laboratory-frame extinction coefficient components were
each broadened with a 70% Lorentzian and 30% Gaussian band shape function
centered at the frequency of each normal mode and summed. The result is a band
of amide I extinction coefficients at 1 cm�1 intervals. The extinction coefficient
components were each multiplied with a common strength factor adjusted to make
the simulated bands in the s and p polarizations approximately fit the experimental
bands. The value of the strength factor is not critical in computing a dichroic ratio
because the same value is used for both polarizations. The Cartesian components of
the refractive index of the film which exhibits anomalous dispersion were related to
the corresponding extinction coefficient by an equation of the form

nxi .�/ D 1:41 � 2s kxi .�/.� � �i;0/=Œ4.� � �i;0/
2 C 
2	:

� is the frequency of the infrared light in cm�1; �i;0 is the frequency of mode i ,
kxi .�/ is the x direction, frequency-dependent extinction coefficient of the i th mode,
s is a strength factor, and 
 is a width parameter. Subbands of this shape were
summed over all the normal modes to obtain an anomalous-dispersion, amide I
refractive index band.

In the Euler rotation matrix, the polar angle, � , represents the tilt of the molecular
z axis from the laboratory Z axis which is perpendicular to the water surface and
positive upward. This angle was varied in calculating IRRAS bands in s and p
polarization. The other two Euler angles ˆ and � were kept constant at 45ı.

In the presence of the LPS monolayer, the tilt angle needed to reproduce the
experimental dichroic ratios as the function of angle of incidence was in the range
of 0–20ı as shown in Fig. 2.7. On a clean water surface, the tilt angle was 90ı. These
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Fig. 2.7 Determination of SP-D (neck C carbohydrate recognition domain) orientation at the
A/W interface in the presence and absence of lipopolysaccharide (Rd1) monolayers. Dichroic
ratios calculated from simulated amide I band intensities (peak heights at 1;654 cm�1 over a range
of incident angles are compared with experimentally measured dichroic ratios. (symbols: (open
circle) clean A/W interface; (filled circle), Rd1 aqueous monolayer folm compressed to 10 mN/m,
and (open triangle) to 25 mN/m. The mean and standard deviations for four separate experiments
are shown for monolayers compressed to 10 mN/m, while averages for two experiments are shown
for the remaining two pressures

results suggest that all three CRDs contact the LPS monolayer and that the coiled
neck region extends into the subphase approximately normal to the water surface.
The 90ı tilt in the absence of the LPS indicates the equilibrium orientation of the
fragment on a water surface in the absence of any specific binding.

It is possible to “push the envelope” of the amide I simulation procedures by use
of data mining to attempt to identify the structural origin of small shifts in the amide
I contour upon ligand binding to proteins. The approach is shown in Fig. 2.8a–d.

In Fig. 2.8a, b, the simulated IRRAS contours of SP-D in the presence and
absence of bound maltose are compared with the experimental IRRAS contours
in the presence and absence of a physiological LPS ligand (R7). The similarity
between the simulations and the experiments in each of these physically different
situations provides some validity for assuming that the comparison of amide I
changes induced upon binding the soluble (maltose) and the native ligand (R7)
provides a valid means to track protein conformational alterations upon the binding
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Fig. 2.8 Extracting conformational information from small regions of a large peptide structure.
(a) Simulated amide I spectra for two different crystal forms of the SP-D (neck C carbohydrate
recognition domain), one with bound Ca2C and maltose (dashed red line, simulated from Protein
Data Bank structure 1PWB) and one with bound Ca2C only, no maltose (dashed blue line,
simulated from Protein Data Bank structure 3DBZ). (b) Experimental IRRAS spectra from SP-
D .neck C CRD/ color-coded as solid lines; these spectra were acquired in the presence (red solid
line) and absence (blue solid line) of R7, an Rd form of LPS from Salmonella. Small shifts in
the experimental amide I contour upon R7 binding are almost quantitatively reproduced in the
simulated spectra. (c) Simulated amide I spectra of three strands close to the Ca2C binding site in
the absence of maltose are depicted. (d) Simulated amide I spectra of three strand regions close to
the Ca2C binding site in the presence of maltose are depicted.

of native ligands. It is emphasized that crystals could not be obtained from
SP-D/R7 preparations, so that no other means to acquire information about protein
conformational changes on physiological ligand binding are available.

The major change occurs specifically in the spectrum derived from strand 4
(green line in Fig. 2.8c, d), whose location in the structure is shown in Fig. 2.9.
The other two strands near the Ca2C binding sites are altered much less by
maltose interaction. Thus, our simulation methods can begin to extract some three-
dimensional information about the location of structural changes upon ligation.

Figure 2.8c, d depicts the results of an initial attempt to interpret the very small
spectral shifts seen in Fig. 2.8a, b. The origin of the spectral changes was traced
specifically to a tetrapeptide fragment (strand 4 in the SP-D structure). This strand is
a tetrapeptide: A290 A291 F292 L293 with three peptide bonds. The simulated amide I
contour of strands 4, 5, and 6 in the presence and absence of maltose is shown in
Fig. 2.8c, d, respectively. The location of the strand 4 relative to the sugar binding
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Fig. 2.9 The structure of the trimer containing the neck C carbohydrate recognition domains
of SP-D is shown. Strand 4 is the tetrapeptide: A290 A291 F292 L293 whose structure change upon
maltose binding is suggested in the simulations. See text for details. Professor Barbara Seaton of
Boston University is thanked for her generosity in providing and permitting us to use the Figure

site is depicted in Fig. 2.9. The simulated contour of strand 4 changed dramatically
on maltose binding, while the other two sheets near the calcium binding sites are
altered much less by maltose interaction. Thus, our simulations can begin to extract
some three-dimensional information about the location of structural changes upon
ligand binding.

We are well aware that many assumptions have to be correct for the simulation
of these structural changes in small peptide fragments of a large protein structure
to be meaningful. We are moderately hopeful that with improved algorithms, the
approach outlined above may provide a useful means to determine subtle structural
changes upon ligand binding.

2.3 Conclusions and Future Prospects

We believe that the current approach presents a useful balance between exact
theoretical computation of the amide I contour, which is not feasible and in any
case would be quite difficult to generalize to a wide variety of proteins, and the
empirical methods currently in vogue involving deconvolution/band fitting, which
utilize unjustified and, in many cases, wrong assignments of particular spectral
features. A general conclusion from the current study is that the widely used
correlations between the amide I contour and the secondary structure content of
a globular protein are at best approximate. Interactions between oscillators are
generally not uniform within a given secondary structure and they extend beyond
that structure. For example, it is clear from our “data mining” of the horse heart
myoglobin contour that the IR amide I contour of short ’-helical segments bears
little resemblance to the contours observed for long homopolypeptide sequences.
In addition, the amide I contours of extended “-sheets as calculated both from the
quantum mechanical approach of the Keiderling group and from our methods again
reveal the inadequacy of simply transferring experimental frequency assignments
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from “-sheet homopolypeptides to the much narrower segments found in globular
proteins.

On the positive side, the sensitivity of the spectral signatures of secondary
structures to tertiary structure, as is indicated by the substructure band broadening
shown for ribonuclease in Fig. 2.5a, may be used for investigating tertiary structure
changes in localized regions of a protein molecule in those cases where a new
structure can be reasonably proposed. An example of this is shown in Fig. 2.8c,
d where the beta-strand in SP-D most actively involved in the binding of maltose is
apparent as was discussed above.

Future progress in simulation may be advanced by experiments in which the
magnitude of the off-diagonal terms in the F matrix can be established and compared
with those determined in the model. The obvious candidate for these experiments
is nonlinear 2D-IR, which has become fairly widely available [34, 35] over the
past decade. The technique, which bears similarity to 2D-NMR spectroscopy (with,
of course, completely different technologies in the two cases) but at vibrational
timescales, directly probes the magnitude of interactions between particular vibra-
tions in a protein and can track protein structural changes.
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Chapter 3
Millisecond-to-Minute Protein
Folding/Misfolding Events Monitored
by FTIR Spectroscopy

Heinz Fabian and Dieter Naumann

Abstract The adaptation of conventional mixing or temperature-jump technologies
to the specific requirements of time-resolved FTIR spectroscopy enables to explore
protein folding/misfolding events on the millisecond to minute timescale by mon-
itoring spectral changes in several spectral windows simultaneously. We present a
description of experimental setups and representative results on different proteins,
which illustrate the advantages and limitations of the FTIR approaches.

3.1 General Considerations

IR spectroscopy is known since 1950 to be potentially useful in providing infor-
mation on structural features of peptides and proteins [1]. Later, these experimental
observations were refined by making detailed vibrational analyses of the structure-
sensitive protein backbone absorption bands in order to establish a correlation
between the frequencies of these bands and the type of secondary structure. Nine
such IR bands do exist, which are termed amide A, amide B, and amides I–VII, in
the order of decreasing frequency [2–4], and three of them are particularly useful as
structural probes (Table 3.1).

The best characterized in this respect is the amide I band, which is dominated
by the C D O stretching vibration of the amide groups coupled to in-plane
bending of the N–H and stretching of the C–N bonds and occurs in the region
1;600–1;700 cm�1. Typically, the amide I band of proteins consists of a series of
overlapping component bands which result from the various secondary structures
present in such molecules [5–7]. As a consequence, the individual component bands,
representing different structural elements, such as ’-helices, “-sheets, turns, and
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Table 3.1 Characteristic infrared bands of the peptide linkage in the range 1;000–4;000 cm�1

Nomenclature (amide) Approximate frequency .cm�1/ Vibrational modes

A �3;300 N–H stretching
I 1,610–1,695 C D O stretching
II 1,480–1,575 N–H bending and C–N stretching
III 1,220–1,320 C–N stretching and N–H bending

1600
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Fig. 3.1 Guidelines for protein secondary structures based on their amide I=I0 frequencies.
Amide I (in H2O): blank frames; amide I0 (in D2O): shaded frames; ’ W ’-helices. “ W “-sheet
structures. For proteins often more than one band component is observed. This reflects differences
in hydrogen bonding (the stronger and shorter the H-bond, the lower the frequency) as well
as differences in transition dipole coupling in different “-strands. “� W “-strands in ordered or
amorphous aggregates, often characterized by a significant increase in splitting between the
low- and high-frequency “-components in comparison to that observed for “-sheets in natively
folded proteins; u: unordered parts of the polypeptide backbone; lp: loops; and t: turns.

irregular structures, are often not resolved in the broad amide I band contours of
the experimentally obtained spectra. There are empirically determined guidelines
for protein secondary structure based on their characteristic amide I frequencies
(Fig. 3.1). They illustrate that ’-helical and irregular structures show bands very
close together .1;645–1;660 cm�1/, which may cause complications in the analysis.
On the other hand, amide groups in “-sheet structures give rise to major diagnostic
bands between 1,615 and 1,640 cm�1 and weaker bands near 1;670–1;695 cm�1.
This makes FTIR spectroscopy, in contrast to CD spectroscopy, very useful to
indicate the presence of, and to monitor changes in, “-sheet structures. The
secondary structure dependence of the amide I band arises from couplings among
neighboring amide groups and intramolecular hydrogen bonding [see Chaps. 2 and 9
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for more details]. Furthermore, hydrogen bonding involving solvent molecules can
also have an impact on the amide I frequency [8].

The structure–spectrum correlation for the amide II and amide III bands is less
well understood, but the former band may provide useful information on the solvent
accessibility of the protein backbone from hydrogen/deuterium (H/D) exchange
experiments, as this holds true even more for the amide A band (see below).

3.2 FTIR Spectroscopy, Experimental Aspects

3.2.1 Proteins in Aqueous Solutions

IR experiments with proteins in water are complicated by the fact that the H–O–H
bending vibration of H2O absorbs very strongly near 1;640 cm�1. As a consequence,
very short pathlength cells of 6–8 �m are needed for transmission measurements
in the amide I region to prevent total IR absorption in the spectral regions of the
water. Such short pathlengths limit the intensities of the IR bands and the signal-to-
noise ratio at a given sample concentration. Consequently, relatively high sample
concentrations, in the order of >10 mg=ml, are required for the measurement.
Figure 3.2a (solid line) shows the IR spectrum of the protein “2-microglobulin
.“2m/ in H2O buffer. For these transmission measurements, a drop of 3 �l of the
proten solution was placed between a pair of calcium fluoride .CaF2/ windows
separated by a pathlength of 8 �m. The solvent spectrum (Fig. 3.2a, dashed line)
was measured in a matched second cell of slightly reduced pathlength, which
takes into account the slightly lower water concentration in the protein sample
measured. To obtain the spectrum of the protein (Fig. 3.2b), digital subtraction
of solvent/buffer absorptions from the spectrum of the sample is required. For
appropriate subtraction, the spectrum of the solvent/buffer should be recorded under
identical physicochemical parameters (such as temperature, ionic strength, and pH)
because variations will cause changes in the spectral features of the H2O bands,
thereby preventing an ideal subtraction of the buffer contribution. For example, the
temperature of the sample in aqueous solution and that of the reference buffer should
match within 0:1ıC in order to avoid artefacts caused by temperature differences.
The subtraction of water from a protein spectrum requires a reference water band
that does not overlap with that of the sample. Often, the weak combination band of
water around 2;128 cm�1 (which is more than six times less intense than the water
band of interest near 1;640 cm�1) is used to ensure proper subtraction of water,
which then results ideally in a straight baseline between 1,900 and 2;400 cm�1.
If water subtraction results in derivative-type artifacts in this region, this implies
that the spectroscopic characteristics of the water in the sample water are not
identical with those of the reference water. The latter artefact may often be observed
at very high protein concentrations, since the interaction of a protein with water



56 H. Fabian and D. Naumann

20 mA

3000 2500 2000 1500 1000

0,0

0,4

0,8

1,2

Wavenumber / cm-1

A
bs

or
ba

nc
e

16
45

21
28

16
40

15
55

14
56

14
00

12
45

b

a

Fig. 3.2 (a) IR spectrum of the protein “2-microglobulin .“2m/ in H2O buffer (solid line) at
a protein concentration of 28 mg/ml placed between a pair of CaF2 windows separated by a
pathlength of 8 �m, together with the buffer spectrum (dashed line) measured in a matched second
cell of slightly reduced pathlength. (b) IR spectrum of “2m after subtraction of the buffer spectrum
[ordinate scale expanded by a factor of 5 compared to the scale in (a)]

causes the creation of hydration shells around the protein and therefore modifies
the water vibrations and hence the shape of the water bands in the IR spectrum.
Consequently, the reference spectrum of the H2O buffer cannot completely match
the spectral conditions of the water in the protein solution (containing bulk water
plus protein-bound water). The weak water band at 2;128 cm�1 may serve as a
good approximation to interactively subtract the water features. The final water
subtraction, however, should be performed using a different spectral region with
much stronger H2O absorption, such as on the slope of the O–H stretching band in
the vicinity of �3;150 cm�1 [9].

3.2.2 Measurements in D2O

Experimentally it is simpler to obtain protein spectra in deuterium oxide .D2O/

solution than in H2O solution. The IR bands of D2O occur at lower wavenumbers
than those of H2O, creating a spectral window of relatively low absorbance between
1,300 and 1,800 cm�1, an ideal region to observe the weak IR bands of the
dissolved or solubilized protein. Much longer pathlengths of 40–80 �m may then
be used; hence, much lower sample concentrations are required to obtain high-
quality spectra. Despite these positive practical aspects, D2O as a solvent needs
to be considered carefully because the exchange of D for H also impacts on certain
IR bands of the protein under study.
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Fig. 3.3 IR spectra of “2m in D2O buffer at a protein concentration of 10 mg/ml and placed
between a pair of CaF2 windows separated by a pathlength of 50 �m. (a) IR spectrum of fully
exchanged “2m after subtraction of the buffer spectrum (dashed line), together with the spectrum
of “2m in a partially exchanged state (solid line). Complete deuteration of “2m was achieved by
keeping the protein solution overnight at 37ıC before cooling back down to room temperature.
(b) IR difference spectrum obtained by subtracting the spectrum of fully exchanged “2m from the
spectrum of the partially exchanged protein

Figure 3.3 summarizes spectral effects of partial and complete H/D exchange
on the amide bands of a protein spectrum. The dashed line in Fig. 3.3a shows
the IR spectrum of “2m in D2O buffer after complete H/D exchange, which was
achieved by keeping the protein solution overnight at 37ıC [10]. The solid line in
Fig. 3.3a represents the IR spectrum of the protein “2m that has been allowed to
exchange in D2O buffer for 1 h at room temperature. The residual intensity in the
amide II region at about 1,555 cm�1, together with the presence of the amide A band
centered at 3,283 cm�1, indicates that a significant number of the amide protons are
not exchanged after 1 h of exposure to D2O, a situation common in many proteins.
The amide A band is the best indicator for residual non-exchanged N–H groups
due to the lack of other protein absorptions in the range 3,200–3;300 cm�1. The
same assessment cannot easily be made based on the residual intensity in the amide
II region, since IR bands arising from amino acid side-chain groups (Table 3.2)
overlap with the remaining amide II band, e.g., in “2m the two bands are at 1,572 and
1,515 cm�1. Nevertheless, the disappearance of the amide II band near 1,555 cm�1
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Table 3.2 Approximated frequencies of characteristic amino acid side-chain absorption bands in
the range 1;480–1;750 cm�1

Side chain/assignment Absorbance maximum .cm�1/

In H2O In D2O
Asn .C D O/.�/ 1,678 (s) 1,646 (s)
Asn .NH2/.ı/ 1,622 (m)
Asp (COOH/COOD) .�/ 1,716 (m) 1,720 (m)
Asp .COO�/.�as/ 1,574 (s) 1,585 (s)
Arg

�
CN3H5

C

�
.�as/ 1,673 (s) 1,605 (s)

Arg
�
CN3H5

C

�
.�s/ 1,633 (s) 1,586 (s)

Glu (COOH/COOD).�/ 1,712 (m) 1,706 (s)
Glu .COO�/.�as/ 1,560 (s) 1,570 (s)
Gln .C D O/.�/ 1,670 (s) 1,635 (s)
Gln .NH2/.ı/ 1,610 (m)
Lys .NH3/.ıas/ 1,629 (m)
Lys .NH3/.ıs/ 1,526 (m)
Phe (Ring) 1,494 (w) 1,498 (w)
Tyr (Ring) 1,614 (m) 1,615 (m)
Tyr (Ring) 1,518 (s) 1,515 (s)
s strong, m medium, w weak

and the appearance of the N–D absorption near 1,438 cm�1 (labelled amide II0
by convention) (Fig. 3.3b) is often used to monitor the time course and extent of
hydrogen–deuterium exchange [11], and can provide valuable information on the
structure and flexibility of proteins [12–18].

Compared to the large effects on the amide II band, the shift of the amide I
band upon deuteration of the backbone hydrogens (amide I0) is relatively small
.5–10 cm�1/. However, individual spectral components of the amide I band of a
protein often reveal different exchange kinetics. This greatly assists the assignment
of absorption bands arising from different secondary structural classes. Despite the
positive aspects, it can also complicate the interpretation of the amide I0 region
if a protein cannot be completely exchanged, because partial deuteration leads to
band components with frequencies in between those of fully protonated and fully
deuterated amide groups.

Figure 3.4 shows the absorbance and second-derivative spectra of six proteins
with differing secondary structures in D2O buffer after H/D exchange and subtrac-
tion of the buffer: Two predominantly ’-helical proteins (bovine hemoglobin and
calmodulin, Fig. 3.4a, b), a protein composed of four ’-helices and a three-stranded
parallel “-sheet (barstar, Fig. 3.4c), two proteins with a mixture of ’-helical and
antiparallel “-sheet structure (œ-Cro repressor and ribonuclease T1, Fig. 3.4d, e),
and the “-sandwich protein “2-microglobulin (Fig. 3.4f), where the two “-sheets are
formed entirely from antiparallel “-strands.
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Fig. 3.4 IR absorbance and second-derivative spectra of two predominantly ’-helical proteins
bovine hemoglobin (a) and calmodulin (b), the protein barstar with a mixture of ’-helical and
parallel “-sheet structure (c), two ’=“ proteins œ-Cro repressor (d) and ribonuclease T1 (e), and
the purely “-sheet protein “2m (f). All spectra are shown after complete exchange of the amide
protons with deuterons, except for hemoglobin which still contained traces of amide NH groups.
The infrared bands that remain between 1,480 and 1;600 cm�1 in the spectra after complete H/D
exchange are entirely due to amino acid side-chain absorptions (e.g., tyrosine, aspartate, and
glutamate in the spectrum of “2m)
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3.2.3 FTIR Spectra of Chemical Denaturants

Obtaining IR spectra of proteins in the presence of the most commonly used
denaturating agents, urea and guanidinium chloride (GdmCl), is not simple. First,
the denaturant has very strong IR bands of its own. Therefore, IR cells with very
short pathlengths of �6 �m are required to prevent saturation of the IR detector by
absorption of the chemical denaturant. Second, the major IR bands of urea or GdmCl
(Fig. 3.5) mask the much weaker protein backbone bands of interest and thus may
prevent their analysis. Isotopic labeling of the denaturant (e.g., the use of 13C D O
labeled urea) helps to circumvent this problem by shifting the intense urea band from
1,607 to 1,568 cm�1 (compare the dashed and solid lines in Fig. 3.5d), thus creating
a window in the IR spectrum for analysis of the protein amide I0 bands [19].
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Fig. 3.5 IR spectra of chemical denaturants in H2O (left side) and in D2O (right side). The
samples were placed between a pair of CaF2 windows separated by a pathlength of �10 �m,
the concentration of the denaturants was in the range of 2.3–3 M. All spectra are shown after
subtraction of the corresponding solvent. (a, c) GdmHCl (solid line) and 13C-GdmHCl (dashed
line). (b, d) Urea (solid line) and 13C-urea (dashed line)
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3.3 Kinetic FTIR Experiments Applying Rapid Mixing
and Temperature-Jump Approaches

3.3.1 Rapid-Scan FTIR Spectroscopy: Advantages
and Limitations

Already the simplest FTIR spectrometers only require less than a second for
collecting a single interferogram. Thus, even without sophisticated equipment, it
is feasible to probe protein unfolding/folding events in the second to minute time
domain by a series of FTIR spectra. With the rapid-scan option available, the
observation time can be reduced to milliseconds. Moreover, these options allow
the interferogram to be rapidly stored together with the parameters needed for
the transformation in order to allow transformation afterward, thus reducing the
intervals for spectral recording and allowing more interferograms to be coadded
for a better signal-to-noise ratio. The main limiting factors are the scan rate of the
interferometer (limited by the mechanical movement) and the throughput of data
acquisition (limited by the speed of the analogue-to-digital converter). In practice,
about 100 scans/s at 4 or 8 cm�1 spectral resolution can be reached.

Figure 3.6 shows the scheme of a typical time-resolved experiment performed
on a Bruker IFS-66 rapid-scan FTIR spectrometer. Due to the parameters optimized
for this particular experiment (scanner velocity 280 kHz, nominal resolution 4 cm�1,
and single-sided/forward–backward acquisition mode), one scan takes 37 ms. The
experimental dead time, in this case, was estimated to be �59 ms [19, 20], which
allows to monitor events occurring over a time window from �60 ms to minutes.
Consequently, protein unfolding/folding events occurring on very fast timescales
cannot be probed by this experimental setup. Nevertheless, the FTIR approach
is of particular interest, because a complete spectrum is available for each time
point of the measurement. In this way, several spectral windows are accessible
simultaneously for the observation of the unfolding or the formation of different

Fig. 3.6 Scheme of data
acquisition of a typical
time-resolved rapid-scan
FTIR experiment. The arrow
symbolizes the electric trigger
signal from the spectrometer
that initiates the pneumatic
sample injection into the
corresponding
experimental setup

0 11 48 59 96

Injection time
~40 ms

Sample
injection

Scan time
37 ms

1st spectrum 2st spectrumDiscarded
spectrum

Experimental
dead time

59 ms

Instrumental
dead time

11 ms
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secondary structure elements and also events that can be attributed to changes in
tertiary structure. Thus, perfect time correlation is ensured between events that can
otherwise only be observed with different techniques, which often require different
experimental conditions.

3.3.2 Design and Operation of a Stopped-Flow Apparatus
for Measurements in Heavy Water

A schematic diagram of our stopped-flow system used to investigate events in D2O
solution is shown in Fig. 3.7. Pneumatically driven gas-tight Hamilton syringes
deliver the two reactants through flexible tubes with small internal diameter into
the rapid mixing attachment. The pneumatic drive is triggered by an electric signal
from the FTIR spectrometer, thus permitting precise time correlation between data
acquisition and mixing time [19, 20]. The drive system is vibrationally isolated
from the spectrometer and the mixing system. The mixing attachment consists of
a six-jet unit, which is mounted into the front plate of the IR flow-through cell.
The cuvette is very robust in that a 9 mm thick front plate is used together with
six bolts to clamp the assembly together. Teflon gaskets are used to seal the CaF2

windows to the front and back plates and a 50 �m Teflon spacer separates the
windows. The mixing attachment and the IR cuvette, fabricated in a workshop at
the University of Birmingham, UK, have been provided to us by Dr. Christopher W.
Wharton from Birmingham, who has designed the mixing system [21]. The output
of the cuvette is connected to a stop syringe to arrest the flow after the drive pulse
ceases. To reduce the dead volume of the protein solution, an additional three-way
valve can be integrated into the protein flow line, which allows one to push the
protein solution directly in front of the mixing attachment. In this way, e.g., 50 �l
of the protein solution can be preinjected into the flow line before the pneumatic

Fig. 3.7 Scheme of a
stopped-flow and 50 �m
IR cuvette system developed
to monitor events in D2O
solution by time-resolved
FTIR spectroscopy

Reservoir syringe (reagent A)

Pneumatic drive

Injecting syringes

Reservoir syringe
(reagent B)

3-Way valves

Flow through
IR cell

d = 50 μm

Stop syringe
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drive additionally injects 30 �l of the protein solution and a larger volume of buffer
solution into the mixer.

Other apparatus for time-resolved studies of conformational events in protein,
either based on a commercial SFM-300 stopped-flow module (Bio-logic, Claix,
France) equipped with an IR observation cell [22] or a home-made flow-through IR
cell with a T-shaped mixer built into part of the Teflon spacer sandwiched between
two CaF2 plates [23], were described.

3.3.3 A Stopped-Flow Apparatus for Measurements
of H2O-Protein Solutions

For stopped-flow experiments using H2O/protein solutions very short optical path-
lengths are needed .�5–8 �m/, which necessitates the use of high-pressure pump-
ing systems to push the solutions through the cuvette. High-pressure induces optical
pathlength changes which – though only in the order of a few nanometers –
make it impossible to monitor reaction-induced changes quantitatively. To make
protein folding studies feasible in aqueous solution by stopped-flow FTIR, several
modifications of the conventional stopped-flow system described above are required
[24]. One step is the replacement of the classical demountable optical flow-through
cell equipped with teflon spacers by a novel flow-through cell with a pathlength of
less than 8 �m (AquaSpec, micro-biolytics GmbH, Germany). In this AquaSpec cell
(see Fig. 3.8, insert top left), the two CaF2 windows are kept together by a special

Fig. 3.8 Schematic diagram
of the stopped-flow system
developed to monitor protein
folding events in H2O buffer
solutions by infrared
spectroscopy (after Masuch
et al. [24]). Upper left panel
shows an AquaSpec cell from
micro-biolytics GmbH,
Germany

Flow through IR cell
d = 7-8 μm

Diffusion micromixer

Water reservoir

Pump syringe BPump syringe A

Reagent BReagent A WasteWaste

Waste

Sample injector BSample injector A

Valve H2OH2O
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glue, which ensures a very fast relaxation to a constant pathlength after stopping the
flow. Additionally, the new apparatus contains a miniaturized diffusion micromixer
enabling a rapid and effective laminar mixing of the two reactants [24].

Figure 3.8 shows the scheme of the experimental setup including also the picture
of an AquaSpec cell (see inset). The system consists of a two-channel high-pressure
syringe pump (Harvard Apparatus, USA), two sample loops, HPLC tubing and
fittings throughout, the diffusion micromixer, the AquaSpec flow-through cell, and
three computer-controlled analytical HPLC valves (Valco Instruments, USA). The
sample volume needed for a single experiment is of the order of 10–15 �l. At the
beginning of each experiment, a constant water flow of pure water (e.g., 3 ml/min) is
generated by the pump syringes A and B. The two sample loops containing the two
reagents are switched by the computer-controlled sample injection valves A and B
into the flow stream, and the two solutions are synchronously transported through
the diffusion micromixer toward the sealed IR cell. After a defined time interval,
depending upon the flow rate of the system, the IR cell is filled and the constant
flow is stopped by the stopped-flow valve. At the same time, a trigger signal is sent
to the FTIR spectrometer, which initiates the collection of the interferograms. The
dead time of the experiment is defined by the time required for mixing the samples
and for collecting the first interferogram, which is of the order of 150–200 ms with
an instrumental scan rate of 180 kHz. This is considerably longer than the relaxation
time of the flow-through cell after stopping the water flow, which is in the order of
70 ms.

Figure 3.9 shows original absorbance spectra from a series of independent shots
mixing a solution of the Syrian hamster prion protein with buffer solution to
yield an end concentration of approximately 4 mg/ml, which is rather low for IR
measurements in H2O. The spectra are nearly perfectly overlaid proving an excellent
reproducibility of the system, which in turn allows the consistent use of difference
spectroscopy for monitoring time-dependent processes after mixing the reagents.
An application example of this methodology is given in Sect. 3.5.3.

3.3.4 T-Jump Experiments in Heavy Water

For experiments applying T-jumps, the solutions are injected into a thermostatted
flow-through CaF2 IR cell (home-made cell with Teflon spacer or an adapted
micro-biolytics AquaSpec cell, each with an optical pathlength of �50 �m). The
flow-through cell is connected by a small diameter flexible Tefzel tube with a
gas-tight Hamilton syringe localized outside the sample chamber (Fig. 3.10). The
injecting syringe is equipped with a water jacket which allows adjustment of the
temperature of the sample to be injected. The temperatures of the IR cell and
the injecting syringe are controlled by different temperature baths. For unfolding
experiments, the temperature of the injecting syringe is kept at low temperatures,
while the IR cell is kept at the desired unfolding temperature. For technical reasons
(leaking), the flow-through IR cell is typically not kept above 65ıC. For refolding
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Fig. 3.10 Scheme of T-jump setup developed to monitor protein unfolding/folding events in D2O
solution by time-resolved FTIR spectroscopy

experiments, the solution is kept in the injecting syringe at high temperatures (up
to 90ıC feasible) for a certain time interval to ensure complete H/D exchange of
all amide protons. Then, the solution is injected into the flow-through IR cell kept
at the desired refolding temperature. The injection of the solution is accomplished
using a pneumatic drive, which is triggered by an electric signal supplied from
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the spectrometer, such as described in Fig. 3.10 for the stopped-flow apparatus.
T-jump experiments with D2O-containing buffer are performed under the same
experimental conditions as the protein measurements. Each buffer spectrum is
subtracted from the protein spectrum taken at the corresponding time point after
initiation of the T-jump.

3.4 Examples of Applying T-Jumps onto a Protein Solution

3.4.1 Refolding of Wild-Type Ribonuclease T1
and Some of Its Mutants

Ribonuclease T1 (RNase T1) is a small globular, single domain protein with 104
amino acids. Its three-dimensional architecture, well characterized by several X-ray
crystal structures, consists of an ’-helix, extended antiparallel “-sheet with three
long and two short “-strands, a short two-stranded antiparallel “-sheet, four wide
loops, several turns, and two disulfide bonds connecting the C- and N-terminal
regions [25]. Because of its small size, thermal stability, and the availability of
efficient expression systems, RNase T1 has often been used as a model system for
protein folding studies. Moreover, its thermal unfolding is fully reversible even at
the relatively high protein concentration of �10 mg=ml typically required for IR
measurements. Native RNase T1 has four proline residues with P55 and P39 in cis
and P60 and P73 in trans conformation [25, 26].

It has been shown by several studies that certain variants where one or two amino
acid residues had been exchanged (e.g., wild-type RNase T1 and W59Y variant
RNase T1) altered the refolding kinetics of the protein coupled with the trans–cis
isomerization reaction of P39 [27]. In another study, the role of the proline bond
between S54-P55 that adopts a cis conformation in the native state on the refolding
process was investigated. This cis bond was substituted by a trans G-54-N-55 bond
by exchanging proline in position 55 by an asparagine and serine in position 54
by a glycine yielding the variant protein S54G/P55N. This RNase T1 variant was
known to refold after initial dilution of the denaturant by simplified kinetics. After
a very rapid collapse to intermediates exhibiting already a native-like structure with
the proline in position 39 still in the trans conformation. The rate-limiting trans–
cis isomerization reaction then synchronizes the following refolding processes in all
regions of the protein [28].

3.4.1.1 Structure Formation in RNase T1 Wild-Type and RNase T1 Variant
S54G/P55N Under Destabilizing and Stabilizing Conditions

Infrared spectroscopy turned out to be ideal for studying the refolding processes of
the wild type and certain variants of RNase T1 after a rapid temperature jump using
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the techniques and devices described above [29, 30]. In the following, an example
of a study on folding events in the millisecond to minutes time range is given.

Before initiating the T-jump, the protein D2O/buffer solutions were kept for
10ı min at 65ıC in the injecting syringes (see Fig. 3.10). This temperature is well
above the thermal denaturation temperature .Tm � 54ıC/ of RNase T1 [31], which
ensured their unfolding and avoided complications due to trans–cis isomerization.
The pneumatic drive used, triggering, spectrometer settings, data acquisition, and
evaluation were as described above and in [29, 30]. To obtain difference spectra for
discrete incremental time intervals, single-beam spectra were ratioed as described in
[29]. The kinetic data were obtained by selecting spectral bands specific for certain
structural elements.

Figure 3.11 displays the spectral changes observed for the RNase T1 variant
S54G/P55N in discrete time intervals after inducing the refolding process by a
temperature jump. In these difference spectra positive bands are due to arising
structures, whereas negative intensities are due to vanishing structures.
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Fig. 3.11 FTIR difference spectra observed during the refolding of the RNase T1 variant
S54G/P55N in discrete time intervals after a T-jump (a) under destabilizing conditions (T-jump
from 65ıC to 45ıC) and (b) under stabilizing conditions (T-jump from 65ıC to 20ıC). The
difference spectra were calculated according to log.St1 =St2 /, where St1 is the single-beam
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signal to noise ratio, time corresponding absorbance spectra from three independent experiments
were averaged over various time intervals at the expense of time resolution. The corresponding
time intervals are given at the right margin for the averaged spectra. All difference spectra were
expanded according to the cited scaling factors at the left margin in order to obtain comparable
intensities
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To discuss the ongoing structural changes in the RNase T1 variant after a
rapid T-jump, some band assignments are necessary: The low-frequency band at
1,626 cm�1 and the high-frequency band at 1,679 cm�1, both resulting mainly from
transition dipole coupling, have been assigned to antiparallel “-sheets [7,31,32]. The
band component at 1,643 cm�1 has been tentatively assigned to overlapping bands
of irregular structures, turns and loops, or ’-helices. Spectral contributions between
1,620 and 1,500 cm�1 of fully H/D-exchanged proteins are due to amino acid
side-chain vibrations. The bands at 1,587 and 1,577 cm�1 arise from asymmetric
carboxylate stretching vibrations of the amino acid side-chain groups of aspartate
and glutamate, respectively, whereas the band at 1,515 cm�1 results from the
aromatic ring stretching vibration of tyrosine [31, 32]. These amino acid side-chain
marker bands, the tyrosine band in particular, are very useful in monitoring the
formation of tertiary structure in proteins by means of FTIR spectroscopy [20, 29].

A comparison of the difference spectroscopic features observed in the various
time intervals after a temperature jump from 65ıC to 45ıC (destabilizing conditions)
reveals practically no qualitative differences for the various IR marker bands during
the whole time course of refolding (Fig. 3.11a). This indicates a highly cooperative
two-state refolding process which involves all structural elements simultaneously
and is not complicated by the accumulation of intermediates.

Under stabilizing conditions (T-jump from 65ıC to 20ıC, Fig. 3.11b) the
temperature-induced refolding of the RNaseT1 variant S54G/P55N turned out to
be more complex. Clearly, the difference spectra observed within the first 18 s of
the refolding process are different from each other, indicating that the renaturation
process under stabilizing conditions is not as cooperative as at 45ıC. In the
time range between 18 and 270 s, the folding events are more cooperative and
resemble closely the corresponding difference spectra shown in Fig. 3.11a. While at
destabilizing conditions (T-jump from 65ıC to 45ıC) the refolding of the protein
is already practically finished within 270 s, the difference spectra obtained at a
refolding temperature of 20ıC still show significant amplitudes particularly at 1,625
and 1,643 cm�1. These bands generally indicate changes in “-sheet and irregular
structures of proteins, respectively. Interestingly, after approximately 270 s only
the low-frequency “-sheet, but not the corresponding high-frequency component
near 1,679 cm�1, exhibits positive difference signal intensity. It was suggested
that the formation of ordered “-sheets is already completed and that only minor
rearrangements in the outer regions of the “-strands and/or terminal “-strand
segments are taking place in this late folding period [30].

The fitted kinetic refolding plots evaluated using two diagnostic IR marker
bands of the S54G/P55N variant and – for comparison – the RNase T1 wild-
type enzyme (corresponding difference spectra not shown here, see [30]) are
displayed in Fig. 3.12. From these kinetic plots, it is evident that the protein variant
refolds significantly faster to its native conformation than the wild type under both
destabilizing (Fig. 3.12a) and stabilizing (Fig. 3.12b) conditions.

This statement is supported by the more quantitative data given in Table 3.3,
which compare the kinetic time constants and amplitudes of the S54G/P55N
variant and the wild-type RNase T1 using time-dependent changes of the same



3 Millisecond-to-Minute Protein Folding/Misfolding Events Monitored 69

0.000

-0.005

-0.010

-0.015

0.000

-0.005

-0.010Δ 
A

bs
or

ba
nc

e
a b

1625 cm-11625 cm-1

0 100 200 300 500 1500

1515.6

1515.4

1515.2

1515.0

1514.8

Time, s

W
av

en
um

be
r/

cm
-1 Tyrosin-shift

0 100 200 300 500 1500

1515.4

1515.2

1515.0

1514.8

Time, s

Tyrosin-shift

65 °C 20 °C65 °C 45 °C
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marker bands shown in Fig. 3.12. The data of Table 3.3 indicate that under
destabilizing conditions (T-jump from 65ıC to 45ıC) the refolding process of
the two proteins can be resolved into two phases based on the marker bands
used. Furthermore, it is obvious that the S54G/P55N variant refolds to its native
conformation approximately twice as fast as the wild type. This fact suggests that
the trans ! cis prolyl isomerization of Pro 55 must play an important role as a rate-
limiting step in the refolding process of RNase T1 under destabilizing conditions
[30]. At stabilizing conditions (T-jump from 65ıC to 20ıC) the refolding pathway
of the S54G/P55N variant also proceeds faster and with simpler kinetics compared
to the wild type (see time constants and amplitudes of Table 3.3).

3.4.1.2 Structure Formation Within the Experimental Dead Time

The FTIR technique used offers an unique approach for the quantitative detection
also of those events occurring within the experimental dead time. Briefly, this is
obtained by calculating the difference between the total spectral changes observed
during a typical T-jump experiment and the spectral changes observed with the same
sample under equilibrium conditions in the same temperature range [29, 30, 33].
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Fig. 3.13 Refolding events within the experimental dead time as determined for the RNase T1
variant S54G/P55N. Total changes (curves 1, dashed lines) observed during a refolding experiment
under equilibrium conditions from (a) 65ıC to 45ıC and from (b) 65ıC to 20ıC. Difference
spectra were calculated from the absorbance spectra recorded at the corresponding temperatures
and corrected for changes due to unspecific temperature adaptation (for details, see [29,30]). Total
spectral changes (curves 2, solid lines) observed during the kinetic refolding experiment after T-
jump from (a) 65ıC to 45ıC and (b) from 65ıC to 20ıC. The difference spectra were calculated
between the corresponding averaged first five spectra which define a nominal dead time of �180 ms
with the actual experimental dead time (the first single-beam spectrum defines the experimental
dead time of �59 ms) and the last spectrum obtained after 30 min. Curves 3 (solid lines) at the
bottom of (a, b): Spectral changes occurring during the dead time of the T-jump experiments.
These double difference spectra were obtained by subtracting curves 2 from curve 1

Figure 3.13a shows the corresponding spectral changes observed for the S54G/P55N
variant between 65ıC and 45ıC under destabilizing conditions, and Fig. 3.13b
between 65ıC and 20ıC under stabilizing conditions. The difference spectra 1 and
2 in both figures show the changes under thermodynamic (equilibrium conditions)
and kinetic (T-jump) control, respectively. The double difference spectrum obtained
by calculating the difference between curve 1 (complete refolding events obtained
from the unfolding/refolding experiment under thermodynamic control) and curve
2 (total events detected between 180 ms and 30 min after induction of the refolding)
yields an almost flat line (curve 3 in Fig. 3.13a). This finding clearly suggests
that essentially no secondary structure and tertiary contacts are formed within the
experimental dead time .�180 ms/ under these conditions.

In contrast, under stabilizing conditions (T-jump from 65ıC to 20ıC, see
Fig. 3.13b, curve 3) considerable secondary structure and also significant parts of the
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tertiary structure are already formed within the experimental dead time as indicated
by spectral features at 1,643, 1,627, 1,577, and 1,587 cm�1, and the peak shift of
the tyrosine band at 1,515 cm�1. Since the latter three marker bands specifically
monitor tertiary structure formation, it was concluded [30] that a significant amount
of tertiary structure is already formed within the experimental dead time by rapidly
“trapping” the proline peptide bond in its “incorrect” trans conformation. Thus, the
species being generated within the experimental dead time can be considered to
form a folding intermediate, as it has already been stated by other authors using
different experimental conditions and techniques [27, 28, 34–38].

3.4.2 Unfolding of the �-Cro Repressor

The œ-Cro repressor, a small dimeric protein consisting of two identical polypeptide
chains, each containing 66 amino acids, is known to unfold via highly populated
intermediate states under certain conditions [39]. Figure 3.14 (bottom panels) shows
the IR spectra of the wild-type protein (left side) and an engineered œ-Cro repressor
variant, in which Val-55 is replaced by Cys, designated as Cro-V55C (right side),
measured at 20ıC (solid lines) and 55ıC (dashed lines). The spectra of the folded
proteins at 20ıC are dominated by three bands in the amide I0 region: bands at 1,624
and 1,678 cm�1 that confirm the presence of antiparallel “-strands and a band at
1,650 cm�1 that indicates the presence of ’-helical structures (see also Fig. 3.4d).
The interplay between changes in secondary structure and the state of association
upon unfolding of the wild-type protein (Cro-WT) and a number of engineered
variants was studied by FTIR spectroscopy and dynamic light scattering (DLS)
[40–42]. The combined approach revealed that the first thermal transition of the Cro-
V55C dimer involves the melting of the ’-helices and only parts of its native “-sheet
structure and that this event is accompanied by the formation of tetramers. The
wild-type protein, on the other side, was found to have lost all of its ’-helical and
also most of its native “-sheet structure at intermediate temperatures of 50–60ıC.
Thermal unfolding initiated by a rapid T-jump from 20ıC to 55ıC and monitored
by time-resolved FTIR spectroscopy permitted us to follow unfolding events on the
timescale of 10�1 to 103 s [43].

A quantitative comparison of the total spectral changes observed during the
T-jump experiments from low to intermediate temperatures (Fig. 3.14b, left side)
with those observed within the same temperature range for a corresponding
experiment performed under equilibrium conditions (Fig. 3.14a, left side) reveals
that a significant amount of the secondary structure of Cro-WT unfolds within the
dead time of the experiment. Moreover, the spectral changes observed at 1,624
and 1,650 cm�1 are slightly different from each other (Fig. 3.15a, b), indicating
that unfolding of the ’-helices of Cro-WT is completed prior to the changes of its
“-sheet structure [43]. Stabilization of the two protein subunits by a disulfide bridge
in the variant Cro-V55C drastically changes its unfolding behaviour. Practically
no changes at 1,650 cm�1, but clear spectral changes associate with the high- and
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Fig. 3.14 Bottom panels: IR spectra of Cro-WT (left side) and Cro-V55C (right side) measured
at 20ıC (solid lines) and 55ıC (dashed lines). Top panels: IR difference spectra observed during
formation of the intermediate states of Cro-WT (left side) and Cro-V55C (right side). (a) Total
changes observed during an unfolding experiment under equilibrium conditions between 20ıC
and 55ıC. (b) Total changes observed during a T-jump experiment from 20ıC to 55ıC. (c) Double
difference spectra (a minus b), representing the spectral changes occurring within the dead time
of the T-jump experiment. (d) Spectral changes observed between 79 ms and 1 s of the T-jump
experiment. (e) Spectral changes observed between 1 and 55 s of the T-jump experimentt

low-frequency “-sheet band components are observed immediately after the T-jump
(Fig. 3.14c, right side; Fig. 3.15c, d). This indicates that unfolding of the “-sheet
structure of Cro-V55C temporally proceeds before changes in regions of its native
’-helical structure occur. Moreover, quite different spectral changes in the region of
the “-sheet band components are observed for the wild-type protein and Cro-V55C
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Fig. 3.15 Kinetic plots (open circles) of the IR bands monitoring (a, c) unfolding of the ’-helices
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side). The plots are normalized to the total changes observed during unfolding experiments under
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within the first seconds after the T-jump (compare Fig. 3.14c, d, left and right side).
Most striking is a shift in peak position of the low-frequency “-band by 2 cm�1

for the variant (Fig. 3.15d), which is not observed for Cro-WT. This suggests that
unfolding of the ’-helices and disruption of parts of the native “-sheet structure of
Cro-V55C are accompanied by a reorganization of the “-strands that remain in the
tetrameric intermediate state of Cro-V55C at 55ıC [41].

3.5 Examples Making Use of Rapid-Mixing Methods

3.5.1 Refolding of ˛-Lactalbumin Studied by Stopped-Flow
Infrared Spectroscopy After a pH-Jump

’-Lactalbumin, the regulatory subunit of lactose synthase, is a 123 amino acids
containing protein with an ’-domain including four helices and a “-domain
containing a small “-sheet and a 310-helix that has frequently been used as a model
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system to study protein folding [44–46]. A high-affinity binding site for Ca2C-ions is
located in a loop between the 310 helix (“-domain) and an ’-helix (’-domain). The
calcium-bound native form (so-called holo-form) is more stable and less flexible
than the calcium free native conformation (apo-form). At acidic pH, ’-lactalbumin
forms the so-called partially folded A-state, also called a molten-globule state [47].
In the presence of calcium, the transition from the partially folded A-state at acidic
pH to the holo-form is known to proceed fast and cooperative. Moreover, the
presence of calcium during refolding leads to a nucleation mechanism after Ca2C-
binding and an early intermediate. Without calcium refolding is more complex and
nonnative secondary structures are formed transiently [45, 48, 49]. Stopped-flow
pH-jump FTIR experiments allowed to follow the refolding of ’-lactalbumin from
the A-state to the holo- and apo-form [50].

3.5.1.1 IR Spectra of ’-Lactalbumin Under Equilibrium Conditions

Figure 3.16a shows the absorbance spectra for the A (molten globule)-, holo-, and
apo-forms of ’-lactalbumin under equilibrium conditions. Obviously, the spectral
contours of the two native forms (holo and apo) are very similar, suggesting that
the presence of Ca2C has no major impact on the structure of the protein, which
is verified by their difference spectrum (Fig. 3.16b, red trace). Figure 3.16b shows
three difference spectra between the three different ’-lactalbumin forms shown in
Fig. 3.16a. These difference spectra clearly prove that the two native states are
indeed very similar. The two native conformations exhibit significant differences
only near 1,515 and 1,577 cm�1, indicating mainly differences in tertiary structure,
while minor differences in the amide I region not exceed the amount of 1–2%
of the total absorbance of the amide I band, suggesting only small differences in
secondary structure. The shift of the aspartate band from �1;588 to 1,577 cm�1

can be explained by the interaction of aspartate carboxylate side-chain groups
with Ca2C-ions in the holo-form. The positive and negative peaks appearing in
the difference spectra between the A-state and the two native states (Fig. 3.16b,
black and blue traces), respectively, correspond to approximately 5% of the total
absorbance of the amide I band, showing that the amount of secondary structure of
the A-state is already close to that of the two native forms of ’-lactalbumin. This
is in agreement with X-ray scattering studies which revealed that ’-lactalbumin at
acetic pH is rather compact with a radius of gyration only approx. 10% larger than
in the native state [51].

3.5.1.2 Refolding Kinetics of ’-Lactalbumin Monitored by Stopped-Flow
FTIR Difference Spectroscopy

Stopped-flow pH-jump FTIR experiments were performed to unravel differences
between the refolding process from the A-state to the holo-form, and the A-state to
the apo-form, respectively [50]. Refolding of the bovine ’-lactalbumin was initiated
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by mixing the protein solution at pH 2 (A-state, molten globule) with a basic solution
adjusted such that a final pD of �7:5 after mixing was obtained. 240 �l of protein
solution containing 20 mg/ml of the protein in D2O/DCl was mixed with 24 �l of a
basic solution containing 460 mM Tris and either 10 mM EDTA (apo) or 100 mM
CaCl2 (holo).

For rapid-mixing stopped-flow experiments, the device shown in Fig. 3.7 of this
chapter has been used to keep the temperature of the FTIR flow-through cell at 4ıC
to slow down the reaction rates (see also [50, 52]).
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Spectra were collected as a function of reaction time after mixing. The spectra
of Fig. 3.17a, b have been obtained by calculating the difference between the last
and any preceding time incremental spectrum. Thus, emerging structures produce
negative bands, whereas disappearing structures result in positive bands. Positive
and negative features converge to a zero line as the refolding process comes to
its end.
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Table 3.4 Rate constants for the apo and holoform of ’-lactalbumin as deduced from the various
difference peaks of Fig. 3.17 using a three-exponential fit [50]

k1Œs�1� k2Œs�1� k3Œs�1�

apo (without Ca2C) 0.046 0.0018 0.00094
holo (with Ca2C) 0.9 0.08 0.004

Both series of difference spectra shown in Fig. 3.17 indicate that the presence
or absence of Ca2C-ions has a strong influence not only on the general reaction
rates but also on the time-dependent appearance of structural elements that can be
identified by IR difference spectroscopy. This can be seen for the various secondary
structure-specific difference peaks in the amide I region and the difference features
attributed to various amino acid side-chain absorptions near 1,515 cm�1 (tyrosine)
and between 1,577 and 1,588 cm�1 (–COO� of aspartate). As expected, refolding
of the holo-form is faster than refolding of the apo-form and the time-dependent
appearance of the various structures is more cooperative for the holo- than for
the apo-form, as can be deduced from the qualitative structure of the difference
spectra. In the case of the apo-form, the structural elements appear at a slower
rate and are more complex (Fig. 3.17a). Different kinetic plots were constructed
using the different absorbance bands responsible for the various structural elements
present in ’-lactalbumin. Three rate constants for transient intermediates turned out
to be required to adequately fit the time-resolved FTIR spectroscopic data for the
formation of the holo- and the apo-form (Table 3.4) [50].

Apart from the fact that refolding of the apo-form to the native state was found
to be much quicker than for the holo-form, the kinetic IR data indicated a fairly
complex refolding process where the protein refolds via several intermediate states
after the dead time of the experiment [50].

3.5.2 Misfolding of “2-Microglobulin

Native “2m adopts a seven-stranded “-sandwich structure organized into two
antiparallel “-sheets linked by an intersheet disulfide bond and represents the
noncovalently bound light chain of major histocompatibility complex class I
molecules [53]. “2m is also the major component of the amyloid deposits that
are found in the musculoskeletal system in patients suffering from dialysis-related
amyloidosis [54]. Although one of the most extensively studied amyloidogenic
proteins [55], the mechanisms by which soluble “2m is converted into “2m-amyloid
fibrils in vivo are still largely unknown. In vitro, “2m has been shown to be stably
folded at physiological pH and intransigent to assembly into amyloid fibrils, and
it is assumed that partial unfolding of the native protein is required for fibrillation
to occur. Amyloid-like fibrillar structures of wild-type “2m can form easily and
with high yield under acidic conditions, when the protein is initially partially
or fully unfolded. Depending on the growth conditions used, fibrillar structures
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of different morphologies are formed [56, 57]. For example, long straight (LS)
fibrils can form spontaneously upon agitation at pH 2.5 and low ionic strength
[55]. Without agitation, “2m seems not to be fibrillogenic below pH 2.5 at low
ionic strength [58], but can form curved worm-like (WL) assemblies, also called
protofilaments. Although the amyloid fibrils formed under acidic conditions are
not stable at physiological pH [59, 60], and their relevance in vivo is consequently
unclear, these conditions are ideal for an analysis of the process of “2m assembly
under different kinetic regimes.

We have performed a series of experiments using IR spectroscopy and static
(SLS) as well as dynamic light scattering (DLS) to identify and characterize prod-
ucts emerging during assembly of “2m. Specifically, filamentous species formed
after adding sodium chloride to the acid-unfolded state of “2m were compared, and
their presence and kinetics of assembly are validated directly using the combined
IR and SDS/DLS approach. Moreover, we studied the impact of moderate and
extended heat treatment on the salt-induced filaments. The association of “2m
molecules was induced by adding a stock solution of 1 M NaCl in 10 mM DCl to
the acid-denatured protein sample outside the spectrometer. After mixing, 15 �l of
the sample mixture was filled into a home-made demountable IR cell [61] with an
optical pathlength of 50 �m, and IR spectra were collected in the normal scan mode
of the spectrometer. This simple hand mixing approach allowed us to measure the
first IR spectrum �2 min after initiation of the association process. In parallel, SLS
and DLS experiments were performed, providing information concerning changes
in molecular mass and hydrodynamic Stokes radii of the molecules at protein
concentrations and over time periods practically identical to those used for the IR
experiments.

The IR spectrum of native “2m in D2O buffer at pH 7.5 (Fig. 3.4f) is charac-
terized by a major amide I band at 1,633 cm�1 and a weaker band component at
1,682 cm�1, both together indicating the presence of intramolecular antiparallel “-
sheet structures, which disappear in the acid-denatured state in 2 mM DCl at pH
2.4 [10]. The addition of NaCl to the acid-unfolded protein induces the formation of
secondary structure, as indicated by the weak features at 1,631 and 1,682 cm�1 in the
spectrum of “2m 3 min after addition of NaCl (Fig. 3.18a, red trace). These spectral
features of the initially salt-induced state of “2m suggest the presence of “-strands
organized in an intramolecular-like fashion, which later disappear. On hour after
initiation of the association process, a new band component at �1;616 cm�1 is
observed (Fig. 3.18a, blue trace), whose intensity increases over the time. The strong
low-frequency band component at �1;616 cm�1 and a weaker band component at
�1;684 cm�1 indicate the presence of antiparallel intermolecular “-sheet structure
in the associates of “2m. DLS and IR experiments carried out over 2 days under
the same conditions reveal that the kinetics of intermolecular “-sheet formation
(Fig. 3.18b, red dots) and aggregation of the protein (Fig. 3.18b, open black squares)
are complex. A plot of the temporal changes of the intensity of the IR band at
1,616 cm�1 versus the changes of the relative apparent mass (Fig. 3.18c) reveals
two different phases of synchronous events of structure conversion and association.
A change in these processes is observed at the stage of octamers to decamers
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.Mrel 8–10). Electron micrographs of the “2m assemblies formed at pH 2.1 in the
presence of 0.2 M NaCl revealed short WL structures [10], such as obtained by
other groups under similar conditions [57, 62]. An increase in temperature of the
corresponding “2m samples in the IR or DLS cells from 25ıC to 50ıC within
2–3 min was able to disaggregate the WL assemblies, followed by the formation
of longer filamentous structures [10]. The IR spectra of the “2m sample exhibit
initially a loss of band intensity at 1,616 cm�1, followed by a pronounced increase
in intensity of this band as a function of incubation time at 50ıC (Fig. 3.18d).
Practically identical kinetics for unfolding/re-formation of “-sheet structure on
one side and disaggregation/reassociation of the “2m molecules are observed
(Fig. 3.18e). The linear correlation between change in IR signal and mass increase
over the entire time range (Fig. 3.18f) is clearly different from the salt-induced
changes described before (Fig. 3.18c). The long filamentous assemblies obtained
after incubation for days at 50ıC were not amenable to further structural changes
by heating up to 90ıC [10]. In contrast to that, extended heat treatment of the short
WL particles may induce major structural changes, leading to a species with an IR
spectrum different from that of the initial state (compare the blue and red traces in
Fig. 3.19a, b). Most strikingly is the lack of a high-frequency “-sheet component at
1,684 cm�1 in the spectrum after heat treatment, indicating that the intermolecular
“-sheet structure of the new state must clearly be different from that of the
initial state (Fig. 3.19c). The electron micrographs of the heat-treated assemblies,
characteristic for LS amyloid fibrils, are shown in Fig. 3.19d. Independent support
for a significant structural reorganization upon heat treatment comes from the
1 cm�1 difference in frequency of the tyrosine band for the two states (Fig. 3.19b,
blue and red traces).

Following theoretical calculations [4], we took the absence of the spectral
component at �1;684 cm�1 in the IR spectra of the LS fibrils as indicative for
a parallel organization of the “-strands in “2m fibrils [10]. In contrast, the IR
spectrum of the WL assemblies is dominated by a component at 1,616 cm�1

together with a weaker component at 1,684 cm�1, both together suggesting that this
nonnative intermolecular structure of “2m involves an antiparallel arrangement of
the “-strands. Very recently, direct proof for a parallel in-register arrangement of
“-strands in LS “2m fibrils, which is drastically distinct from that in native “2m,
came from magic angle spinning NMR [63] and electron paramagnetic resonance
experiments [62]. The latter report also provided evidence that the WL particles of
“2m do not adopt a parallel arrangement, such as observed for the LS fibrils. It is
interesting to note that the high-frequency “-band component is only very weak or
even absent in the IR spectra of LS fibrils of other proteins, such as insulin [64], the
SH3 domain [65, 66], lysozyme [67], transthyretin [68], ’-synuclein [69], amyloid
beta peptides [70], or peptide models [71, 72], and in the spectrum of natively
folded barstar as well (Fig. 3.4c), a protein composed of four helices and a three-
stranded parallel “-sheet. At the same time, different reports have shown that the
high-frequency component at �1;684 cm�1 is well expressed in the spectra of other
protein assemblies, such as oligomeric [70] or WL particles [71], and amorphous
aggregates [59, 64, 65]. Apart from uncertainties in correlating IR spectral features
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with three-dimensional structural details (Chaps. 2 and 9 offer a detailed discussion),
the observations described above support the assumption that a parallel organization
of “-strands might be a characteristic of well-organized LS fibrils and that such an
arrangement can be identified based on its IR spectroscopic characteristics. Further
experiments on other well-characterized amyloid fibrils, together with theoretical
considerations, should shed light on whether this assumption can be generalized.

Examples of IR spectra of different forms of “2m are shown in Figs. 3.20
(deuterated samples) and 21 (protonated samples). The spectrum of the heat-induced
amorphous aggregates (Fig. 3.20b) is clearly different from that of the native protein
(Fig. 3.20a) and those of “2m fibrils formed at 65ıC by agitating the protein
solutions at neutral pH and high ionic strength (Fig. 3.20c) or formed at 37ıC
by agitating the samples at acidic pH and low ionic strength (Fig. 3.20d). A high-
frequency band component, attributed to the presence of an antiparallel arrangement
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of “-strands, is missing in the spectra of the fibrils obtained at low and neutral pH
values, both in D2O (Fig. 3.20c, d) and in H2O (Fig. 3.21b, c). The assignment of the
spectral features at �1;662 cm�1 and �1;670 cm�1 in the spectra of the deuterated
(Fig. 3.20c, d) and protonated (Fig. 3.21b, c) “2m fibrils, respectively, is presently
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uncertain. Possibly, these band components reflect a characteristic arrangements
of “-strands in LS fibrils, which cannot be specified based on currently known
structure—spectrum correlations for natively folded proteins. A pronounced feature
at �1;662 cm�1 was also observed in the spectra of straight fibrils of the hamster
prion protein, but not in the spectra of curvy S-like fibrils of the same protein
obtained under different shaking conditions [73]. The authors suggested that the
band component at 1;662 cm�1 is indicative of “-turns and loops, despite the fact
that this spectral feature remained almost unaffected by heat treatment of the fibrils
[74]. Although detailed molecular interpretations of such IR spectra currently are
not possible, it is clear that the IR spectra are sensitive monitors of the arrangement
of “-strands in various aggregate states.

3.5.3 The ˛-to-ˇ Conversion Process of the Prion Protein

Following the protein only hypothesis, the prion protein (PrP) is the sole agent
causing a group of transmissible neurodegenerative disorders, the so-called prion
diseases or prionoses [75,76]. The crucial step in transmission and manifestation of
prion disease is the conversion of noninfectious cellular prion protein .PrPc/ exhibit-
ing mainly an ’-helical structure to the infectious multimeric prion protein .PrPSc/,
which is misfolded into predominantly aggregated “-sheet structures. The late
products of this process are amyloid fibrils and amyloid plaques [77]. The in vitro
conversion of PrP to amyloid forms with physical properties similar to PrPSc have
been investigated by numerous groups, including some using FTIR spectroscopy in
concert with other biophysical techniques [78–81]. To follow the kinetics of the con-
version of soluble PrPc into aggregated PrPSc species by FTIR techniques represents
an experimental challenge and has been approached only seldom so far [78, 82].

We have performed stopped-flow FTIR experiments with the recombinant Syrian
hamster prion protein comprising residues 90–232 .SHaPrP90–232/ [78] to study
the kinetics of the conversion process of a prion protein in vitro. Since the
amide I band components diagnostic for ’-helices and “-sheets are well separated
in the infrared spectra of proteins, changes in these types of structures can be
monitored simultaneously and independently. Moreover, intramolecular “-sheets
can be differentiated from intermolecularly aggregated “-sheet structures on the
basis of their IR spectra [61].

Figure 3.22 shows a typical second-derivative spectrum of a SHaPrP90–232

measured at pH 7 exhibiting relatively sharp band components assigned to amide
and amino acid side-chain groups. The prominent bands at both 1,651 (amide I)
and 1,551 cm�1 (amide II) are due to ’-helical, and the amide I component at
1,678 cm�1 is due to turn and/or loop structures. Only a very weak amide I band at
1,628 cm�1 possibly due to the small “-sheet structure in SHaPrP90–232 is visible.
The band at 1,517 cm�1 is attributed to the amino acid side-chain absorbance of
tyrosine [61].



86 H. Fabian and D. Naumann

Wavenumber / cm-1

²
cm

²
A

U
dd² A

1678
turns

1628

1551
-helix

1651
-helix

1200130014001500160017001800

1517
tyrosine

8 
 1

0-5
4 

 1
0-5

0

Fig. 3.22 Second-derivative spectrum of SHaPrP90–232 at pH 7 calculated from a typical
absorbance spectrum shown in Fig. 3.9

Under mildly acidic conditions (pH 4.2) and in the presence of low concentra-
tions of GdmCl .�1 M/ the recombinant prion protein undergoes a transition from a
monomeric ’-helical form to a “-sheet rich oligomeric form [78]. The stopped-flow
apparatus described in Fig. 3.8 permitted us to obtain highly reproducible IR spectra
of the prion protein at fairly low concentrations in protein/H2O solutions with
excellent signal-to-noise ratio. The structural changes observed for SHaPrP90–232

after a denaturant concentration jump from zero to 1 M GdmCl concentration
were kinetically followed using FTIR difference spectroscopy. The reaction-induced
difference spectra obtained at different times after this concentration jump of a
protein/GdmCl solution at pH 4.2 are shown in Fig. 3.23a.

These data clearly revealed two main events: (a) the loss of ’-helical structure,
indicated by a decrease in intensity at 1,653 cm�1, and (b) the formation of
antiparallel “-sheet structures, indicated by the emerging band components at 1,621
and 1,691 cm�1. The strong splitting between the low- and high-frequency amide I
components is indicative of the presence of intermolecular “-sheet structures with
very strong hydrogen bonds. Similar features were found in the IR spectra of other
ordered protein aggregates [80].

The kinetic curves obtained from the time evolution of the difference peaks at
1,621 and 1,653 cm�1 (Fig. 3.23b) show the increase in intermolecular “-sheet
structure synchronous with the decrease of ’-helical structure. The formation
of ordered aggregates was verified by dynamic light scattering and electron
microscopy, which revealed that the ’-to-“ transition is accompanied by a defined
oligomerization of the prion protein leading primarily to octameric aggregate
structures [78]. Long-term measurements after this initial appearance of oligomeric
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Fig. 3.23 The ’-to-“ conversion process of the prion protein SHaPrP90–232 in H2O solution
monitored by stopped-flow FTIR difference spectroscopy in the time window from 190 ms to
260 s. (a) Sixty difference spectra obtained after 1:1 mixing of the prion protein with 2 M GdmCl
at pH 4.2 (20 mM sodium acetate buffer). The final PrP and GdmCl concentration after mixing was
4 mg/ml and 1 M, respectively. All spectra were recorded continuously in the rapid-scan mode. The
pathlength of the CaF2 cell was approximately 8 �m. The difference spectra were calculated from
single-beam spectra according to log .Slast=Sn/, where Sn is the spectrum of the nth scan and Slast is
the spectrum of the last scan. (b) The ’-to-“ conversion kinetics of the prion protein SHaPrP90–232

were followed by using the amide I difference peak intensities at 1;653 cm�1 (’-helical structures)
and at 1;621 cm�1 (intermolecular “-sheet structures). Changes are given with respect to the last
spectrum obtained. Each data point represents the average of five individual measurements

structures over a time period of several days indicated that rearrangement of these
oligomeric structures to protofibrillar structures is not accompanied by significant
changes of secondary structure [78].

Summarizing, the data indicated that the use of FTIR stopped-flow difference
spectroscopy is a very appropriate technical approach to elucidate in vitro the
’-to-“ conversion process of recombinant PrP. The IR spectroscopic approach
is applicable to protein/H2O solution at protein concentrations relatively low for
FTIR experiments and should be useful in future for the investigations of other
amyloidonic proteins as well. The use of the micro stopped-flow device shown
in Fig. 3.8 allows to monitor the ’-to-“ conversion with sufficiently high time
resolution and excellent reproducibility. The advantage of IR spectroscopy in
following the ’-to-“-conversion is that bands specific for ’-helices, “-sheets, turns,
and a number of amino acid side chains are well separated. Thus, changes in these
types of structures can be detected independently.
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50. A. Troullier, D. Reinstädler, Y. Dupont, D. Naumann, V. Forge, Nat. Struct. Biol. 7, 78 (2000)
51. M. Kataoka, K. Kuwajima, F. Tokunaga, Y. Goto, Protein Sci. 6, 422 (1997)
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Chapter 4
Watching Dynamical Events in Protein Folding
in the Time Domain from Submilliseconds
to Seconds: Continuous-Flow Rapid-Mixing
Infrared Spectroscopy

Satoshi Takahashi and Tetsunari Kimura

Abstract A continuous-flow rapid-mixing infrared spectrometer was developed
to investigate the kinetic processes of protein folding in the time domain from
100 �s to seconds. The design of the developed devices and the practical issues
in applying the devices were discussed. The kinetic investigation for the folding
of apomyoglobin and single-chain monellin suggested that the collapsed folding
intermediates possess a hydrated and fluctuating core.

4.1 Introduction

Many dynamical events are involved in the protein folding process, in which
the native conformation of proteins is selected from the ensemble of unfolded
conformations. The native conformation is specific and determined by the primary
sequence of amino acid residues [1, 2]. In contrast, unfolded proteins formed in the
presence of high concentrations of denaturant behave as random coils, in which the
sampling of dihedral angles of one peptide bond is independent from the angles
of the neighboring peptide bonds [3, 4]. This interpretation further suggests that
the number of possible conformations of an unfolded polypeptide is astronomical
and that the search process of the unfolded proteins for the native conformation,
if it occurs randomly, might require an extremely long time [5]. However, actual
proteins can fold to native conformations within biologically relevant timescales.
This observation implies that the dynamics of protein folding is organized such
that the unfolded proteins can find the native conformation efficiently without
entrapment to misfolded or aggregated species. To understand the efficiency of the
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conformational search of actual proteins, it is important to characterize details of
the structural events of protein folding [6].

Infrared absorption spectroscopy has been used to elucidate the conformational
and dynamical properties of proteins [7–9]. In particular, the amide I band of the
peptide bond appearing at around 1; 660 cm�1 is related directly to dihedral angles,
hydration status, and hydrogen bonding of the peptide bonds. It can reveal detailed
structural and environmental information of proteins. Furthermore, the method
is useful to characterize proteins in solution without extensive data averaging.
Accordingly, the method is suitable for the characterization of transient phenomena
occurring in solution such as protein folding. The most general strategy to conduct
time-resolved observation of protein folding is the rapid mixing of the unfolded
protein solution with an excessive amount of the refolding buffer. Consequently,
infrared spectroscopy combined with the rapid-mixing method can reveal direct
information related to the dynamics of protein folding [10, 11].

For more than a decade, we have investigated protein folding dynamics by devel-
oping a continuous-flow rapid-mixing apparatus and combining the apparatus with
various spectroscopic and scattering methods [12–14]. The developed apparatus
achieved time resolution on the order of a hundred microseconds. The combination
of the mixing apparatus with infrared absorption spectroscopy is the most important
among our attempts; it entails various technical improvements in the spectrometer,
the mixing apparatus, and the sample preparations [15–17]. In this chapter, we
summarize the efforts of our group and others that have enabled rapid-mixing
infrared spectroscopy. In addition, we provide insight into protein folding obtained
through those efforts.

4.2 The Collapse and Search Mechanism of Protein Folding

4.2.1 The Protein Folding Mechanism Depends
on the Chain Length

The mechanism of protein folding is dependent on the chain length. Small proteins,
possessing chain length between ca. 50 and 100 residues, demonstrate perfect
cooperativity in protein folding, in which only the fully unfolded state and the native
state are involved [18–20]. Extensive investigation of the structure of the folding
transition states based on ˆ-value analysis suggested that the folding of small
proteins occurs in the smooth energy landscape without forming pseudo-stabilized
conformations [21–23]. In contrast, intermediate proteins possessing chain length
between ca. one hundred and several hundred residues usually possess several
intermediates in both equilibrium and kinetic conditions [18]. Large proteins, whose
chain length is greater than several hundred residues, frequently form irreversible
aggregates during the folding process and require cellular devices such as molecular
chaperons for correct folding.
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The origin of the difference in the folding mechanisms among proteins with
different chain lengths remains unclear. One explanation suggests that the inter-
mediate proteins comprise several domains; the formation of the intermediates
is ascribed to the organization of some domains before the folding of the entire
structure [21]. Another explanation includes the assumption that the intermediate
formation is associated with the dominance of a certain intramolecular interaction,
such as hydrophobic interaction, in a particular phase of protein folding [24].
A time-resolved investigation of the folding of the intermediate proteins, that is
the structural characterization of the successive intermediates appearing in time
series, would reveal how the intramolecular interactions are organized to construct
the overall structure.

4.2.2 Kinetic Investigation of Protein Folding
for Intermediate Proteins

Early investigations of the kinetic process of protein folding used stopped-flow
devices that can mix two solutions within several milliseconds [25]. These inves-
tigations demonstrated that many proteins form kinetic intermediates during the
mixing dead time of the device. The intermediates are generally collapsed, and
show large amounts of secondary structures and tertiary contacts mainly in the core
domain. Structural and kinetic properties of the kinetic intermediates are frequently
identical to those of the static intermediates, termed molten globule states [26–28].
The observations suggest that the molten globule state is a general intermediate of
protein folding [26]. To elucidate how and why the intermediates are formed, it is
necessary to resolve the formation process of the intermediates in the time domain
that is inaccessible by the stopped-flow devices.

We developed a continuous-flow rapid-mixing device and combined it with
various spectroscopic and scattering techniques. To detect overall dimensions of the
transient intermediates, we used small angle X-ray scattering (SAXS) [13]. We used
circular dichroism (CD) spectroscopy to obtain rough estimates of the secondary
structure content [12]. We characterized how the dimension and the secondary
structure content change in the folding process of three proteins, cytochrome c,
apomyoglobin (apoMb), and single-chain monellin (SMN) [12, 13, 29, 30]. The
results are presented in Fig. 4.1, in which the ordinate and abscissa, respectively,
represent the secondary structure contents and the radius of gyration in the various
kinetic states of these proteins.

Although the three proteins that were selected possess distinct secondary struc-
tures and overall shapes in the native state (Fig. 4.1), they showed a strikingly
similar folding mechanism. In case of cyt c, we detected a collapse as the initial
event occurring within several hundreds of microseconds, leading the unfolded
protein to the initial intermediate with a small amount of the secondary structures.
The second intermediate was subsequently formed with a time constant of several
milliseconds, which is similarly collapsed and which possesses an increased amount
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Fig. 4.1 Comparison of the folding trajectories for cytochrome c (cyt c), apomyoglobin (apoMb),
and single-chain monellin (SMN) in the two-dimensional conformational space defined by
secondary structural content (sum of the helix and “-sheet contents) deduced from the circular
dichroism spectroscopy and the radius of gyration .Rg/ obtained from the small angle X-ray
scattering. The circles, triangles, and squares, respectively, correspond to the folding trajectories
for apoMb, cyt c, and SMN [12–14, 30]. Modified from the original figure in [30]

of the secondary structures. Finally, the conversion of the second intermediate to
the native state was observed. The mechanism, in which the rapid and significant
collapse of the main chain is followed by the stepwise formation of the secondary
and tertiary structures leading to the native conformations, was commonly observed
for apoMb [29] and for SMN [30]. We designated these observations as the “col-
lapse and search” mechanism of protein folding [29]. Although the time-resolved
investigations described above clarified changes in the overall shape and secondary
structure of the proteins, details of the events remain to be clarified. In particular, CD
spectroscopy yielded rather good estimates for the secondary structure contents, but
detailed information related to the conformations and environments of the protein
backbone were lacking. We therefore initiated kinetic infrared investigations of
protein folding.

4.3 Development of Continuous-Flow Time-Resolved
Infrared Spectrometer

4.3.1 Comparison of Different Methods for Triggering
Protein Folding Events

To detect kinetic changes in the conformations of proteins based on spectroscopic
methods, it is necessary to initiate the structural changes of all molecules in
the observation volume simultaneously. Various laser-triggering methods were
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proposed to investigate the time domain shorter than several milliseconds, the limit
attainable by the stopped-flow apparatus. The most fruitful among these methods
is the laser-induced temperature jump [31–34] (see also Chap. 6). Using pulsed
infrared lasers, a rapid increase in the sample temperature as large as ca. 10 ıC
can be induced within 10 ns. The sample response, such as helix melting, can
be monitored after the jump. A disadvantage of the method is its difficulty in
characterizing the folding intermediates that are usually populated in the forward
folding process. In the unfolding process after the temperature rise, because of
the faster unfolding rate of the intermediate than that of the native state, the
intermediates do not usually accumulate.

Several other methods were similarly developed to initiate the forward folding
process using pulsed lasers [35–38]. For example, a photocleavable polar group was
labeled to hydrophobic residues of a protein to stabilize the unfolded state [37].
The folding processes were initiated by the photochemical disruption of the labeled
groups. A disadvantage of the method is a moderate quantum yield of the triggering
reactions, causing only a part of the molecules in the observation volume to be pho-
tocleaved. Accordingly, the response of proteins after laser excitation is frequently
the changes in only a fractional population of the molecules. In addition, the labeled
groups sometimes show spectral changes that overlap the region important for the
interpretation of the structural changes. Here, it is necessary to use spectroscopic
methods that can eliminate contributions from nonphotolyzed samples and from the
labeled groups.

In contrast to the methods that depend on the laser triggering, solution mixing
is superior in terms of several aspects. The latter method can initiate the forward
folding reaction of all molecules in the observation volume. By selecting a proper
method of protein unfolding, such as a pH jump, the spectral contribution from the
components other than sample protein can be minimized. Accordingly, the method
enables the detection of “pure” spectroscopic signals after rapid changes in the
solution condition. A disadvantage of the solution mixing method was its difficulty
in obtaining faster time resolutions. Several recent designs of devices now enable
the mixing of two solutions within several tens of microseconds [39]. We describe
the details of these mixing devices below.

4.3.2 Development of a Continuous-Flow Cell
with a T-Shaped Flow Channel

The continuous-flow rapid-mixing method was an early experimental protocol used
in the kinetic observation of chemical reactions. In 1923, the method was first used
in the investigation of the binding process of oxygen to hemoglobin by Hartridge
and Roughton [40]. The method was then replaced with the stopped-flow method,
which can drastically reduce the amount of the sample consumption compared
to that of the continuous-flow method [41]. However, the mixing dead time of
the current stopped-flow devices, several milliseconds, is close to the practical
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limit attainable by the device. A breakthrough in the time resolution of the rapid-
mixing experiments was realized by Regenfuss et al. [42, 43]. They returned to the
continuous-flow protocol and introduced a narrow gap (ca. 10 �m) by using a small
ball placed in a glass capillary to create turbulence at a relatively low speed of flow
(Fig. 4.2a). The device achieved mixing times of ca. 50 �s, which is more than two
orders of magnitude faster than that of the stopped-flow device. The device, a radical
departure from the stopped-flow protocol, became the prototype for all later designs
of the turbulent mixing devices by other researchers.

It was almost a decade later that the turbulent mixing method was used by other
researchers. Takahashi and Rousseau used a narrow mixing gap with diameter of

Fig. 4.2 Comparison of different designs of the continuous-flow rapid-mixing cells. (a) The
original ball-type turbulent mixer developed by Regenfuss et al. [42]. Two solutions supplied from
coaxial tubes (A and B) form turbulence at the interface between the ball and capillary wall. Inset
is the slice view of the exit of the mixer. The ball with a diameter of 50–100 �m is held by three
glass rods whose diameter is 10 �m. Redrawn from the original figure in [42]. (b) The T-shaped
turbulent mixer connected to quartz cell for resonance Raman measurements [48]. Two solutions
are supplied from two holes of a metal plate from the bottom, flow a thin channel (100 �m wide
and 25 �m depth), and enter an observation cell. Redrawn from the original figure in [48]. (c)
The T-shaped mixing channel sandwiching the mixing plate with window materials developed for
small angle X-ray scattering measurements [13]. Adopted from [13]. (d) The diffusive mixing
channel made on a silicon wafer [50]. A sample solution was supplied from the left channel, and
the solutions to be mixed are supplied from the top and bottom channels. The thickness of the
sample flow can be reduced to less than 1 �m by hydrodynamic focusing. The depth and width of
the channels are both 10 �m. Redrawn from the original figure in [50]
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less than 50 �m and length of 100 �m to mix two solutions and to create a free
running jet, achieving mixing time of several tens of microseconds [44, 45]. The
design of the mixing cell having no moving components was pursued further in the
subsequent investigations by Rousseau and his collaborators [48, 49]. They used a
“T-shaped” mixing channel and connected the exit of the channel to the entrance
of the quartz flow cell (Fig. 4.2b). The design can mix two solutions within several
hundreds of microseconds, and was used for resonance Raman investigation of the
folding reaction of cytochrome c [48, 49]. In contrast, Roder and his collaborators
used the ball-type mixer and connected it to a quartz observation cell [46, 47].
They used the device for investigation of the protein folding dynamics based on
fluorescence detection. The ball-type design is effective for creating the turbulent
flow and achieving the short mixing time. However, the performance of the mixer
is critically dependent on the location of the ball in the channel, which must be
adjusted carefully. In contrast, the design without moving components enables us
the easy reproduction of the mixing time, although the mixing time is somewhat
longer than that achievable by the ball-type mixer.

Takahashi et al. further improved the T-shaped design without moving com-
ponents so that the device could be incorporated into various spectroscopic and
scattering techniques [13]. The central component was a stainless mixing plate
in which the T-shaped slit was carved (Fig. 4.2c). By sandwiching the plate
between two windows, the mixing and observation channels can be constructed in a
single device. For X-ray scattering measurements, mylar film was used as window
material. For infrared absorption spectroscopy, calcium fluoride was used [15]. The
mixing time of the device can be reduced to less than one hundred microseconds.
Due to the reproducibility of the mixing time, the device can be easily disassembled,
cleaned, and used after reassembly without a calibration of the mixing time.

Another strategy of mixing solutions within a short period is the diffusive mixing
device [50]. In the first report, Knight et al. constructed a “crossroad-shaped”
channel and injected a sample solution from the left inlet, and a solution to be
mixed from the top and bottom inlets (Fig. 4.2d). The three streams of the solutions
form a lamellar flow in the observation channel on the right. The sample flow
thickness can be adjusted to less than a micrometer by hydrodynamic focusing,
and the molecules from the side flows can diffuse into the sample flow with the
shortest duration of ca. 10 �s. The device, first used for the time-resolved X-ray
scattering experiments [51], was later applied for the kinetic infrared study of
protein unfolding processes [52]. Currently, the diffusive mixer is frequently used
in single-molecule fluorescence detection [53]. However, the diffusive mixer might
not be best suited for kinetic infrared spectroscopic measurements, because the thin
sample flow required for the faster mixing makes it difficult to acquire infrared high-
quality spectra.

Several recent investigations have aimed at reducing the mixing time of the
continuous-flow method. One design realized by our group used “premixing gaps”
for the initiation of turbulence in the two parent solutions before their introduction
to the mixing point, achieving a mixing time of ca. 11 �s [39]. The mixing channel
was constructed on a stainless plate by using a laser ablation technique. The other
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design used three repeats of an alcove and achieved a mixing time of ca. 22 �s [54].
Here, the channel was constructed on silicon by using photolithographic techniques.
These results suggest that the mixing time can be further shortened by improving the
channel design and by reducing the size of mixing channel based on the technologies
to construct microfluidic devices.

In summary, the continuous-flow rapid-mixing method presents a practical
approach for kinetic investigations of protein folding in the time domain of several
tens of microseconds. In particular, the mixing device based on the T-shaped mixing
channel sandwiching the mixing plate with window materials is of most practical
use because of its reproducibility and ease of handling.

4.3.3 Construction of the Time-Resolved Spectrometer
Based on Infrared Microscopy

Time-resolved spectrometers based on the continuous-flow rapid-mixing method
are surprisingly simple compared to their stopped-flow counterparts. For the
stopped-flow method, the synchronization of stopped-flow mixing and scanning
of the interferometer requires a rather complex electronic configuration. Care-
ful mechanical insulation of the mixing device from the spectrometer is also
necessary. In contrast, the continuous-flow method can be constructed easily
merely by installing the mixing device, which causes no mechanical vibration,
inside conventional spectrometers with no additional modification of the electronic
configuration.

The only practical consideration when installing the rapid-mixing device into
the spectrometer is how to focus the infrared beam into the narrow flow channel.
We used a Cassegrain-type infrared microscope (UMA-500; Bio-Rad Laboratories
Inc.) connected to the Michelson interference spectrometer (FTS-575C; Bio-Rad
Laboratories Inc.), and placed the T-shaped mixing cell on the sample stage of the
microscope (Fig. 4.3). The use of the microscopic system is advantageous because
the optical alignment can be confirmed easily by visualizing the image of the flow
cell. Time-dependent changes in the folding reaction were detected by adjusting the
distance between the mixing point of the mixer-flow cell assembly and the focusing
point of the infrared light. We used a mercury cadmium telluride (MCT) detector
for infrared detection. Although it is sensitive, the MCT detector has a nonlinear
response to the infrared light intensity, which sometimes degrades the spectra after
subtraction of the baseline and background lines of moisture. We introduced an
optical filter before the sample stage, which cuts the infrared light over 2;300 cm�1

and maintains the intensity of the light within the linear response regime of the MCT
detector.

The quality of the spectrum obtained by our kinetic spectrometer is sufficient for
detailed investigations of protein folding. At the typical protein concentration of ca.
2 mg/ml dissolved in D2O solution and with the optical path length of 100 �m, the
optical density of the amide I band is about 0.08. With about 60 s of accumulated
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Fig. 4.3 (a) Schematic drawing of the system for time-resolved infrared measurements based on
the rapid solution mixer. Solution mixing is performed using the T-shaped mixing plate in which
the two solutions are introduced continuously and mixed. The infrared spectra are observed by
focusing the infrared light on the observation channel of the mixing plate. The time-resolved
measurements are performed by varying the distance between the mixing point and the observation
point or by varying the flow velocity. (b) The detailed representation of the mixing point. The
protein solution and refolding buffer are supplied from the top and bottom channels, and then flow
through the observation channel. (c) The complete mixing was confirmed using the discoloration
reaction of a dye solution. After mixing of sodium acetate (flowing from the top) and bromocresol
purple (flowing from the bottom), the solution in the observation channel turns yellow within
100 �s

data, noise at around 1;600 cm�1 can be reduced to less than 0.0005 in optical
density, which is sufficient for analysis of the main chain structures. To cancel the
contributions of the water vapor lines, which may change sensitively according to
small fluctuations of temperature and pressure, we used a tandem syringe pump that
can switch the sample and reference flows without intervention (Fig. 4.3). Using the
tandem pump, we observed the sample and buffer spectra almost simultaneously
and obtained the “clean” difference spectra. Additionally, we covered the entire
microscope with a glove box filled with dry air, and controlled the sample flow
using an automated valve installed inside the glove box. We usually applied a
solution flow of 0.17 ml/s to detect the fastest point that corresponds to 150 �s after
the mixing. In this way, the sample consumption after 60 s of data accumulation
is about 10 ml. Consequently, the current system can acquire time-resolved data
with a high signal-to-noise ratio while consuming a reasonably small amount of
sample.

It is worth noting here that the time range after several milliseconds cannot be
followed by the above continuous-flow mixers because the turbulence required for
the mixing cannot be generated at the low flow speed. Events in the millisecond
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time range can be investigated using stopped-flow approaches, but the use of
continuous-flow method is sometimes advantageous for infrared spectroscopy
because the method generates no mechanical vibration during its operation. To cover
a larger time range, several static mixers can be connected to the flow observation
cell of the infrared spectrometer. In our group, we developed a continuous-flow
mixing cell to cover the time range from 10 to 25 ms in collaboration with Unisoku
(Hirakata, Japan) (Fig. 4.4) [16]. To cover the time range between several tens of
milliseconds to more than seconds, we used a nanomixer designed by Upchurch
Scientific Inc. (Oak Harbor, WA) [55] and connected it to the flow channel for the
infrared detection. The use of several mixing devices enabled us to monitor the
entire time range of protein folding from several tens of microseconds to several
seconds, based on the continuous-flow protocol.

Fig. 4.4 (a) Schematic drawing of the continuous-flow mixing device for observations in the time
domain from 10 to 25 ms. The mixing point was engraved at the stainless cap, which is pushed
against the observation assembly by CaF2 plates (thickness of 2 mm) and the stainless observation
plate (thickness of 100 �m). IR light is focused on the flow channel .100 � 100 �m/ of the
observation plate. The time-resolved measurements are performed by varying the flow velocity.
(b) Detailed representation of the mixing point: The two solutions of protein and refolding buffer
are sent to the up and down channels. The two solutions are mixed at the narrow channels, and
then sent to the observation plate though the center channel
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4.4 Practical Issues for Kinetic Infrared Investigations
of Protein Folding

4.4.1 Selection of the Initial Unfolded State

The initial state of proteins when performing kinetic folding experiments is
frequently the unfolded state in the presence of high concentrations of denaturants
[56]. The use of denaturants, however, is unsuitable for infrared measurements
because common denaturants such as urea and guanidinium possess a strong
absorbance in the amide I region. Although the absorption band can be shifted
by isotopic substitution of the denaturants [57], it is not practical for continuous-
flow experiments that consume a rather large amount of samples. Accordingly,
we commonly use the pH-induced unfolded state as the initial state for kinetic
infrared investigations.

However, not all proteins demonstrate pH unfolding [58]. In some cases, the
conformational states formed at extremely low pH conditions are not the unfolded
state but an intermediate state [59]. It is also worth noting that the structural
property of the acid- or alkaline-unfolded states usually differs from that of the
denaturant-unfolded states [60]. For example, the acid-unfolded state of apoMb is
slightly structured compared to that of the urea-unfolded state [61]. Accordingly,
in designing the kinetic infrared experiments, it is necessary to check carefully the
reversible pH unfolding and the properties of the pH-unfolded state.

The use of rapid-mixing infrared spectroscopy for the investigation of protein
folding is still limited. This can be attributed to the scarcity of proteins that
demonstrate reversible pH unfolding transitions. The use of other unfolding methods
that can unfold proteins without spectral contribution of the denaturant in the
amide I region is strongly desired to expand the applicability of kinetic infrared
spectroscopy. One of the candidates for such unfolding reagent is dimethylsulfoxide
(DMSO), which is a strong denaturant and possesses no absorbance in the amide I
region [62]. However, compared to urea or guanidinium, the property of DMSO
as denaturant has not been fully understood. The development of a new unfolding
technique is warranted for use in kinetic infrared investigation.

4.4.2 Suppression of the Aggregate Formation

Even if we can find a proper condition for the reversible pH unfolding, another
requirement exists that the protein of interest must fulfill for the success of the
kinetic infrared measurements. The infrared measurements require concentrated
proteins, typically around 2 mg/ml. In such a condition, it is sometimes the case
that the intermediates form dimeric or higher multimeric (aggregate) components
during the kinetic folding process. In fact, all proteins we have examined to date
formed aggregates during the initial trials of the pH-jump experiments; thus, a large
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share of our experimental effort was directed to the survey of conditions that can
avoid aggregate formation.

The order of the events in the process of the aggregate formation is the
initial formation of the collapsed and monomeric intermediate from the unfolded
state within several hundreds of microseconds, and its subsequent conversion to
dimeric and multimeric conformations. Accordingly, a proper choice of the protein
concentration, pH, and buffer composition in the solution after the mixing is
important. The aggregates form more easily in the electronically neutral state.
Consequently, pH near the isoelectric point should be avoided. The other choice is
the use of a cosolvent that can attenuate the hydrophobic interactions. For example,
the addition of 10% ethanol as a cosolvent increases the critical concentration of
aggregate formation of the molten globule state of apoMb [63].

Regarding apoMb, another strategy was effective to eliminate the aggregate
formation [29]. We presumed that a small amount of the damaged molecules present
even in the purified sample might form a conformation that is prone to attract other
molecules, and thereby becomes the “nucleus” of the aggregates. To prevent the
formation of aggregates through this mechanism, we developed the double-jump
technique. The apoMb solution was subjected to the first refolding pH jump without
conducting spectroscopic measurements. The solution after the first jump was
slightly turbid caused by the formation of a small amount of aggregates, which
were removed by centrifugation. The major monomeric component was collected,
concentrated, and then used in a second jump for the spectroscopic measurements,
in which the aggregate formation is minimized. This method might be applicable
for other protein systems as well.

4.4.3 Method of Spectral Analysis

Information related to the secondary structure contents and the environment around
the amide backbone was obtained by analysis of the IR spectra in the amide I
region. The method of data analysis obtained using the kinetic infrared spectroscopy
is identical to that used for the other infrared applications. Determination of the
number of the peaks, peak frequencies, widths, and relative area of components
under the broad amide I band contour is the key procedure [7–9, 64–66]. Although
several techniques such as resolution enhancement by Fourier self-deconvolution
and Gaussian fitting have been widely accepted, the unambiguous determination
of the fitting parameters always constitutes a difficult problem. Regarding kinetic
spectroscopy, we can take advantage of the time-resolved spectra that are obtained
at almost identical experimental conditions. Accordingly, analysis of all the time-
resolved spectra based on consistent fitting parameters would reduce the ambiguity
of the spectral analysis.

For analysis of the data obtained for apoMb [16], we first determined the number
of the peaks buried in the amide I region of all the time-resolved spectra using
a combination of Fourier self-deconvolution and second-derivative calculation.
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Second, to fix the peak frequencies, the self-deconvoluted spectra were fitted with
the Gaussians without restricting the peak frequencies. The most probable frequency
was obtained by using averages of the frequencies of the corresponding peaks
in the time-resolved spectra. Third, to determine the averaged width for each
peak, the self-deconvoluted spectra were again fitted by Gaussians with fixed peak
wavenumbers, but with unrestricted widths. Finally, the relative area of the peaks
was estimated by fitting the original data using the Gaussians with fixed frequencies
and widths.

For analysis of the data of single-chain monellin [17], we used a different
approach. We first conducted a global fitting analysis of the entire time-resolved
data and estimated the “pure” spectra for two kinetic intermediates. The resultant
spectra were resolution-enhanced using Fourier self-deconvolution, and fitted by
Gaussians, whose number and peak frequencies were determined using the fourth
derivative of the original spectra.

The relative areas of the peaks estimated using the procedures described above
should be considered as rough estimates of the secondary structure contents of
proteins [67, 68]. Amide I mainly originates from the CDO stretching vibration
of amides, whose intrinsic frequency is modulated by hydrogen bonding and an
electrostatic potential [69–71]. Furthermore, the transition dipole coupling between
the neighboring amides splits the amide I into several lines having different
intensities [69, 72]. The assignments of the deconvoluted lines of amide I to the
representative secondary structures are based on the accumulated knowledge of the
spectra of proteins with known structures. With these limitations in mind, however,
the band fitting analysis yields important information on protein folding dynamics.

4.5 Application to Protein Folding

4.5.1 Pioneering Investigations of Rapid-Mixing
Infrared Spectroscopy

The application of the continuous-flow rapid-mixing method to kinetic infrared
spectroscopy was first reported by Marinkovic et al. [73]. They designed a turbulent
mixing cell with a dead time of ca. 0.5 ms, and combined it with a strong infrared
beam generated at a synchrotron facility. They observed the conversion process of
the acid-unfolded cyt c to the molten globule intermediate stabilized using 400-mM
KCl. Kaufmann et al. developed a diffusive mixing cell and observed the unfolding
process of “-lactoglobulin induced by mixing with trifluoroethanol (TFE) [52].
The characteristic time of the diffusion of TFE to the protein solution was 0.4 ms.
A distinct intermediate with a loosely packed “-sheet structure was identified before
the formation of the nonnative ’-helix. Kimura et al. studied the helix formation
process of polyglutamic acid after a rapid pH jump based on kinetic infrared and
CD spectroscopic techniques [15]. They used the turbulent mixer with a T-shaped
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mixing channel, and observed helix formation and elongation processes after the
pH jump.

4.5.2 Apomyoglobin

4.5.2.1 Sequential Folding Scheme of Apomyoglobin

Apomyoglobin (apoMb), the apo form of myoglobin, comprises 153 residues.
Myoglobin is a fully helical protein possessing eight helices termed A–H [74].
ApoMb retains the overall conformation of myoglobin except for a part of E helix
and the terminal of H helix that are fluctuating in the native conformation [75].
ApoMb forms an acid-unfolded state at pH 2.0, which possesses ca. 5% of helices
as judged from its CD spectrum in the far UV region. Some NMR investigations
have shown that it is the A helix that forms a fluctuating helix [61, 76]. In contrast,
the unfolded state prepared in the presence of a high concentration of urea possesses
no secondary structures. The radius of gyration .Rg/ of the acid-unfolded state
is 29.7 Å, which is smaller than that of the urea-unfolded state (34.2 Å) [29, 77].
Consequently, the acid-unfolded state is slightly structured compared to the urea-
unfolded state. In addition, apoMb forms an equilibrium intermediate at pH 4.2,
which is one of the representative examples of the molten globule state [26].
Hydrogen–deuterium exchange experiments demonstrated that the intermediate
possesses the partially formed helices A, G, and H [78]. Furthermore, there exist
specific tertiary contacts among the three helices [79, 80]. A pulsed hydrogen–
deuterium exchange experiment demonstrated that a conformation identical to that
of the equilibrium intermediate at pH 4.2 is formed within the burst phase of the
pH-jump experiments [81].

Several detailed investigations of the kinetic process of apoMb folding revealed
that the folding intermediate is separable into two components [82, 83]. The first,
formed at around pH 3.6, is the form that appears first after the pH jump from 2.0 to
6.0 [82]. The first intermediate is in equilibrium with the second intermediate, which
is stable at pH 4.2 and which is the rate-limiting intermediate. The presence of those
two intermediates is further supported in the kinetic CD and SAXS investigations,
whose results are summarized in the two-dimensional plot for Rg and secondary
structure content (Fig. 4.1) [29]. The first intermediate is formed within 300 �s
after the pH jump. It is collapsed .Rg D 23:7 Å/ and possesses partial helix contents
(30%). The form converts to the next intermediate with a time constant of ca. 5 ms,
and increases its secondary structure content to 44%.

Consequently, the folding of apoMb involves the acid-unfolded state, the two
intermediates, and the native state. By conducting a time-resolved infrared investi-
gation on the folding of apoMb by rapidly changing the solution condition from pD
2.2 to pD 6, we can expect to observe detailed changes in main chain conformations
associated with the initial rapid collapse and the stepwise secondary structure
formation.
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4.5.2.2 Kinetic Infrared Spectra of Apomyoglobin Folding
and Their Analysis Based on Band Fitting

We first examined the equilibrium unfolding transition of apoMb by obtaining
amide I spectra at various conditions, and analyzed them based on fitting using
seven Gauss functions assignable to turns .1;666=80=95 cm�1/, a buried helix
.1;652 cm�1/, a disordered structure .1;644 cm�1/, a solvated helix .1;633 cm�1/,
and a loop .1;619 cm�1/ (Fig. 4.5) [64–66]. The native protein at pD 6.0 possesses
a sharp amide I centered at 1;650 cm�1 corresponding to the mostly helical
conformation (Fig. 4.5a). The band fitting of the spectrum gave 39% of buried helix
and 14% of solvated helix [84, 85], whose sum is in accord with the helix content
estimated by CD spectroscopy (55%) [29]. The spectrum for the intermediate at
pD 4.2 suggests that the amounts of buried and solvated helices are 20% and 24%,
respectively, whose sum (44%) is somewhat larger than that estimated using CD
spectroscopy (33%) (Fig. 4.5b) [29]. In contrast, the acid-unfolded state at pD 2.2
possesses a broad spectrum with a shoulder at 1;630–1; 640 cm�1, which was shown

Fig. 4.5 Infrared absorption spectra in the amide I region for various equilibrium states of apoMb.
The panels (a), (b), and (c) respectively present spectra obtained for samples in the acid-unfolded
state at pD 2.2, in the intermediate state at pD 4.2, and in the native state at pD 6.0 (red traces).
The spectrum at pD 2.2 was obtained in the absence of ethanol. The spectra at pD 4.2 and 6.0
were obtained in the presence of 10% (v/v) ethanol. The traces were fitted by Gauss functions for
turns at 1;619 cm�1 (black trace), solvated helix at 1;633 cm�1 (light blue), disordered structure at
1;644 cm�1 (navy blue), buried helix at 1;652 cm�1 (orange), and turns at 1,666, 80, and 95 cm�1

(dark green, green, and pale green) [16]
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to possess sizable amounts of buried (16%) and solvated (19%) helices (Fig. 4.5c).
The IR spectrum of the urea-unfolded state (not shown), which is distinct from that
of the acid-unfolded state, is broadly centered at around 1;645 cm�1, suggesting the
fluctuating and unfolded conformation.

The results presented above demonstrate the advantages and the possible short-
comings of the analyses of amide I based on the band fitting. The analysis largely
reproduced the structural changes of apoMb obtained using different spectroscopic
methods. For example, the content of the helical structures for the intermediate
at pH 4.2 estimated from the CD spectroscopy, 33%, was ascribed to the helices
A, G, H, and a part of helix B [78, 86], which is consistent with the current
results (44%). In addition, the current results provided insight into the distinction
between solvated and buried helices. In contrast, the analyses of the amide I spectra
did not agree with the results of the other spectroscopic methods for the acid-
unfolded state. As we discussed above, band fitting is a qualitative method of
spectral analyses, established by comparing amide I spectra and three-dimensional
structures of the folded state of many proteins. Accordingly, the results of band
fitting used to analyze the conformations in the unfolded states should be interpreted
with care.

We next conducted kinetic pD-jump experiments by changing the solution pD
from 2.2 to 6.0 (Fig. 4.6), and analyzed the time-resolved spectra based on the fitting
procedure described above. After changes in pD, the amide I spectra demonstrated
a rapid and drastic change showing an increase in the amount of helix after the
pD jump (Fig. 4.6a). There exists a shoulder at around 1;630–1;640 cm�1 for
components obtained immediately after the pD jump, demonstrating the presence
of a substantial amount of solvated helices. As time proceeds, the amide I shifts
to higher wavenumbers, corresponding to the formation of the buried helix. These
trends are reflected in the subtraction spectra (Fig. 4.6b) and in the amide I band
fitting results (Fig. 4.7). The amount of the solvated helix increased significantly
from 19% of the acid-unfolded state to 25% of the transient conformation at 100 �s.
This amount remains almost constant in the time range from 100 �s to 5 ms, in
which the first intermediate is mainly populated, and decreases slightly in the time
range from 10 to 23 ms, in which the second intermediate is mainly populated.
In contrast to the solvated helix, the content of the buried helix is low in the
conformation immediately after the pD jump (19%). In the final phase occurring in
the time domain longer than 10 ms, the increase in the buried helix and the decrease
in the solvated helix were observed.

The kinetic infrared investigation of the folding of apoMb demonstrated clearly
that a significant amount of solvated helix is accumulated immediately after the pD
jump. The kinetic SAXS experiments for the apoMb folding demonstrated that the
initial event after the pD jump is the collapse of the main chain [29]. The temporal
coincidence of the two kinetic events suggests that the helix formation is associated
with the collapse of the main chain, which should be promoted by hydrophobic
interactions. However, the current result further demonstrated that the environments
around the backbone amides remain hydrophilic after the collapse. Desolvation, the
process that converts solvated helix to buried helix, occurs at the slowest kinetics of
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Fig. 4.6 Time-resolved infrared absorption spectra for the folding process of apoMb. (a) The
representative spectra are presented as obtained at 100 �s; 500 �s, 3 ms, 10 ms, and 20 ms after
initiating folding by the pD jump from 2.0 to 6.0. Static spectra corresponding to Uacid and N are
also presented. (b) The kinetic difference spectra for the folding process of apoMb initiated by a
pD jump from 2.0 to 6.0. The differences between the time-resolved data and the spectrum for the
initial state was calculated. The difference spectrum between the spectra for the native state and
the acid-unfolded state was also presented for comparison. Adapted from [16]

apoMb folding, suggesting that dehydration of the hydrophilic amide group might
be the rate-determining step in protein folding.

4.5.3 Single-Chain Monellin

4.5.3.1 Folding Intermediates of Single-Chain Monellin

Single-chain monellin (SMN) is a “-sheet protein with 94 residues [87] comprising
a five-stranded “-meander and an ’-helix [88, 89]. SMN shows reversible alkaline
unfolding. The folding dynamics of SMN initiated using a pH jump from 13.0 to
9.4 involves two kinetic intermediates, I1 and I2, which were proposed as connected
between the unfolded state (U) and the native state (N) sequentially [30]. The kinetic
CD and SAXS measurements demonstrated that I1, formed within 300 �s after the
pH jump, possesses a small amount of secondary structures with a collapsed oblate
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Fig. 4.7 Kinetic changes in the secondary structure contents of apoMb in its folding process after
the pD jump. The time-resolved data were analyzed based on the band fitting procedure. Filled
circles, open squares, open diamonds, and open triangles respectively correspond to the contents
for the solvated helix at 1;633 cm�1, the disordered structure at 1;644 cm�1, the buried helix at
1;652 cm�1, and the turns at 1,666, 80, and 95 cm�1. Adapted from [16]

shape. I1 converts to I2 possessing an increased amount of secondary structures and
a dimension that is indistinguishable from N with a time constant of 14 ms. The
conversion of I2 to N occurs with a time constant of 1.2 s. To explain the rapid
construction of the oblate shape with a minimum amount of a detectable “-sheet,
we proposed that the formation of “-turns and the hydrophobic collapse drive the
rapid construction of I1. Detailed analyses of the secondary structure content in
each intermediate based on the kinetic infrared spectroscopy are expected to provide
insight into the organization process of the “-sheet.

4.5.3.2 Kinetic Infrared Investigation of the Folding
of Single-Chain Monellin

We conducted time-resolved infrared measurements based on the continuous-flow
mixers to follow the folding of SMN upon a pD jump from 13.0 to 9.4 and
obtained time-resolved spectra in the time domain from 100 �s to 10 s [17]. The
time-resolved data possess no isosbestic points, suggesting the formation of the
kinetic intermediates (Fig. 4.8a). To analyze the kinetic data quantitatively, we
performed global fitting of the entire set of the kinetic IR spectra based on the
sequential folding model, in which the intermediates are formed in the order of
I1; I2, and N. The calculated spectra and the second derivatives for each kinetic
component are presented respectively in Fig. 4.8b, c. The time-dependent changes
at several wavenumbers are plotted in Fig. 4.8d. We obtained two rate constants of
10:0 ˙ 0:7 s�1 and 0:91 ˙ 0:15 s�1, respectively, for the first and second transitions.
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Fig. 4.8 (a) Time-resolved infrared spectra during the folding of SMN. Only 12 of 34 spectra are
shown for clarity, corresponding to the initial unfolded state at pD 13.0 (bold blue), kinetic data
at 150 �s (red), 12 ms (blue), 50 ms (green), 90 ms (orange), 100 ms (black), 200 ms (dotted red),
600 ms (dotted blue), 800 ms (dotted green), 2 s (dotted orange), 10 s (dotted black) after the pD
jump, and the native state at pD 9.4 (bold black). (b) Infrared spectra for the kinetic components
analyzed using the global fitting procedure based on a sequential folding scheme. Extracted spectra
correspond to I1 (red), I2 (green), and N (black). The spectrum of the unfolded state at pD 13.0
(blue) is shown for comparison. (c) The second-derivative spectra of U (blue), I1 (red), I2 (green),
and N (black). (d) Time courses of the changes in the difference absorbance at 1,621 (red), 1,629
(blue), 1,654 (green), 1,677 (black), and 1;687 cm�1 (orange). Continuous lines are obtained by
fitting based on the double exponential with the rate constants of 10.0 and 0:91 s�1. (e) Time
courses of the population of each component; I1, red; I2, green; N, black. Modified from the
original figures in [17]

The populations of the kinetic components are plotted in Fig. 4.8e. The success of
the data analysis verified the sequential folding scheme with two kinetic components
established earlier [30].

The spectrum of I1 that accumulates from 100 �s to 10 ms is distinct from
that of U. The conversion of U to I1 corresponds to the burst phase, which is
similarly observed in the kinetic SAXS and CD measurements. In the second-
derivative spectrum of I1, we identified a component assignable to a solvated helix
(1;637 cm�1; ca. 11% content) and weak negative features at 1,666 and 1;675 cm�1

assignable to turns. The presence of turns and absence of “-sheet in I1 support our
earlier proposal that the formation of I1 might be driven by the turn formation.
In addition, the presence of a significant amount of solvated helix suggests that
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the N-terminal helix might be formed and become a part of the loosely assembled
core in I1. The second-derivative spectrum of I2 shows a feature of solvated helix
at 1;637 cm�1 (12%) and a split pattern of “-sheet at 1;625 cm�1 (34%) and
1;680 cm�1 (3%). Although the total content of solvated helix and ’-helix (17%) is
comparable to that of N (17%), the total content for “-sheet (37%) for I2 is smaller
than that of N (43%), indicating that the formation of “-sheet is not completed in I2

and that additional stabilization of secondary structures is necessary to form N.
The major and minor amide I band components characteristic of “-sheet for

I2 and N might be interpreted in terms of the hydration status of the main chain
amides. The two components in I2 (1,625 and 1;680 cm�1) had both shifted to lower
frequencies than those of N (1,629 and 1;687 cm�1). The average and difference
of the major and minor amide I components correspond to the intrinsic frequency
and the twice the dipolar coupling constant between the nearest C D O groups
in the adjacent strands. The intrinsic frequency for “-sheet in I2 is shifted to lower
frequency by 4:6 cm�1. We assigned the shifts to result from the hydration of C D O
groups in the “-sheet for reasons similar to those proposed for solvated ’-helix
[84, 85]. A similar low-frequency shift of the intrinsic frequency for “-sheet was
observed in the equilibrium intermediates of SMN, in which the shift in the peak
of tryptophan fluorescence to longer wavelength was observed. Together with the
presence of the significant amount of solvated helix in I2, we proposed that the
core domain formed in the interface between N-terminal helix and “-sheet might be
hydrated.

By comparing the kinetic infrared results with the time-resolved SAXS, CD, and
fluorescence data [30], detailed structural information for the kinetic intermediates
is obtainable. The collapsed I1 consists of the loosely assembled core and some
specific structures such as N-terminal solvated helix and turns. These structures are
expected to fluctuate, however, because a hydrophobic extrinsic dye cannot bind
to I1. In contrast, in I2, a more structured core is suggested by the binding of the
hydrophobic dye, which is consistent with the formation of solvated helices and
solvated “-sheets, and with an overall oblate shape that is indistinguishable from N.
The final process of the SMN folding is the conversion of the water-penetrated core
to the dehydrated core and the additional stabilization of secondary structures.

4.6 Summary and Perspective

Time-resolved infrared spectroscopy based on continuous-flow rapid-mixing
devices revealed detailed information related to the mechanism of secondary
structure formation and the protein main chain dehydration in protein folding
(Fig. 4.9). Comparison of data obtained using infrared spectroscopy and other
techniques suggests that the arrangement of the ordered secondary structures
occurs slowly after the main chain collapse and formation of the overall shape.
Furthermore, these results demonstrate that the folded structures of proteins are
constructed in several steps.
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Fig. 4.9 Schematic representation of the mechanism of protein folding deduced from the time-
resolved infrared spectroscopy based on rapid-mixing devices. The unfolded protein is expanded
and fully hydrated. Red balls represent water molecules around the main chain. The unfolded state
converts to the initial intermediate within several hundred of microseconds, which is collapsed and
possesses partial secondary structures such as hydrated helix and turn. The second intermediate
is more structured with significant amount of secondary and tertiary structures; however, a large
fraction of the main chain is still hydrated. The formation of the native state from the second
intermediate is associated with the desolvation of the main chain and is the rate-limiting step in
protein folding

The initial event observed immediately after the initiation of the folding process
of apoMb and SMN is the formation of solvated helices and turns (Fig. 4.9,
upper right). For SMN, the split amide I lines characteristic of “-sheet were
not detected in the initial intermediate. Both, turns and helices are stabilized by
intramolecular interactions between the residues located within a short range along
the polypeptide chains. In contrast, the formation of “-sheet structure requires
hydrogen bonding between residues separated along the polypeptides, and might
not be formed in the initial process. The time-resolved SAXS measurements showed
that both apoMb and SMN are already collapsed in the initial intermediate [29, 30].
Consequently, the initial collapse, driven by hydrophobic interaction of the side
chains, is concomitant with the formation of solvated helices and turns. We infer
that the elements of the secondary structures stabilized by the local interactions
might help the rapid collapse of the main chain and the formation of the core
domain.

In contrast to the moderate content of the secondary structures in the initial
intermediate, the secondary structure content increased significantly in the second
intermediate to the level that resembles the static molten globule state (Fig. 4.9,
lower left). In the case of apoMb, the conversion of the initial intermediate to the
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second intermediate engenders the increase and decrease in the amounts of buried
and solvated helices, respectively, suggesting partial desolvation of the interface of
helices. For SMN, the conversion of I1 to I2 involves the appearance of the split
amide I lines, demonstrating the formation of the hydrogen bonded network of
the “-sheet. These observations support the earlier proposal that the kinetic phases
occurring after the collapse of the main chain represent the search for the correct
secondary and tertiary structures.

The noticeable difference between the second intermediate and the native state
is in the solvation status of the main chain. The kinetic infrared spectroscopy
demonstrated a low-frequency shift of amide I lines unequivocally for both helix
and “-sheet in the second intermediate. The main chain amides are polar, forming
a strong hydrogen bonding with water in the unfolded conformation. Accordingly,
the embedding of the main chain amides inside the core of the native protein was
explained to entail a large energetic cost [90,91]. The observations based on kinetic
infrared spectroscopy underscore the importance of the energetic costs of main chain
dehydration in the dynamics of protein folding.

A kinetic infrared investigation of the folding of the intermediate proteins
demonstrated that the folding of this class of proteins occurs in multiple phases,
each of which is likely dominated by intramolecular interactions of different types.
We observed a rapid collapse that is concomitant with the formation of partial
helices and turns, which is ascribed to the hydrophobic interactions and to the local
interactions. The collapsed intermediate then turns to the second intermediate, in
which the contacts between the side chains separated for longer distances along
the primary sequences are formed. A partial expulsion of water is associated
with conversion of the first intermediate to the second intermediate. Finally, the
conversion of the second intermediate to the native structure occurs as a result of
the complete expulsion of water from the core domain. Based on these observations,
we suggest that the presence of folding intermediates in the intermediate proteins is
associated with a larger contribution of the interactions promoting the collapse of
protein main chain, such as the hydrophobic interaction and the turn formation, in
the early folding phase.

Many questions must be addressed in future investigations of protein folding
based on kinetic infrared spectroscopy. For example, it is now possible to decrease
the mixing dead time of the rapid-mixing devices to 10–20 �s by designing
microfluidic channels for efficient mixing [39,54]. With this time resolution, the pro-
cesses involved in the burst phase that lead to the formation of the collapsed domain
might be resolved. Moreover, the structural identification of specific locations and
regions of the main chain is now possible by introducing isotopes site specifically.
The use of isotope-edited samples for the rapid-mixing infrared investigation would
add a new structural information. Development of a new unfolding method that do
not interfere with the detection of amide I, such as the DMSO-induced unfolding,
would expand the number of proteins that can be investigated by the kinetic
infrared spectroscopy. Such investigations will give a clearer view on the molecular
mechanism of protein folding.
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Chapter 5
High-Pressure Vibrational Spectroscopy
Studies of the Folding, Misfolding
and Amyloidogenesis of Proteins

Roland Winter, Matthias Pühse, and Jonas Markgraf

Abstract A review is given for high-pressure Fourier-transform infrared (FTIR)
spectroscopy studies on biomolecular systems with a special focus on proteins. After
reviewing the experimental techniques, we present data on the pressure-induced un-
and refolding reaction of proteins as well as studies on enzyme reactions. Finally,
studies on macromolecular protein mimetics and recent advances in using pressure
for studying misfolding and aggregation/fibrillation of proteins are discussed.

5.1 Introduction to High-Pressure Bioscience

Interestingly, the greatest part of our biosphere on Earth is in the realm of
environmental extremes, and for several decades now, the limits of the existence
of life have been pushed to unexpected extremes of pressure, temperature, pH and
salinity [1]. Although extreme temperatures and pressures significantly influence
the structural properties and thus functional characteristics of cells, this has not
prevented life from invading the cold and high-pressure habitats of marine depths
(69% of the surface of the earth is covered by oceans, and the average pressure
on the ocean floor is about 380 bar .0:1 MPa D 1 bar; 1 GPa D 10 kbar/). For
example, deep-sea sediments and hydrothermal vents are densely crowded with
barophilic–thermophilic (i.e. pressure- and heat-adapted species). Psychrophilic–
barophilic (cold- and pressure-adapted) species, which live at �2ıC, are found on
the deepest ocean floor (depth �10;900 m) in the Mariana Trench and in deep-
sea sediments [2–5]. The significance of extremophiles and extreme conditions
of temperature, pressure, solvent conditions and water activity for biotechnology,
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medicine and research into the origin of life and early evolution has been discussed
in stimulating monographs [4,5]. One fascinating example is given by small animals
called Tardigrades. They become immobile and shrink into an arrest state when
the humidity of the surroundings decreases. In such a state, they can survive
temperatures from �253 up to 151ıC and pressures up to 6 kbar, whereas they are
killed at about 2 kbar under normal conditions [6].

From a more physical–chemical point of view, in contrast to increasing tem-
perature, which is characterized by energy and volume effects due to thermal
expansivity, pressure effects are mainly due to volumetric aspects via the compress-
ibility of the system. Interest in pressure as a thermodynamic and kinetic variable
has been growing in studies of biological materials in recent years [1,7–15], and for
the following reasons: (a) Changing temperature of a system at atmospheric pressure
produces a simultaneous change in thermal energy and volume; therefore, to sepa-
rate thermal and volume effects, one must carry out also pressure-dependent exper-
iments. (b) Because noncovalent interactions play a primary role in the stabilization
of biochemical systems, the use of pressure allows one to change the intermolecular
interactions in a controlled way, without the major perturbations often produced by
changes in temperature or cosolvent concentration. (c) Pressure affects chemical
equilibria and reaction rates. Le Châtelier’s principle predicts that the application
of pressure shifts an equilibrium towards the state that occupies a smaller volume
(standard reaction volume �V o < 0), and accelerates processes for which the transi-
tion state has a smaller volume than the ground state (activation volume �V # < 0).
Hence, with the knowledge of �V o and �V # values, one can then draw valuable
conclusions about the nature of the reaction and its mechanism. (d) The viscosity of
the solvent can be changed continuously by pressure. (e) One can extend the range
of conditions and carry out experiments at subzero temperatures still within the
liquid state. For example, protein solutions can be studied at subzero temperatures
to investigate their cold-denaturation behaviour. Apart from equilibrium aspects,
information is also obtained on the dynamics of the system in view of the relation
between the isothermal compressibility and the volume fluctuations [7].

Pressures used to investigate biochemical systems generally range from 1 bar
to 10 kbar. Such pressures only change intermolecular distances and affect confor-
mations, but do not change covalent bond distances or bond angles. The covalent
structure of low-molecular-mass biomolecules (peptides, lipids and saccharides),
as well as the primary structure of macromolecules (proteins, nucleic acids and
polysaccharides), is generally not perturbed by pressures up to about 30 kbar.
Pressure acts predominantly on the conformation, quaternary and supramolecular
structures of biomolecular systems.

In this chapter, we introduce Fourier-transform infrared (FTIR) spectroscopy
as one of the major techniques for investigating pressure effects on biomolecules,
such as proteins, and soft condensed matter in general, and we discuss selected
results of pressure studies on the structure, phase behaviour and kinetic properties of
proteins and synthetic macromolecular systems serving as simple protein mimetics.
The experimental principles used in high-pressure FTIR spectroscopy are discussed
as well.
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5.2 Fundamental Concepts: Stability Diagram of Proteins

The protein folding reaction is one of the most crucial steps during the life of a
protein. If some failure occurs in achieving the native functional conformation, this
will generally render the protein totally inactive, or even worse, it can produce a
misfolded molecule that can interfere or block components of the cellular machinery
to the point of causing cell malfunction or even death. In recent years, it has
become evident that a wide range of human diseases are associated with aberra-
tions in the folding process [16]. These diseases, which are also coined “protein
conformational diseases”, include Alzheimer’s disease (A“-peptide), Parkinsons’s
disease (’-synuclein), prion-protein-related encephalopathies and type II diabetes
mellitus (islet amyloid peptide, IAPP). Since the discovery of high-pressure-induced
protein unfolding and denaturation by nobel laureate P. W. Bridgman in 1914 [17],
it has been shown in many studies now that hydrostatic pressure may also lead
to disruption of the intra- and intermolecular interactions maintaining the native
protein structure, which is accompanied by a decrease of the volume of the protein–
water system, and simultaneous unfolding [7–15]. Subsequently, high hydrostatic
pressures (HHP) have also been shown to be effective for disaggregation and
refolding of proteins from insoluble aggregates prepared in vitro [18, 19].

The appropriate way of expressing the thermodynamic stability of a protein
appears to be a multidimensional function of temperature, pressure and solution
conditions, yielding an energy landscape as a multi-dimensional surface. When
the solution conditions (pH, salt and cosolvent concentration) are kept constant,
the stability of the protein is a simultaneous function of temperature and pressure,
only. The Gibbs free energy difference �uG between the denatured (unfolded, U)
and native state (N), relative to some reference point T0; p0 (e.g. the unfolding
temperature at ambient pressure), can be approximated – assuming a second-order
Taylor series of �uG.T; p/ expanded with respect to T and p around T0; p0 – as
[10, 20]:

�uG D �uG0C�u�

2
.p�p0/

2C�u˛.p�p0/.T �T0/��uCp

�
T

�
ln

T

T0

�1

�
CT0

�

C �uV0.p � p0/ � �uS0.T � T0/; (5.1)

where �u�; �u˛, and �uCp refer to the changes in compressibility, expansibility
and heat capacity upon unfolding (index u). �uV0 is the change in partial molar
volume of the protein in state U relative to N, also at the reference point (T0 and
p0). Generally, the volume change for unfolding is given by

�uV.p; T / D VU.p; T /�VN.p; T / D �uV0 C�u˛.T �T0/��u�.p�p0/: (5.2)

The entropy and volume changes of unfolding may be decomposed into intrinsic
contributions of the protein and those of the hydration shell. The transition line,
where the protein unfolds upon a temperature of pressure change, is given by
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Fig. 5.1 Schematic pressure
and temperature stability
diagram of a typical
monomeric protein [20].
Different routes of unfolding
of the native protein as well
as the corresponding
thermodynamic changes are
depicted. Heat denaturation is
often accompanied by
irreversible aggregation
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�uG D 0. The physically relevant solution of the curve in the p; T -plane has an
elliptic-like shape (Fig. 5.1). Exposure of nonpolar groups upon unfolding tends
to bind and immobilize water molecules, thereby decreasing their entropy. This
process is strongly temperature dependent. Its experimental signature is the positive
heat capacity increment change at constant pressure, �uCp > 0 (as has been
determined by calorimetry).

According to the stability diagram shown in Fig. 5.1, both pressure and cold can
also be used to destabilize proteins and have also been used to destabilize protein
aggregate and fibrils, which is facilitated by a combination of factors: HHP leads
to a weakening of hydrophobic interactions in general. Moreover, the presence of
cavities within the folded proteins or in the interface of oligomers can favour the
unfolding or dissociation of these structures. If the water molecules fill the cavities
when they become accessible upon unfolding or dissociation of the proteins, this
leads to a volume decrease and the event is hence favoured under high pressure.
Also the dissociation of electrostatic interactions leads to a marked reduction in the
volume caused by electrostrictive effects of water molecules around the unpaired
charged residues exposing charged groups. In a similar way, solvation of polar
groups results in a decrease in volume of the solution [7, 8, 18–20].

5.3 Experimental Methods

5.3.1 High-Pressure FTIR Spectroscopy

The variety of chemical groups present in amino acid side chains, the amide group
itself, and the possible presence of prosthetic groups (e.g. in the case of hemoglobin)
give rise to several vibrational bands that can be sensitive to structural changes
induced in the protein molecule upon changes in environmental conditions, such as
temperature and pressure. Out of seven existing infrared bands stemming from the
peptide linkage, the amide-I band proved to bear most significant information for
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a detailed characterization of protein’s secondary structure [21–27]. The amide-I
band appears in the wavenumber region 1,600–1;700 cm�1 and is due to the in-
plane C D O stretching vibration (80%) weakly coupled with C–N stretching
and in-plane N–H bending of the amide groups in proteins and polypeptides. As
the energy of this vibration depends strongly on the presence and geometry of
hydrogen bonding, the wavenumber of the amide-I band is subjected to changes in
secondary structure, in which the particular amide bond is involved. As globular
proteins generally contain segments of different substructures, the amide-I band
usually appears as a broad band with several more or less pronounced maxima,
and the changes in the relative intensities of these maxima are widely used for
monitoring the changes in the conformational substructures of proteins. It should
also be stressed that these wavenumbers might depend themselves on factors such
as solvation of the polypeptide chain and possible distortions within helices [28].
Although similar to the case of the amide-I band, secondary structure assignments
of the component frequencies to the amide-II band can be carried out. Generally
high-pressure FTIR studies on proteins do not take advantage of the amide-II band
other than monitoring of the pressure-enhanced H/D exchange, however [27]. The
exchange rate is measured by following the decrease in the intensity of the amide-II
band with time. This infrared band shifts to a wavenumber of 1,458 cm�1 when
the protein atoms of the amide group are replaced by deuterium atoms. One of the
advantages of IR spectroscopy over other methods for the H/D exchange study is
that the conformational structure of the protein can be monitored simultaneously
during the measurement of the H/D exchange rate constants.

As high pressure generally causes compression of chemical bonds equivalent
to changes of the force constants between the involved atoms, pressure-induced
wavenumber-shifts are frequently observed [27]. While this so-called elastic pres-
sure effect is usually revealed by blue-shifting bands, hydrogen-bonded systems,
such as proteins, often show a red shift of the IR bands, which is due to a
strengthening of the O : : : H hydrogen bond at the expense of the C D O bond
strength. The wavenumber versus pressure plots generally feature a negative slope
for inter- or intrachain hydrogen-bound structures (as ’-helices and “-sheets), and
a positive slope for water-bound random coil [27]. Next to this elastic pressure
effect, changes in secondary structure, e.g. upon unfolding of proteins, may be
detected [27, 29–37]. Qualitative analysis of the secondary structure components
can be carried out in a rather straightforward manner by conventional resolution
enhancement methods (such as second derivative or Fourier self-deconvolution).
It has been advocated that deconvolution coupled with multiband-fitting is a good
option for quantitative analysis of protein high-pressure infrared spectra [31–37].
Quantitative analysis may be complicated by several factors, however. Firstly,
the different elements of protein secondary structure may feature different molar
absorption coefficients, i.e. transition dipole moments [27, 28, 38]. Also, IR protein
studies often call for D2O as the solvent, which is due to the strong absorption of
H2O in the amide-I spectral range. The isotopic substitution of solvent is followed
by H/D exchange of exchangeable protein protons, which is revealed as a red shift
of amide-I and amide-II bands (completely deuterated bands are marked as amide-I0
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and amide-II0, respectively). The red shifts are rather insignificant for the former, but
large for the latter band. Undeniably, H/D exchange complicates protein spectra,
but, as its rate depends strictly on the accessibility of the polypeptide chain to
solvent, it conveys important information about the protein compactness and its
changes under high pressure [27]. Although IR studies of proteins dissolved in
H2O may be useful, the requirement for D2O becomes generally mandatory in
high-pressure FTIR spectroscopy, because, when a diamond anvil cell is used, the
metal spacer (gasket) between the two diamonds has to be sufficiently thick (that
is usually 0.05 mm, instead of only 0.006 mm for H2O-based protein solutions at
ambient pressure), which would drastically increase the intensity of the overlapping
H2O band.

5.3.2 Diamond Anvil Cell Technology

The most effective and convenient device for high hydrostatic pressure generation in
FTIR spectroscopy is the diamond anvil cell (DAC) [39,40], which is schematically
depicted in Fig. 5.2. The principal mode of operation is as follows. Force is
generated via compression of a spring, which is then transmitted with the help of a
metal lever on the upper diamond anvil. The diamond then presses on the sample,
which is maintained by a metal gasket and the lower diamond [41]. This gasket
normally consists of a circular plate of stainless steel with a drilling in the middle,
where the sample is applied upon. The thickness of the gasket depends on the
absorptivity of the sample as well as on the intended maximal pressure. Typically,
values of 30–50 �m for biophysical applications with D2O as solvent and pressures
up to �10–15 kbar are used. One of the main advantages of this setup is the very
low amount of sample required for the high-pressure measurement (several �L are

Gasket

Sample

Connection for
thermostatization
(Water bath)

Spring for force
transmission to
diamond anvils

Fig. 5.2 Schematic drawing of a diamond anvil cell (DAC). The upper part shows the two diamond
anvils with the gasket (grey) and the fluid sample in between. Thermostatization of the apparatus
is possible via connection to a water bath
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sufficient to fill the DAC). In fact, the effective pressurized initial volume is typically
only around 10 nL, assuming a gasket thickness of 50 �m and a drilling diameter of
0.45 mm. The excess volume is squeezed out when closing the cell.

A further important issue is the choice of the diamonds. Normally, type IIa
diamonds are used for the anvils, as they consist of pure carbon without spec-
troscopically unfavourable impurities, such as in type Ia and Ib diamonds, which
are contaminated with nitrogen, and in type IIb diamonds that contain traces of
boron [42]. With the diamond absorption between 2,650 and 1,800 cm�1, there
are free spectral windows for the investigation of biomolecules between 3,100
and 2,800 cm�1 as well as between 1,800 and 1,300 cm�1, when using D2O as
solvent. As all kinds of diamonds absorb strongly around 2,000 cm�1, one is left
with sapphire windows as an option for high-pressure studies in this spectral range,
e.g. for studies of the ligand conformation in carbon monoxide-bound proteins [43].
Sapphire, however, has mechanical properties inferior to diamond, thus limiting the
range of accessible pressures to a few kbar.

5.3.3 Pressure Calibrants for Infrared Spectroscopy

When applying the DAC for high-pressure infrared studies, one has to rely on
indirect methods for pressure determination, as the use of a manometer is not
possible. In the last decades, three main calibrants were developed. First, the R1

fluorescence line of ruby [44], second the phonon bands of ’-quartz and finally the
symmetric sulphate stretching mode of BaSO4 [45, 46] (see Table 5.1).

The ruby method, prime in physics, has several disadvantages in biophysics.
As it can be seen from Table 5.1, the fluorescence band is in the VIS- region of
the electromagnetic spectrum, so it is necessary to exchange the spectrometer for
pressure determination. Furthermore, as it was developed primarily for geophysical
applications, the ruby fluorescence shift is not precise enough for pressures up to
�10 kbar, the range being of prime interest in biophysics, and the strong laser
irradiation needed for fluorescence excitation might damage sensitive biomolecules.
’-Quartz or BaSO4 is generally the calibrant of choice. BaSO4 may be superior,
as it exhibits a sharp and pronounced band, whose position changes linearly
with pressure (blueshift of 0:41 cm�1 kbar�1). In contrast, the phonon bands of
’-quartz are significantly broader and might suffer from stronger spectral noise
due to diffraction from coarse crystallites, which renders pressure determination
less precise. It should be mentioned that the initial position of the BaSO4 signal

Table 5.1 Pressure calibrants for high-pressure infrared spectroscopy

Pressure calibrant Associated spectroscopic band

Ruby 14;405 cm�1 (694.2 nm)
˛-Quartz �798=695 cm�1

BaSO4 �983 cm�1
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is temperature dependent; it shows a red shift when temperature is elevated. The
exact position also depends on the chemical environment, so the initial peak
position should be determined at each temperature and for each new sample loaded.
The general accuracy of pressure determination by the BaSO4 method is about
˙200–300 bar [46], which is sufficient for most biophysical applications.

As the diamond windows of the DAC absorb quite strongly in the Mid-IR region,
the incident IR beam should have enough intensity and the detector sufficient
sensitivity. The first requirement can be met by using lenses or mirror-based
beam condensers, which focus the beam onto the pinhole of the DAC, whereas
the second problem can be solved by implementing nitrogen-cooled mercury–
cadmium–telluride (MCT) detectors. Especially the type MCT-A possesses the
required sensitivity to generate spectra with a high signal-to-noise ratio.

There are only limited data available considering the pressure stability of buffers.
High hydrostatic pressure is known to favour the dissociation of ion pairs due
to the volume reduction associated with electrostriction of water. Compilations
of pressure-stable buffer systems are available [47–49]. Tris and Bis-Tris buffers
are the most common buffering agents for high-pressure spectroscopic studies on
biomolecules.

5.4 Examples of Pressure Studies on Proteins and Polymers

5.4.1 Pressure-Induced Protein un- and Refolding Reactions

The pressure-induced folding reaction of proteins may conveniently be followed
by FTIR spectroscopy using the diamond anvil cell technology. At pressures of
2–8 kbar, most small monomeric proteins unfold reversibly. As an example, we
show the use of high-pressure FTIR spectroscopy to study the reversible pressure-
induced unfolding and refolding of RNase A and compare it with the results
obtained for the temperature-induced transition. RNase A is a single-domain
protein, a pancreatic enzyme that catalyses the cleavage of single-stranded RNA.
The crystalline state of the protein contains about 23% helices, 46% “-sheets, 21%
turns and 10% unordered structures [50]. The protein has traditionally served as a
model for protein folding because it is small and stable and has a well-known native
structure. The protein was dissolved in D2O at pH 2.5, and the solution was heated
to 55ıC for 20 min to allow for deuterium exchange of the labile amide protons of
RNase A. The sample was then lyophilized from D2O. The RNase A was dissolved
to a concentration of 4 mM in 20 mM maleic acid buffer and 0.3 M NaCl in D2O. For
the pressure-dependent measurements, the infrared light was focused by a spectra
bench onto the pinhole of the DAC with type IIa diamonds [33]. Each spectrum was
obtained by coadding 512 scans at a spectral resolution of 2 cm�1 and was apodized
with a Happ-Genzel function. The equilibration times to take one data point at
each temperature and pressure were about 15 min. Fourier self-deconvolution of
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the IR spectra was performed with a resolution enhancement factor of 1.8 and a
bandwidth of 15 cm�1. The fractional intensities of the secondary structure elements
were calculated from a band-fitting procedure assuming a Gaussian–Lorentzian line
shape function [33].

Figure 5.4a shows deconvoluted IR spectra of RNase A between 18 and 82ıC
at ambient pressure after H/D exchange at 55ıC. At 20ıC, the maximum of the
amide-I0 band appears at 1,637 cm�1. An increase of temperature to 82ıC leads to a
shift of the band maximum to larger wavenumbers and the absorption band becomes
more symmetric. The evolution of the secondary structures with temperature is
shown in Fig. 5.4a. The temperature-induced decrease of band intensities of “-sheets
and ’-helices between 50 and 70ıC is accompanied by a concomitant increase in
band intensities of non-periodic and turn structures. The non-monotonous changes
in the component intensities as a function of temperature point to more steps in
the unfolding process. The data also indicate that the level of ordered secondary
structure elements at temperatures above 70ıC is very low or almost negligible.

The deconvoluted FTIR spectra up to 10 kbar at T D 20ıC are shown in Fig. 5.3b
(for pressure calibration, the pressure-induced shift of the phonon bands of ’-quartz
have been used as depicted in Fig. 5.3c). The data reveal a conformational transition
of RNase A in the pressure range around 6–7 kbar at this temperature, where
the asymmetric amide-I0 band becomes more symmetric with a band maximum
at 1;643 cm�1. The changes of the fractional intensities of the different amide-I0
subbands are presented in Fig. 5.4b. The pressure-induced denaturation as judged
by changes in the fractional band intensities begins at �5 kbar and the transition
is complete at about 7.5 kbar. Although the fractional intensities of ’-helices and
“-sheets decrease significantly, these structures, in particular the “-sheet structures,
are not completely disrupted by pressure. So far, all experimental evidence indicates
that the pressure-denatured states of proteins have more ordered secondary structure
than the temperature-denatured states [7–11].

In order to determine the standard Gibbs free energy change �uGo and the
volume change �uV o D d�uG

o.p/=dp assuming a two-state pressure-induced
unfolding process, the equilibrium profiles obtained from the FTIR spectra can be
fitted to the relation �uGo.p/ D �RT ln Keq;u D �RT lnŒ.If �Ip/=.Ip �Iu/� using
the data points at each pressure, Ip , and the asymptotic values of the fractional
band intensities due to particular secondary structural elements for the folded and
unfolded states, If and Iu, respectively. We obtain a standard Gibbs free energy
change for unfolding of �uGo D 27 kJ mol�1 and a volume change for unfolding
of about �uV o � � 45 mL mol�1 at ambient temperature and pressure. For com-
parison, the corresponding data obtained for unfolding of SNase are 16 kJ mol�1

and �80 mL mol�1 [31, 32]. The volume change of SNase upon unfolding is thus
about twice that of RNase A, indicating a larger void volume of native SNase.
With increasing temperature, �Vu

o has been found to become less negative, giving
a positive expansivity change of 1:33 mL mol�1K�1. Values of similar order of
magnitude have also been recorded for other monomeric proteins, such as lysozyme
�uGo D 9:5 kJ mol�1; �uV o � �40 mL mol�1 at 25ıC and pH 2 [51]).
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Fig. 5.3 Deconvoluted FTIR absorption spectra of RNase (5% (w/w), pH 2.5) (a) as a function of
temperature at atmospheric pressure and (b) as a function of pressure at T D 20ıC. (c) Pressure
calibration by registration of the pressure-induced blue shift of the wavenumber of the phonon
bands of ’-quartz between 650 and 850 cm�1. Bands appear at about 695, 780 and 801 cm�1. The
pressure shift of the band at 695 cm�1 is given by p D 1:2062�Q� C 0:015054.�Q�/2, and that at
801 cm�1 by p D 1:168�Q� C 0:0158.�Q�/2 � 0:1660I p is given in kbar [45, 46]
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Fig. 5.4 (a) Temperature
effect on the areas of the IR
bands associated with
“-sheets, ’-helices and
disordered structures of
RNase A at pH 2.5 and
ambient pressure.
(b) Corresponding
pressure-dependent data
at T D 20ıC
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Figure 5.5 shows the p; T -phase diagram of RNase A and further monomeric
proteins [7, 51]. For all of these proteins, an ellipsoid-type stability region has
been observed, though the individual pattern is characteristic of each protein.
Interestingly, some proteins such as chymotrypsin exhibit a small region of pressure-
induced folding in the phase diagram at elevated temperatures. Differences in the
orientation and inclination of the ellipse are largely due to differences in the heat
capacity, �uCp, and expansion coefficient, �u˛, upon unfolding.

5.4.2 Protein Folding Kinetics

Also with respect to the kinetics of the folding reaction, pressure studies are of par-
ticular use. Upon crossing the p; T -phase boundary of a protein through a p-jump,



128 R. Winter et al.

0 20 40 60 80

1

2

3

4

5

6

7

8

9

10

11

-20

denatured

rs GFP
RNase A
Ubiquitin
α-Chymotrypsin
Lysozyme
SNase

p
/k

ba
r

T /°C

native

Fig. 5.5 The p; T -stability diagram of various monomeric proteins

the folding and refolding kinetics can be studied [52, 53]. Such kinetic data allow
to evaluate the volume profile during the folding process and to characterize the
nature of the barrier to folding or unfolding and the corresponding transition state.
Moreover, pressure studies present an important advantage due to the generally
observed positive activation volume for folding, the result of which is to slow down
the folding reaction substantially, in turn allowing for relatively straightforward
measurements of structural order parameters characteristic for folding intermediate
states, which are difficult or even impossible to quantify on much faster timescales
corresponding to ambient pressure conditions.

As an example, we discuss results on the folding reaction of SNase, which
unfolds at ambient temperature at about 2 kbar (see Fig. 5.5). Figure 5.6a shows
the deconvoluted infrared spectra of SNase after a pressure jump from 1 to 3 kbar
at T D 25ıC. The data reveal a significant change in the shape of the IR spectra
during the first 15 min after the pressure jump. The band at a wavenumber of
1,627 cm�1, which is assigned to “-sheets, dominates the FTIR spectra of the
native protein. This peak gradually disappears and only a slight shoulder is evident
after about 15 min at which point the spectrum exhibits a maximum around
1,641 cm�1. Figure 5.6b presents the time dependence of the fractional intensities
of secondary structure elements. The fractional band intensities of “-sheets and ’-
helices markedly decrease over the first 15 min after the pressure jump from 1 bar
to 3 kbar, with a concomitant increase of the fractional intensity of the band at
1,641 cm�1, which is due to disordered and turn structures. These data fit to a simple
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Fig. 5.6 (a) Deconvoluted
FTIR spectra of SNase
(5 wt%, pH 5.5, T D 25ıC)
after a ms-pressure jump
from 1 to 3 kbar. (b)
Time-dependent fractional
intensities of secondary
structure elements of SNase
after a pressure jump from
1 to 3 kbar .T D 25ıC/. The
lines represent a
single-exponential fit to the
data points (after [31])
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two-state model assuming first-order kinetics for this relaxation process. Within
the accuracy of the experiment, the calculated relaxation times � at 3 kbar of the
different secondary structure elements are similar and are on the order of � � 5 min.
The refolding process proceeds much faster (data not shown). It is characterized by
a comparable rapid formation of “-sheets and ’-helices from disordered and turn
protein segments as indicated by the increase of their band intensities within the
first minute after the pressure jump from 3 kbar to 1 bar .� � 5 s/ [32, 33].

Complementary pressure-jump small-angle X-ray scattering (SAXS) and
fluorescence spectroscopy data provide strong evidence for a two-state fold-
ing/unfolding model for SNase under pressure, in that secondary structure, chain
collapse and tertiary structure all exhibit relaxation profiles on similar timescales.
Applying Eyring’s transition state theory (i.e. assuming a single equilibrium
transition state), we find that the activation volume for folding is large and
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positive .57 mL mol�1/ and that for unfolding seems to be small and negative
.�23 mL mol�1/. The volume of the protein solvent system in the transition state is
thus significantly larger than in the unfolded state and somewhat smaller than in the
folded state, so that the transition state lies closer to the folded than to the unfolded
state in terms of system volumes. The positive activation volume of folding indicates
that the transition state is accompanied by dehydration and chain collapse (with
its accompanying packing defects). Compared to the urea and the temperature-
induced unfolding/refolding processes at ambient pressure, the pressure-induced
relaxation times of unfolding and refolding are much slower, in agreement with
theoretical considerations by Hummer et al. [54]. Conversely, in RNase A, not only
the temperature-induced but also the pressure-induced unfolding/refolding reaction
is a multistep process, pointing to a more rugged folding funnel [33].

5.4.3 Pressure-Assisted Cold Denaturation of Proteins

The usually observed positive denaturational increment of the heat capacity,
�uCp > 0, of proteins implies that the enthalpy change of protein denaturation is a
strong temperature-dependent function. Hence, the enthalpy of denaturation can, in
principle, become zero and then even invert its sign at some low enough temperature,
changing from the factor stabilizing the native protein structure into a factor
destabilizing its structure. Therefore, protein denaturation can occur not only upon
heating but also upon cooling. In contrast to heat denaturation, cold denaturation
should then proceed with a release of heat, i.e. a decrease of enthalpy. While
cold denaturation of proteins is now considered to be a very general phenomenon,
its detection and characterization encounter numerous obstacles, mainly because
it occurs for most proteins far below the freezing point of water. Many works
attempted to overcome this problem by using cosolvents or codenaturants. However,
pressure-assisted cold treatment makes a welcome alternative. This approach takes
advantage of the fact that under the hydrostatic pressure of 2.2 kbar the freezing
point of heavy water drops to about �19ıC. By these means, the pressure-
assisted cold-denatured state of many proteins is accessible. This method has
been successfully applied in FTIR and NMR spectroscopic studies of the cold
denaturation of proteins. FTIR spectroscopy was employed for the examination of
pressure-assisted cold unfolding of a protein for the first time by Meersman et al.
[55]. The study demonstrated that the cold-denatured state of metmyoglobin, just
like the pressure-denatured state but opposite to the heat-denatured state, features
some persistent secondary structure.

A study by Dzwolak et al. [56] revealed that ’-lactalbumin undergoes cold
unfolding only in the calcium-depleted form, while cooling of the native calcium-
bound protein resulted in formation of non-native ’-helices. Further experiments on
SNase and other proteins revealed that this kind of unfolding scenario in the cold
is also a “mild” one, leaving considerable residual structure of the protein intact.
As an example, Fig. 5.7a shows the self-deconvoluted FTIR equilibrium spectra of
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Fig. 5.7 (a) Deconvoluted FTIR spectra of SNase (5% (w/w), pD 5.5) at �4:5ıC as a function
of pressure (band assignment: 1;611 cm�1 side chains, 1;627=1;673 cm�1 “-sheets, 1;651 cm�1

’-helices, 1;641=1;659=1;666 cm�1 disordered structures/turns). (b) Pressure dependence of the
position of the tyrosine band (top) and the maximum of the amide I0 band (bottom). (c) Pressure
effect on the areas of the bands associated with “-sheets, disordered/turn structures and ’-helices
(after [57])

SNase at �4:5ıC up to pressures of 7.5 kbar [57]. Figure 5.7b exhibits the pressure-
dependent maximum wavenumbers of the amide I0 and tyrosine absorption band.
The tyrosine groups of native SNase absorb at about 1; 515 cm�1, and the location of
the absorption maximum depends sensitively on its environment (exposure to water
leads to an 1–2 cm�1 increase in wavenumber). Hence, following tyrosine band
absorption reveals additional information about tertiary structural contacts. Clearly,
a transition pressure from the native to a denatured state occurs around 1.4 kbar
for that temperature. As the features of the tyrosine and amide I0 spectra occur
concomitantly, we may assume that the changes of the secondary structure elements
and tertiary contacts around the tyrosine residues occur at the same pressure,
pointing to a two-state kind of transition for this pressure-assisted cold-denaturation
process as well. Above about 4.5 kbar, the maxima of the bands shift again, which
is due the pressure-induced formation of ice V. The content of secondary structure
elements is not influenced by the freezing of the bulk liquid, however. The secondary
structure of the cold-denatured state is similar to that of the pressure-unfolded state
at room temperature [31, 32, 57].
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5.4.4 Pressure Effects on Oligomeric Proteins and Chaperones

The stability diagrams and the folding reactions of oligomers and protein complexes
are more complicated. Oligomeric proteins and multiprotein assemblies often
dissociate into individual subunits already at pressures of 0.5–2 kbar [7–11, 58].
The effect of pressure in promoting dissociation may be explained by the imperfect
packing of atoms at the subunit interface and by negative volume changes resulting
from the disruption of polar and ionic bonds in the intersubunit region. After
dissociation by pressure, subunits may undergo further conformational changes at
higher pressures. For example, LADH (liver alcohol dehydrogenase), which consists
of two 40 kDa subunits and binds the coenzyme nicotinamide adenine dinucleotide
.NADC/ and Zn2C ions, exhibits dissociation of dimers above about 1 kbar, and the
dimer $ monomer equilibrium is shifted to the right with increasing pressure. As
expected, above a pressure of 1 kbar, also the activity of the enzyme ceases [7, 58].

As a further example, we discuss here the effect of pressure on ’-crystallin, the
major structural protein in mammalian eye lenses. ’-Crystallin shares sequence
similarity with many small heat-shock proteins (HSP), and its chaperone-like
activity has been demonstrated for a number of systems. It can protect a variety of
proteins against thermal and non-thermal aggregation in vitro, and this mechanism
seems to function in vivo also in the eye lens [59, 60]. Hence, failure of ’-crystallin
to serve as a chaperone may play a role in the pathomechanism of cataract. The
protective activity involves binding of denatured polypeptides to the hydrophobic
’-crystallin to form larger soluble complexes (ATP is not required). The protein
consists of two �20 kDa subunits A and B with high sequence similarity, and the
secondary structure is about 17% ’-helix, 33% “-sheets and �50% turns and coils.
Although the protein is highly soluble, the subunits easily self-aggregate forming
oligomers of about 800 kDa on average with high polydispersity [60]. Interestingly,
pressure perturbation studies on ’-crystallin revealed a significant increase in the
chaperone activity in the lower pressure range [61, 62]. Figure 5.8 exhibits FTIR
spectra of a 3 wt% ’-crystallin solution at 25ıC as a function of pressure. The IR
bands and 1,617 and 1,682 cm�1 in the spectrum can be assigned to strong hydrogen
bonds in intermolecular antiparallel “-sheets. With increasing pressure, this
contribution decreases, indicating pressure-induced dissociation of the oligomers
up to about 5 kbar, where no oligomers are detected anymore. At pressures above
about 1–2 kbar, significant loss of ordered secondary structure is observed at
the expense of formation of unordered structures, indicating reorganization of
secondary structure elements and partial unfolding of the protein. This process
is complete at about 6 kbar. Thus, in the range of 1–3 kbar, where the pressure
treatment has been found effective in increasing the chaperone potency, loosening
of the oligomeric organization occurs. After pressure release, reorganization of
the oligomeric structure occurs again. Owing to these quaternary structural changes
and the concomitant increase in the dynamics of the constituents, more hydrophobic
patches are probably exposed, i.e. the amount of binding sites for damaged proteins
increases. Such behaviour has been observed for other members of HSP as well [62].
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Fig. 5.8 (a) FTIR spectra of
a 3 wt% ’-crystallin solution
in D2O/Tris buffer, at pH 7,
taken in 1,000 bar steps
between 1 and 10,000 bar.
The arrow indicates changes
with increasing pressure.
(b) Pressure dependence of
the relative areas of the
diagnostic amide-I0-bands of
’-crystallin. Denotation: open
triangles disordered
structures; black squares
intramolecular “-sheets
.1629 cm�1/; black triangles
’-helical structures
.1657 cm�1/; black circles
turns .1676 cm�1/; open
circles intermolecular
“-sheets .1682=1617 cm�1/
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5.4.5 Cosolvent Effects

It is well known that the cytoplasm of the cell comprises a complex aqueous solution
of a variety of different salts and osmolytes and that the stability of proteins is
modulated by the addition of these reagents. Some cosolvents, such as sugars, act
as protein stabilizers, whereas others, including urea, denature proteins. Organisms
living under extreme conditions, in order to protect proteins from denaturation,
accumulate protein stabilizers in the cytoplasm. In addition, also the presence of
other biomolecules in the cell affects the folding, stability and function of proteins
(so-called molecular crowding effect). Hence, calculation of the stability diagrams
of proteins also requires detailed knowledge of the effects of cosolutes and cosol-
vents on the thermodynamic properties of the proteins, which are largely determined
by their solvational properties. We have explored the effect of various types of
cosolutes and solvents on the temperature and pressure stability of SNase and other
proteins [63, 64]. Changes in the denaturation temperature .Tm/ and pressure .pm/,
the volume change (�uV o) and the standard Gibbs free energy change (�uGo)
of unfolding were obtained in the presence of different concentrations c of the
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Fig. 5.9 Fourier
self-deconvoluted infrared
spectra of SNase (a) in the
presence of 1 M sucrose at
different pressures up to
10.1 kbar and (b) denaturation
profiles of SNase in the
presence of selected
concentrations of sucrose at
pD 5.5 and T D 21ıC. The
inset shows the structure of
native SNase (after [64])
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additives. Additionally, FTIR difference spectra were recorded and analysed in an
effort to detect conformational changes in the native and unfolded state of the protein
in the presence of the different additives.

As an example, Fig. 5.9a shows the FTIR spectra of SNase in the presence
of 1 M sucrose. In Fig. 5.9b, the denaturation profiles of SNase in solution with
different concentrations of sucrose are depicted. The volume change of unfolding,
�uV o, at the temperature T , and the standard free Gibbs energy change at pressure
p; �Go.p/, were determined from the denaturation profiles as described above.
The standard Gibbs free energy change �uGo at 1 bar is obtained by extrapolation
of �uGo.p/ to 1 bar. Up to 250 mM sucrose, there is no significant change in the
denaturation pressure pm. At higher concentrations, up to a concentration of 1 M
sucrose, pm increases roughly linearly at a rate of 2:3˙0:3 kbar M�1 with increasing
sucrose concentration. The �uV o value of SNase with increasing concentration
of sucrose appears to be only slightly smaller than that of SNase in pure buffer
solution .�uV o � � 65 mL mol�1/ and is nearly independent of the concentration
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Fig. 5.10 Denaturation
pressure pm of SNase at
different concentrations .c/ of
cosolvents (open square
glycerol, open circle sorbitol,
open triangle sucrose, filled
triangle calcium chloride, and
filled circle urea) (after [64])
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of sucrose .�uV o � �70 mL mol�1/. No significant changes in the conformation
of the denatured state are observed with respect to SNase in pure buffer solution. For
higher sucrose concentrations, however, slightly more ordered secondary structure
elements are retained in the pressure-denatured state [64]. Figure 5.10 depicts the
comparison with further polyols and salts. With increasing sucrose concentration,
the protein is preferentially hydrated; i.e. sucrose is largely excluded from the
protein interface with the result of an increase in �uGo. Since the unfolded state
exposes more surface area than the folded state, the difference in preferential
hydration between the two states is quite large, and this difference should become
larger as the concentration of polyols increases.

With regard to temperature-induced denaturation, a different behaviour of
�uV o.c/ is observed, which is largely due to the strong temperature dependence of
�uV o [63]. A more disordered structure in the pressure-denatured state, with regard
to SNase without a cosolvent, is observed in the presence of chaotropic agents,
such as urea or CaCl2 (Fig. 5.10) [64]. The results for the various chaotropic and
kosmotropic cosolvents clearly show that the cosolvents or salts not only markedly
change the stability of proteins, but also their solvation, and they may also alter the
conformation of the proteins in their unfolded, denatured states.

5.4.6 Aggregation/Fibrillation Reactions of Proteins

Protein folding is one of the most crucial steps during the life of a protein.
If some failure occurs in achieving the native conformation, this will render
the polypeptide inactive, or even worse, it can produce a misfolded molecule
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that can interfere or block components of the cellular machinery to the point
of causing cell malfunction or even death. In recent years, it has become evi-
dent that a wide range of human diseases are associated with aberrations in
the folding process. These diseases, which are also coined “protein conforma-
tional diseases”, include Alzheimer’s disease (A“-peptide), Parkinsons’s disease
(’-synuclein), prion-protein-related encephalopathies, dialysis-related amyloidosis
(“2 microglobulin) and type II diabetes mellitus (islet amyloid peptide, IAPP)
[16]. In an attempt to probe the stability and energetics of amyloid fibrils, besides
temperature, pH and cosolvent dependent studies, also pressure perturbation has
been in the focus, recently [34, 65–75]. High-pressure FTIR spectroscopy is
apparently a well-suited method for this purpose, as the formation of amyloid fibrils
is usually accompanied by the formation of parallel or antiparallel intermolecular
“-sheets, which are easily distinguishable from IR spectra of native proteins.

As an example, Fig. 5.11 illustrates how high-pressure prevents aggregation
of insulin upon prolonged heating at 70ıC, which, under atmospheric pressure
(Fig. 5.11a), causes infrared spectral changes indicative of the complete
’=“-refolding and aggregation (spectral shift of the conformation sensitive amide I0
band from 1650.4 to 1624:7 cm�1), preceded by the full solvent exchange (spectral
shift of the amide II band from 1546.2 to 1445:8 cm�1). If the 70ıC incubation
of insulin is carried out under high pressure, only solvent exchange takes place,
while the absence of any significant spectral changes in the former band indicates
no aggregation (Fig. 5.11b). This effect has been explained in pressure perturbation
calorimetry studies on protein aggregation by a volumetric expansion that must
accompany formation of the insulin intermediate, which is prevented under high
pressure [76]. Uncommon to their precursors as discussed above, the mature insulin
fibrils are pressure-insensitive, demonstrating that extensive hydrogen bonding and
optimised side chain packing are crucial for their stability [7, 67].

Generally, the susceptibility of protein aggregates to pressure largely depends
on the degree of the structural order of an aggregate. Fresh, amorphous aggregates
are more sensitive to pressure and prone to refolding to the native state than
mature amyloid fibrils. In the former case, the oligomers are stabilized mainly
by electrostatic and hydrophobic interactions, yet they lack the precise packing
of mature fibrils. This renders them susceptible to pressure-induced dissociation.
In the latter case, effectiveness of pressure-induced dissociation depends on the
particular mode of polypeptide backbone and side chain packing that allows
reducing remaining void volumes. The pressure sensitivity of fresh aggregates and
the virtual insensitivity of mature fibrils allows not only to differentiate between
various stages of the amyloid formation, but also to obtain reliable thermodynamic
data, such as Gibbs free energy and molar volume changes, of the early stage of the
transition – the formation of the amorphous “-pleated sheet structure. This is only
possible due to the reversibility of the process under high-pressure conditions.

One of the most important motives of high-pressure research on protein aggre-
gates is rescuing – under high hydrostatic pressure – the native oligomeric and
conformational state of a protein from aggregation. Some amyloid fibrils (in
particular protofibrils) might exhibit a larger partial specific volume than that of
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Fig. 5.11 FTIR spectra of bovine insulin (2 wt. % in D2O, pD 1.9) fibrillating at 70ıC at (a)
atmospheric and (b) 300 bar pressure. Solid lines denote fresh, native protein, and the dashed lines
correspond to the protein after 5 h of high-temperature incubation (after [76])

the composing proteins, because the assembly process, which involves various
conformational transitions of native structures to non-native “-sheets, could create
new water-excluded cavities and induce hydrophobic pockets. In these cases,
HHP has the potential to dissociate also amyloid fibrils. For example, it has
been shown that moderate pressures (1–3 kbar) can dissociate amyloid fibrils
of lysozyme, transthyretin, “2-microglobulin and ’-synuclein. One of the most
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thrilling prospects for application of high pressure in protein aggregation research
is the idea of destroying prion infectivity through combined temperature–pressure
treatment [74, 75]. The prion-type infectivity putatively stems from proliferation
of the PrPSc protein template at the expense of its normal cellular isoform – the
PrPC monomer. The amyloidal nature of the PrPSc with its unmatched resistance to
high temperature, proteases and many chemical denaturants has posed a significant
challenge to medical and biotechnological protocols, leaving – for instance – no
reliable tool of decontamination of neurosurgical equipment, or of ridding prions
from beef (vide the BSE crisis). However, in light of the pronounced dissociative
effect that pressure has unravelled to have on some amyloids, it was soon inquired
whether the prion amyloid itself may be also irreversibly destroyed under pressure.

5.4.7 Enzymatic Reactions

In its simplest expression, an enzyme reaction comprises a series of elementary
steps finally leading to the release of products. The effect of pressure on the overall
reaction may be the consequence of its effects on the reaction itself, on enzyme
conformational changes, on enzyme dissociation into subunits or on substrate and
product levels [77–80]. In addition, the enzyme reaction may involve the interaction
with the surrounding solvent, whose viscosity changes under pressure as well.
Understanding of the principles of enzyme function under pressure is still in its
infancy [77, 78], although experimental effects of pressure on enzyme activity have
a long history, beginning with Eyring’s study of invertase in 1946 [81]. Generally,
kinetic models allow one to determine the activation volume �V ¤ of a reaction (i.e.
the difference between the volume of the transition state and the reactant ground
states) from the dependence of a rate constant, k, on pressure, according to:

k.p/ D koe�p��V ¤=RT (5.3)

where ko is the rate constant for the chemical transformation under atmospheric
pressure conditions [78]. In a pioneering work, Wong et al. used high-pressure
infrared spectroscopy in a series of enzyme kinetic studies [82]. Here we show
one impressive example, the conversion of p-nitrophenol phosphate disodium
into p-nitrophenol by alkaline phosphatase. The rate constant k of the enzyme
conversion was determined at various pressures by monitoring the decrease with
time in the intensity of the IR band of the substrate at 887:6 cm�1 at these pressures,
which is depicted in Fig. 5.12. The rate constant increases almost linearly with
increasing pressure up to 7.2 kbar and then decreases abruptly at �8:3 kbar, a
pressure, where drastic changes in the band shape and intensity in the amide-I region
start to take place, i.e. the loss of enzyme activity of the alkaline phosphatase is
the result of denaturation of the enzyme. According to transition state theory, an
activation volume �V # of the enzyme reaction can be calculated from the slope of
the ln k vs. p plot, yielding pressure-dependent values of about �9 mL mol�1 [82].
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Fig. 5.12 Pressure
dependence of the alkaline
phosphatase reaction rate
constant for the conversion
from p-nitrophenol
phosphate to p-nitrophenol
(after [82])
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5.4.8 Synthetic Polymers as Protein Mimetics

There are several known synthetic polymers that exhibit a more or less dis-
tinct change in their molecular level aggregational states in solution and volume
phase transitions in their gel form (so-called thermoresponsive polymers) [83–88].
Poly(N -isopropylacrylamide) (PNIPAM) and other polyacrylamide derivatives with
both hydrogen bonding properties and hydrophobic interactions in aqueous solution
are some of the best studied examples. They show a reversible transition from
their coiled (swollen) to collapsed (compact) states upon an increase in tem-
perature (so-called inverse temperature or volume phase transition temperature).
The swelling and shrinking of gels prepared from such polymers have also been
extensively studied [83–88]. Besides temperature, these thermoresponsive polymers
can undergo transitions by changing other factors, such as the salt or cosolvent
concentration. Furthermore, PNIPAM and derivatives of this polymer undergo
pressure-induced phase changes, both in solution and in their gel forms. Such
changes are reminiscent of the behaviour of proteins. Actually, PNIPAM may
be considered as a simple protein model and its thermodynamic properties have
been investigated from such point of view [84–88]. The coil to collapse volume
phase transition (which is also called cloud transition if accompanied by a drastic
increase in turbidity) of these polymers upon increasing temperature corresponds
to the transition from an unfolded protein to the folded structure across the cold-
denaturation temperature, i.e. conveys a model of the process of cold denaturation
of proteins. The temperature–pressure diagram for the cloud transition of PNIPAM
was measured in aqueous medium and is depicted in Fig. 5.13a [84]. Near or at
atmospheric pressure, the transition temperature increases with increasing pressure,
but at higher pressures it decreases with increasing pressure. The experimentally
obtained �Cp value (in the direction from the coil to the collapsed state) is negative,
which is equivalent to a positive �Cp for cold denaturation (in the direction from
the native to the denatured state).
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Fig. 5.13 (a) The p; T -phase diagram for the cloud point of a 0.5 (wt/v) % PNIPAM solution
(after [85]). The exact location of the cloud point depends still on the molecular mass of the
polymer, the pH and ionic strength. (b) The p; T -phase diagram of 0.05 (w/v) % .VPGIG/40 in
aqueous solution; dashed line freezing point of water under elevated pressure (modified after [86]).
A roughly ellipsoidal cloud-point diagram is observed in the experimentally accessible temperature
and pressure range, reminiscent of the denaturation contours of chymotrypsin (see Fig. 5.5)

Figure 5.14a illustrates the development of the amide-I0 spectra of PNIPAM upon
heating, whereas the relative areas of the detected subbands, which represent the
respective relative parts of the total hydrogen bonding pattern, in dependence of tem-
perature at ambient pressure are displayed in Fig. 5.15a. The main diagnostic bands
are located at �1;652; �1;626; �1;606 and �1;583 cm�1, which can be assigned to
intramolecular hydrogen bonding of carbonyl groups to amide deuterons, carbonyl
groups in a medium hydrophobic environment and hydrogen bonding of carbonyl
groups to D2O (the latter both), respectively [83]. The bands at �1;626 cm�1 and
at �1;606 cm�1 are dominant below 30ıC, indicating a rather hydrophilic, coil-like
state. Between 30 and 35ıC, the band at 1;606 cm�1 shows a steep decrease and
eventually vanishes at �40ıC. Also, the relative fraction of the band at �1;626 cm�1

decreases, whereas the band at �1;652 cm�1, representing intramolecular hydrogen
bonds, shows a steep increase. The midpoint of the transition appears at �32ıC, in
good agreement with the location of the cloud point; i.e. the spectral data reflect
nicely the coil-to-globule transition of PNIPAM [9, 27].

Upon application of high hydrostatic pressure at constant temperature, the
polymer system shows an inverse behaviour when compared to temperature ele-
vation. Figure 5.14b exhibits representative FTIR spectra of the pressure-dependent
measurements of linear PNIPAM at 50ıC. At 50ıC, i.e. above the LCST, spectral
changes start already between 1 and 500 bar. Up to �5;400 bar, the relative fraction
of the subband for intramolecular hydrogen bonds has decreased from �50 to 17%
and the relative fraction of the subband for carbonyl groups in medium hydrophobic
environment has increased from �50 to �79%. Above �5;400 bar, a new band for
hydrogen bonding to D2O emerges at 1;612 cm�1 and starts to increase together
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Fig. 5.14 (a) Normalized
amide-I0–FTIR spectra of a
solution of 2 (w/v) %
PNIPAM in D2O from 10 to
80ıC at ambient pressure.
The black arrow indicates the
development of spectra with
increasing temperature.
(b) Normalized
amide-I0–FTIR spectra of
linear PNIPAM from 1 to
�11;400 bar at 50ıC. The
black arrow indicates the
direction of increasing
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with the other band for hydrogen bonding to the solvent (at �1;595 cm�1) up to
the maximal pressure of 11,400 bar. In this upper pressure range, a further slight
pressure-induced increase in swelling of the polymer is observed, only.

These results show that the polymer is becoming more hydrated under high
hydrostatic pressure conditions; i.e. pressure triggers the transition from the col-
lapsed, globule-like state to a swollen coil-like state, which might be due to a
weakening of hydrophobic interactions upon pressurization. The opposite effects
of temperature and pressure are illustrated in Fig. 5.15c. Such results are in good
agreement with high-pressure FTIR investigations of PNIPAM at 25ıC, which
also indicate the formation of more hydrated configurations of PNIPAM upon
compression [87]. Assuming a two-state model for the transition, the associated
free energy changes for the swelling process can be calculated. The calculated
values for the globule-to-coil transformation are about �Go D 4:2 kJ mol�1 and
�V o D �29 mL mol�1 at 50ıC and ambient pressure, which is of the same order
of magnitude as corresponding values for the pressure denaturation of proteins.
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Fig. 5.15 (a) Temperature
and (b) pressure dependence
(at T D 50ıC) of the relative
areas of diagnostic amide-I0

bands of a 2 (w/v) %
PNIPAM solution in D2O.
Symbol denotation: filled
diamond intramolecular
hydrogen bonds
.�1652 cm�1/, filled square
carbonyl groups in a medium
hydrophobic environment
.�1;626 cm�1/, open
triangle hydrogen bonds to
D2O (�1;606 and
�1;583 cm�1). (c) Schematic
drawing of the opposite effect
of temperature and pressure
on the swollen-to-collapsed
transition of the PNIPAM
polymer (after [89])

0

20

40

60

a

b

c

80

10 20 30 40 50 60
T /°C

R
el

at
iv

e 
ar

ea
/%

R
el

at
iv

e 
ar

ea
/%

0 4 62 8
p /kbar

0

20

40

60

80

temperature

pressure

The negative �V o value indicates the presence of significant void volume in the
collapsed state. At sufficiently high pressures, continuous shrinking of the swollen
state may occur again [88].

Apparently similar phase diagrams were obtained for the cloud-point transi-
tion of aqueous solutions of elastin-like polypeptides such as with the repeating
pentapeptide Val–Pro–Gly–Ile–Gly sequence in .VPGIG/40 (Fig. 5.13b) [85]. The
.VPGIG/40 solution exhibits a well-defined pressure-induced cloud point as well
as a temperature-induced one, and this transition has been shown to occur through
the collapse from an extended chain to a “-spiral-like structure with three VPGVG
units per turn, each pentamer adopting a type II “-turn conformation. Calorimetric
measurements on this polypeptide indicated that �H and �S of the transition
are around 12 kJ .mol pentamer/�1 and 30 J .mol pentamer/�1 K�1, respectively (in
the direction from the coil to the collapse state), and �Cp was small but negative
.�0:5 kJ mol�1 K�1/ [84]. The temperature- and pressure-dependent structure and
phase behaviour of a shorter oligopeptide, GVG(VPGVG), which serves as a min-
imalistic elastin-like model system, has been studied as well [90]. This octapeptide
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behaves as a two-state system which undergoes the inverse-temperature folding
transition at �36ıC, and, in addition, a slow trend reversal at higher temperatures
.T > 90ıC/, finally leading to a reentrant unfolding close to the boiling point of
water. The pressure dependence of the FTIR spectra of GVG(VPGVG) reveals that
the fractional intensities of type II “-turn-and-loop structures decrease, whereas
the population of disordered (non-periodic) structures increases with increasing
pressure. The underlying driving force is probably the decrease in �V o as a result of
the release of void volume in the folded state of the oligopeptide. Hence, these data
suggest that elastins behave like other, ordinary proteins, with the crucial difference
that the stability window of their folded (ordered) state approaches the boiling point
of its solvent, water. This behaviour is a consequence of the essentially hydrophobic
nature of its amino acid residues, which, as a consequence, places the hydrophobic
hydration contribution to the protein’s stability among the most prominent ones.
The thermodynamic data obtained suggest that the folding is a consequence of
hydrophobic interactions being largely driven by the increase in the entropy of water.

5.5 Conclusions and Outlook

We conclude that – besides by changing temperature and the chemical potential
of additives – also pressure work on biomolecular systems can yield a wealth
of enlightening new information on their structure, energetics, phase behaviour
and on their dynamics and kinetic properties. For example, the extension of the
thermodynamic characterization of globular proteins to the pressure axis increases
our understanding of proteins as well as our ability to manipulate conformational
states of proteins for practical purposes. It is clear, however, that the application
of the pressure variable in this research area has only just started and many
interesting results are expected in the near future. Besides using the pressure
variable as thermodynamic and kinetic variable, pressure is also of significant
biological and biotechnological relevance. Life on Earth can be traced back to as
far as 3.8 billion years ago and may have originated in the depth of the proto-
ocean of the Hadean Earth, under high hydrostatic pressure [1]. The large body of
water could have filtered harmful radiation and buffered drastic physical–chemical
variations, and therefore, could have provided a more convenient environment for
pre-biotic biochemistry. Interestingly, whereas only a few families of organisms
live in hot, acidic, halophilic, etc. environments, most, if not all, organisms can
live under a large range of hydrostatic pressures. To yield a more fundamental
understanding of these processes connected to the development of life requires more
and extensive high-pressure studies on biological systems at different levels of com-
plexity (proteome, genome, metabolome, etc.), however. Finally, pressure studies
are also important for the development of new technological and pharmaceutical
applications, such as high-pressure food processing, inactivation of food allergens,
separation of protein complexes (e.g. inclusion bodies), supercritical biocatalysis
and baroenzymology.
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Chapter 6
Dynamics of ’-Helix and “-Sheet Formation
Studied by Laser-Induced Temperature-Jump
IR Spectroscopy

Karin Hauser

Abstract Analysis of folding mechanisms requires a fast initiation method besides
site-specific structural probes. Laser-induced temperature-jump IR spectroscopy is
an ideally suited method to study ’-helix and “-sheet formation in the nanosecond-
to-microsecond time domain. The section gives an overview about the T-jump
technique and its power to obtain site-specific dynamics by a combination with
isotopic editing.

6.1 Peptide Folding Dynamics

6.1.1 Secondary-Structure Formation

Basic steps in protein folding such as the formation of turns, loops, and basic
secondary-structure elements occur on the nanosecond to low microsecond
timescale [1]. Stopped-flow techniques are limited to the millisecond time range due
to their sample mixing times and are thus too slow, whereas pulsed laser techniques
are capable to trigger and to analyze faster folding events. The complex folding
process of a protein is most often studied with protein fragments or peptides serving
as model systems. Infrared (IR) spectroscopy is a suitable method to monitor the
molecular dynamics of secondary-structure formation [2–5] since it provides both
structure sensitivity and the required time resolution.
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6.1.2 The Amide I Band as Structural Probe

The amide I vibration is commonly used as IR marker band for secondary-structure
determination. It is a vibration of the polypeptide backbone and arises mainly
.�80%/ from the CO stretching vibration of the peptide groups with minor con-
tributions from the out-of-phase CN stretching vibration, the CCN deformation, and
the NH in-plane bend. The amide I frequency is hardly affected by the nature of the
side chains, but it significantly depends on the secondary structure of the backbone
[3, 6]. Therefore, it is the most commonly used vibration for secondary-structure
analysis. Experimental analysis of the secondary structure of proteins in their native
aqueous environment has a long tradition and also theoretical studies of the amide I
vibrations have become more and more intense during the last years. Reviews about
experimental and theoretical amide I analysis can be found, e.g., in [4, 6–8].

Various secondary-structure elements of a protein absorb at different positions in
the amide I region .1;700–1;600 cm�1/ of the IR spectrum. However, the frequency
components largely overlap in a protein and a more or less featureless broad amide I
band is observed in a protein absorption spectrum, in particular if proteins have
various secondary-structure elements. Amide I band assignments to secondary-
structure elements are commonly made either by band narrowing and curve-fitting
for deconvolution [5] or by use of a calibration set of spectra from proteins and
peptides with a known structure for pattern recognition [9–12]. Assignments have
been collected and evaluated by Goormaghtigh et al. [7] and summarized by Barth
and Zscherp [6]. Nevertheless, the amide I band assignment is not unique or
straightforward [2]. For example, the amide I bands of ’-helix and random coil
overlap in protein absorption spectra. Hydrogen/deuterium exchange may partly
help for assignment since the NH in-plane bending vibration of the amide I band
is sensitive to the N-deuteration of the backbone and thus induces frequency shifts.

All peptide groups contribute to the amide I band. It arises by the same normal
mode of the backbone repeat units, which is dominated by the CDO vibration. These
polypeptide oscillators couple (Fig. 6.1) and it is the coupling of the amide I modes
that is responsible for the secondary-structure dependence of the amide I band.
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Fig. 6.1 The CDO vibrations dominate the amide I modes. The secondary-structure dependence
of the amide I band arises from the coupling of the amide I modes. The coupling occurs via through-
bond coupling along the chemical bonds, via the hydrogen bond network and via through-space
transition dipole coupling which is the dominant factor that determines the amide I frequency
position. Left: Polypeptide chain; blue arrows indicate the transition dipoles of the amide I modes.
Right: Illustration of the hydrogen-bonded CDO oscillators within an ’-helix



6 Dynamics of ’-Helix and “-Sheet Formation Studied by Laser-Induced 149

The coupling of the amide I modes occurs in different manners. One is the
through-bond coupling, i.e., the coupling of the neighboring peptide group along
the chemical bond. Since the amide I vibrations do not involve large displacements
of the C’ atoms, one amide I mode will interact only slightly with the neighboring
amide I mode, and in consequence, the effect on the vibration of the polypeptide
system is minor. It cannot explain, e.g., the characteristic amide I band splitting
of antiparallel “-sheet structures with a low- and high-frequency component [13].
Further coupling arises via the hydrogen bond network of the amide groups.
Secondary-structure elements are stabilized by hydrogen bonds that connect non-
neighbor peptide groups within the polypeptide chain. The frequency position of the
amide I absorbance maximum of different secondary-structure elements correlates
with the strength of hydrogen bonding. In general, the amide I frequency decreases
with increasing hydrogen bond strength [6]. The solvent exposure and the resulting
hydrogen bonds between the amide groups and the solvent molecules have also
an impact on the position of the amide I frequency. For example, the amide I
frequency of solvated ’-helices is approximately 20 cm�1 lower than that of non-
solvated ’-helices [14,15]. However, the dominant coupling mechanism that makes
the amide I vibration sensitive to secondary structure and determines its frequency
is the through-space transition dipole coupling (TDC) [13, 16–18]. It is a resonance
interaction between the oscillating dipoles of the amide groups and the coupling
depends on the relative orientations of, and the distance between, the dipoles. The
coupling is strongest when the coupled dipoles vibrate with the same frequency.
Only with the introduction of the TDC mechanism, the large splitting of the amide I
band of “-sheet structures in a strong band component �1:630 cm�1 and a weak
band component �1;690 cm�1 can be explained [6].

Structural IR studies of peptides and proteins are usually performed in the solvent
D2O instead of H2O since H2O has a strong absorption of the HO bending vibration
at �1;650 cm�1, which overlays the amide I region. Due to the mass effect on the
vibrational frequency, this vibration is shifted to �1;200 cm�1 in D2O and thus out
of the amide I region. The amide I band is termed as amide I0 if the protein is diluted
in D2O.

6.1.3 Equilibrium vs. Kinetic Data

Amide I spectra measured in thermal equilibrium provide information about the
thermal stability of peptides. The change of the amide I band (peak intensity
or frequency) in dependence of the temperature can be evaluated to determine
thermodynamic parameters such as the transition temperature Tm of an unfolding
process or the equilibrium constant Keq [19]. The equilibrium constant is directly
related to the free energy �G0 (with the universal gas constant R):

Keq .T / D e� �G0

RT
: (6.1)
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However, the thermodynamic characterization provides no information about
folding pathways. Time-resolved techniques and kinetic data are required to get
insights into the mechanisms of folding and folding rates.

6.1.4 Rate Constants

Folding mechanisms are usually studied by measuring relaxation times after
triggering a folding or unfolding reaction. The aim of kinetics studies in general
is to find a kinetic model that is capable to describe the experimental data. It is
assumed that the mechanism involves a finite number of kinetic species that are
separated by energy barriers significantly larger than the thermal energy, but each
kinetic species may consist of different conformations in rapid equilibrium. Kinetic
data analyzing protein folding mechanisms often focus on monomeric polypeptides.
This has the advantage that all observed reactions are of first order. Consequently
the time-dependent change in absorption �A.T / of an observed signal can be
represented as a sum of n exponentials with relaxation times �i (or apparent rate
constants ki D 1=�i ) and corresponding amplitudes Ai :

�A .T / D
nX

iD1

Ai � e
� t

�1 D
nX

iD1

Ai � e�ki t : (6.2)

There is a general relationship between the number of apparent rate constants
and the number of kinetic species. Any kinetic mechanism with n different species
connected by first-order reactions results in n�1 observable rate constants. Applied
to protein folding with initial and final states, the observation of n � 1 apparent rate
constants thus indicates the presence of n � 2 transiently populated intermediate
states.

In the case of a simple two-state folding process without detectable intermediate
states, folding .kf/ and unfolding .ku/ rates can be derived from the observed
relaxation rate .kobs/ by use of the equilibrium constant Keq. A two-state transition
can simply be described with:

U
kf•
ku

N; (6.3)

where the equilibrium of the reaction is determined by the flows from the unfolded
state U to the native state N and vice versa:

kf ŒU �eq D ku ŒN �eq : (6.4)

The equilibrium constant .Keq/ for folding is as follows:

Keq D ŒN �eq

ŒU �eq
D kf

ku
: (6.5)
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The relaxation rate constant .kobs/ for a two-state folding process is as follows:

kobs D kf C ku: (6.6)

Thus, if kobs and Keq are accessible from experiments, kf and ku can be derived
from (6.5) and (6.6).

Stability and folding rates are often analyzed in dependence of temperature using
the Arrhenius equation. In this treatment, the rate of escape from a metastable
state in a chemical reaction, kobs, is the product of a temperature-independent
pre-exponential factor A and an exponential contribution, which depends on the
inverse temperature and on the activation energy, Ea. The equation is usually written
in the form (with the universal gas constant R):

ln kobs D ln A � Ea

RT
: (6.7)

However, folding processes are often more complex with transient population of
partially folded intermediate states. Transition landscapes may involve sequential
and parallel barrier-crossing events, even in the absence of populated interme-
diates. In this case, analysis of data requires much more differentiated theories.
An overview of applied theories to protein folding can be found in Bieri and
Kiefhaber [20].

6.2 Laser-Induced T-Jump Technique

Beginning with the work of Eigen and coworkers [21], it has been recognized that
temperature changes provide a means of disturbing a molecular system in order to
perform rapid kinetic studies. In the study of protein folding kinetics, temperature
jumps can be used both to study the rapid unfolding to thermally denatured states
[15, 22] and the rapid folding of proteins from cold-denatured states [23, 24]. The
first work with temperature jumps was carried out with electrical current pulses that
were generated by discharging a capacitor to obtain rapid heating, however samples
were required with sufficient conductivity and high ionic strength [21]. The heating
rise time of the resistive T-jump method is determined by � D RC (R: resistance and
C : capacitance) of the capacitor circuit and is typically in the order of microseconds
for a temperature jump of a few degrees [25]. Higher temperature jumps up to 10 K
can be produced using a higher capacitance C , but at the cost of longer rise times.

Pulsed lasers provide a means for faster T-jumps without the necessity of working
at high salt concentrations as required for electrical T-jumps. In a laser-induced
T-jump experiment, the laser pulse energy is absorbed by a dye or by the solvent
undergoing a radiationless decay to produce heat. While dye-mediated T-jumps face
the principal problem that the dye may interfere with the studied chemistry and/or
its photophysics may overlap the probe signals, the direct solvent heating is a trigger
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without need of any mediator or molecular switch. The generation of a temperature
jump by directly exciting water (H2O or D2O) requires near-infrared pulses with
several mJ at wavelengths either between 1,300 and 2,100 nm for the excitation of
the OH stretch overtone of H2O or between 1,900 and 2,200 nm for excitation of the
OD stretch overtone of D2O [26–28]. The first experiments to directly heat the water
were performed in 1970 and utilized the stimulated Raman effect in liquid nitrogen
to shift a 1,060 nm fundamental of a Q-switched Nd:glass laser to 1,410 nm where
the water absorption coefficient is �10 cm�1 [29]. High-pressure gases, as e.g.,
hydrogen .H2/ [30, 31] or methane .CH4/ [32], were used as a more practicable
alternative. Hydrogen shifts the Nd:YAG pulse from 1,064 to 1,909 nm where
experiments with samples dissolved in both H2O or D2O are possible. However,
the absorption coefficient of H2O at 1,909 nm is much larger than of D2O and
thus a smaller T-jump is produced and the usable optical pathlengths are limited
(see Sect. 6.2.1). Methane shifts the Nd:YAG fundamental to 1,542 nm where the
absorption coefficient of H2O is much smaller than at 1,909 nm; therefore, this
medium would be more appropriate for experiments in H2O. Absorption coefficients
for H2O and D2O at various commonly used gases, as well as an historical overview
about the lasers used to generate suitable IR pump pulses for the T-jump technique,
can be found in reviews about the T-jump method [27, 28]. Alternative approaches
for generating heating pulses have also been utilized, as e.g., the coherent mixing
of the Nd:YAG fundamental with an output of a dye laser [33], or Nd:YAG pumped
optical parametric oscillators (OPO’s) [34, 35].

Overall, laser-induced T-jump provides a suitable method to study elementary
processes in protein folding, such as ’-helix and “-hairpin formation that typically
occurs on the nanosecond-to-microsecond timescale [1]. The use of IR radiation for
the T-jump minimizes interference between the pump pulse and optical detection of
the sample response. Thus, a wide variety of probe signals, including visible and IR
absorption, fluorescence, and Raman scattering, can be used to probe the dynamic
response of the heated sample.

6.2.1 Generation of the Heating Pulse

The stimulated Raman effect provides a useful and relatively simple means to shift
Q-switched Nd:YAG laser pulses to the near IR. This approach for generating the
heating pulse is described here. A Raman effect is the inelastic light scattering,
where the energy of the scattered photon is shifted with respect to that of the incident
photon. One observes frequency shifts of the scattered light to lower energies
(Stokes lines) and to higher energies (Anti-Stokes lines). The frequency shift is
a property of the Raman active medium whose molecules vibrate with the eigen
frequency �vib. The Stokes lines refer to transitions from a lower vibrational state v
(e.g., the ground state v D 0) to a higher vibrational state v0 (e.g., first excited
state v0 D 1), whereas the scattering process in the Anti-Stokes process starts from
an excited vibrational state and ends in a lower vibrational state (Fig. 6.2). In the
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Fig. 6.2 Illustration of vibrational Raman scattering. In the Stokes process, the molecule takes
up energy and undergoes a transition from a lower to a higher vibrational state (as shown here for
v D 0 ! v0 D 1), whereas in the Anti-Stokes process, the molecule releases energy and undergoes
a transition from a higher to a lower vibrational state (as shown here for v D 1 ! v0 D 0). The
incident photon �ph excites the molecule from its initial energy level to a virtual energy level. The
scattered Raman light .E D h�Raman/ has less (Stokes lines) or more (Anti-Stokes lines) energy
than the incident beam .E D h�ph/

Stokes process, the molecule takes up energy from the photon and the molecule
releases energy in the Anti-Stokes process.

Without considering rotational states, the frequency of the scattered Raman-
shifted light is given by:

�Stokes D �ph � n�vib; (6.8)

for the red-shifted Stokes lines and

�Anti�Stokes D �ph C n�vib; (6.9)

for the blue-shifted Anti-Stokes lines (with �ph: frequency of the excitation photons,
�vib: vibrational frequency of the Raman medium molecules, n: order of the
overtone). If H2 gas is used as Raman medium, its eigen frequency �H2 of the
hydrogen molecule is �4;160 cm�1 [36]. The photon frequency of the Nd:YAG laser
beam is �ph D 9;398 cm�1 (corresponding to �ph D 1;064 nm). Thus, the red-shifted
frequency of the first Stokes line is �Stokes D �ph � �H2 D 5;238 cm�1 (corresponding
to �Stokes D 1;909 nm) and the blue-shifted frequency of the first AntiStokes line
is �Anti-Stokes D �ph C �H2 D 13;558 cm�1 (corresponding to �Anti-Stokes D 738 nm in
the visible spectral region). Overtones of the H2 eigen frequency generate further
Anti-Stokes lines at 564 nm and 457 nm, which are nicely observable since they are
frequency-shifted to the visible spectral region. The spontaneous Raman scattering
is nondirectional with a very small cross section: the intensity of the scattered
radiation is on the order of 10�4–10�5 of that of the incident beam and the
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Anti-Stokes intensity is further attenuated by the lower population of the excited
vibrational state [28]. At sufficiently high incident beam powers, the intensity of the
Stokes radiation reaches the threshold where the Raman effect becomes stimulated
which is practically achieved by focusing the laser pulses into the Raman conversion
medium. High pressure of the Raman gas also contributes to a higher efficiency of
the Raman effect. Besides H2, also CH4; D2, and N2 are other commonly used gases
for Raman conversions [27]. The stimulated Stokes beam that is used as pump pulse
has the properties of a laser beam, as it is coherent, propagates in the direction of
the pump beam, and is very intense. Conversion efficiencies can reach up to 30%
[28]. There is an optimum pumping energy at which the maximum Stokes output is
produced. In general, the energy of the Stokes line increases with increasing pump
power, until the threshold is exceeded for higher order Stokes and Anti-Stokes
processes where the intensity of the Stokes line starts to decrease [28]. Further
increase beyond the optimum also results in increasingly worse beam quality and
shot-to-shot reproducibility. High repetition rate of cycling the Raman conversion
can also decrease the conversion efficiency and output energy of the Raman cell as
well as the beam quality and shot-to-shot stability [28]. However, the repetition rate
of the T-jump experiment is usually limited by the rate of the thermal diffusion of
the heated volume (cooling the sample).

The temperature jump (T-jump) perturbs the thermal equilibrium of the studied
system and the kinetics of relaxation to the new equilibrium is spectroscopically fol-
lowed. The temperature change @T produced by the laser pulse (size of the T-jump)
determines the degree of equilibrium perturbation and therefore the amplitude of the
relaxation signal. The rise time and duration of the T-jump limit the timescales of
the processes that can be studied. In the absence of thermal diffusion, @T is given
by [27]:

@T .r; z; t / D k

�CV

R t

0
I.r; z; t 0/dt 0 ; (6.10)

where k is the absorption coefficient, � is the solution density, CV is its heat capacity,
and I.r; z; t/ is the instantaneous laser fluence in W=cm2 at time t and axial position
z in which the pulse propagates. The intensity dependence of an absorbing medium
on the spatial coordinate z is given by Lambert–Beer’s law:

I .r; z/ D I0 .r; z/ exp .�kz/ : (6.11)

The size of the T-jump therefore depends on the incident beam intensity, beam
diameter, absorption coefficient, and path through the sample. The absorption
coefficient k depends on the excitation wavelength, the used solvent, and the
temperature. It can be determined by the temperature-dependent near-IR spectra
of the respective solvent. For example, at 1,909 nm, the Stokes line of a H2-
Raman shifter, the absorption of the solvent D2O increases with temperature and
the absorption coefficients are k D 9:5 cm�1 at 273 K and k D 13:5 cm�1 at 353 K
[27]. As a consequence, the T-jumps at 353 K will be about 30% larger than those
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at 273 K for the same heating pulse energy density. The duration of the T-jump
is limited by the thermal diffusion. Analytical expressions can be derived in two
limiting cases: first, for the pathlength significantly longer than the beam diameter
as it is applicable to most laser T-jump experiments that use fluorescence or UV
absorption as probe and second, for a significantly shorter pathlength compared to
the beam diameter as it is applicable to T-jump experiments that probe protein IR
amide I0 in D2O [32]. In the latter case, the duration of the T-jump is essentially
independent on the heated volume, but depends on the pathlength; thus, there is only
minimal advantage associated with increasing the beam diameter. The heat transfer
occurs almost entirely through the windows. Commonly used cell windows in IR
experiments are CaF2. Dyer and coworkers carried out numerical calculations of the
heat transfer from D2O between CaF2 windows [37] leading to a T-jump duration
(using a definition of 95% of the initial temperature) of �0:02 ms for a 100 �m
pathlength. The temporal decay of the pulse depends on the real experimental
geometries, the homogeneity of the sample, and the uniform heating. But the T-jump
duration and temperature stability are crucial for the limitation in the study of
peptide dynamics. The longer the jump is stable in temperature, the less the water
dynamics (cooling) will interfere the peptide dynamics.

We measured the D2O temperature stability with our experimental geometries:
100 �m pathlength of a CaF2 cell, probe wavelength in the amide I0 region
.1;638 cm�1/, and D2O sample temperature of 20 ıC. Figure 6.3 shows the
temperature-dependent absorption change representing the water dynamics of the
D2O after the T-jump. At t D 0 s, an absorption change of �A D � 41:1 mOD can
be observed corresponding to a T-jump of �T D 13 ıC. The change in absorption is
converted to the change in temperature by a calibration set of temperature-dependent

t

t

t

Fig. 6.3 D2O dynamics at 1;638 cm�1 after a T-jump of 13 ıC corresponding to �A of
�41:1 mOD. The transient was measured with a time resolution of 33 ns (black curve) and 2 �s
(gray curve). Upper panel: linear scale; lower panel: logarithmic scale
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D2O absorption spectra measured with Fourier transform infrared (FTIR)
spectroscopy in thermal equilibrium. Thus, the solvent itself serves as intrinsic
spectral thermometer. The excitation of the overtone vibrations as well as the
thermal diffusion occurs on the picosecond timescale [33,38,39] and lies below our
time resolution of 33 ns, but the temperature stability and cooling process can be
monitored. The stability of the D2O temperature becomes obvious in logarithmic
scaling (Fig. 6.3, lower panel): the absorption decreases about 1.7% after 10 �s
corresponding to �A D �40:4 mOD and a temperature change of 0:2 ıC. After
100 �s the change is 5.8%. Thus, our experimental geometries reproduce well the
above-mentioned calculations for the T-jump duration [37]. The cooling of the
water occurs in the ms time range and therefore interferes only minor in the �s time
domain.

6.2.2 Photo-Acoustic Effects, Cavitation and Thermal Lensing

Laser-induced T-jumps are associated with the rapid expansion of the heated volume
which generates photo-acoustic effects, cavitation, and thermal lensing [27, 28, 37].
A rapid temperature rise produces a large pressure increase within the heated
volume. The shock wave subsequently propagates outward, reflects back from the
cell walls, and produces large oscillations of the density and refractive index in the
probed volume. The timescale is given by the speed of sound and the cell geometry.
For most cell geometries and in aqueous solutions, these effects occur on the �s
timescale. The photo-acoustic wave interferences are typically periodic oscillations
observable in the measured intensity signal.

A stronger disturbance arises from cavitation effects that were experimentally
and theoretically studied by Dyer and coworkers [37]. As the pressurized liquid
expands outward, the pressure within the heated volume drops to negative values.
When the tensile pressure exceeds a certain threshold value that depends on the
concentration of impurities present, tensile failure occurs and bubble growth, or
cavitation, is initiated. Cavitation is observed at tensions as low as 1 bar, however,
indicating the existence of gas or vapor filled nuclei within the liquid or on the
surfaces on bounding solids [37]. The bubbles perturb the probe beam by deflecting
or defocusing the light, which causes a dramatic decrease in the detected signal.
Cavitation is typically observed as large unperiodical drops in the signal intensity
ranging from several hundred nanoseconds up to several microseconds [37]. Since
cavitation and photo-acoustic effects in general arise from the volume change, they
will be eliminated at temperatures when the solvent thermal expansion is minimal,
i.e., at �4 ıC for H2O and at �12 ıC for D2O. Of course, studies in folding dynamics
cannot be restricted to these temperatures. Filtration, distillation, UV exposure, and
degassing are all effective in reducing size and number of undissolved impurities in
water and, thereby, increasing its tensile strength.

Expansions of the heated volume produce a refractive index gradient that can
focus or defocus the probe beam. This thermal lensing can affect the beam direction



6 Dynamics of ’-Helix and “-Sheet Formation Studied by Laser-Induced 157

or distribution over the detector, which can produce apparent changes in the signal
if the response is not perfectly homogeneous [28]. The effect of thermal lensing
depends on the experiment geometry. The temperature gradient sensed by the probe
beam can be minimized by a careful alignment of the pump and probe beams.

6.2.3 Experimental Setup

There are various realizations of spectrometer setups using a laser-induced tempera-
ture jump. An overview can be found in [27,28]. The following describes the basics
of a typical setup, illustrated in Fig. 6.4, which we have developed to study protein
folding dynamics [40–42]. The temperature jump is generated by a Q-switched
Nd:YAG laser pulse focused into a Raman shifter filled with H2 (30 bar) that shifts
the laser fundamental from 1,064 to 1,909 nm. In the described setup, the energy
of the incident Nd:YAG fundamental is �560 mJ and the Raman-shifted Stokes
line at 1,909 nm has an energy of �80 mJ; thus, the conversion efficiency is about
15%. The near-infrared pulse excites an overtone vibration of the solvent D2O and
thus initiates the temperature jump. For more homogeneous sample heating, the
pulse is divided by a beam splitter into two counterpropagating pulses of equal
energy in order to excite the solvent from both front and back. This results in a
temperature gradient of less than 5% through the cell [36, 43]. Furthermore, the
focus of each beam is adjusted to lie beyond the sample windows for both front and
back excitation to avoid high power density within the sample. The area exposed to
the heat inducing beams is approximately 1 mm in diameter, while that of the probe

Fig. 6.4 Schematic layout of the T-Jump IR spectrometer, illustrating all principal components,
including the Q-switched pulsed Nd:YAG laser (Nd:YAG), the Raman shifter (RS), the Pellin
Brocca Prism (PP) for separating the 1,909 nm excitation wavelength, the beam splitter (BS),
and dielectric mirrors. With �560 mJ pulse energy of the Nd:YAG fundamental, the Raman-
shifted Stokes line at 1,909 nm has an energy of �80 mJ. The beamsplitter generates two
counterpropagating pulses of approx. equal energy in order to excite the solvent of the sample and
to induce the T-jump. For a T-jump of �10 ıC, we use about 40 mJ excitation energy at the sample
position. The IR spectrometer comprise cryogenically cooled and tunable lead salt laser diodes
(LD) used as IR source in continuous-wave (cw) mode, the monochromator (M), the shutter (S),
the thermostat-controlled sample holder (sample), and the HgCdTe detector (D)
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beam is smaller (0.5 mm). These modifications permit more homogenous sample
heating and reduce cavitation effects. With a sample pathlength of 100 �m, we use
energies of �20 mJ for each of the two excitation pulses at the sample position in
order to increase the temperature by �10 ıC within 10 ns.

A continuous-wave (cw) lead salt infrared diode laser functions as IR source that
is tunable in a spectral region from 1,600 to 1;750 cm�1. Variation of temperature
and current is used to tune the frequency and intensity characteristics of the laser
diode over the emitted radiation modes. Since the laser diodes used here are
multimode emitters, the output beam is directed through a monochromator in order
to separate the desired probe wavelengths from the other spectral modes. The
monochromator ensures single mode operation, but reduces the probe wavelength
intensity up to 60%. Transient absorption changes of the probe beam through the
sample are detected by a photovoltaic HdCdTe detector and are digitized by a
transient recorder board. Signals originating from the black body radiation of the
sample were minimized by a germanium band pass filter with a transmission range
of 1;550–1;750 cm�1 positioned directly in front of the detector window. Further
reduction was achieved by a shutter device that enables the alternative acquisition
of any thermally induced black body radiation for one pump pulse without the probe
light and then the transmission signal of the sample with the probe light on the next
pulse. These two time-resolved intensity signals are used to evaluate the transients.
Several thousand single transients are averaged for an improved signal-to-noise
ratio. Since the sample transmission signals are monitored within a shutter sequence
of two pulses, any detector drifts are minimized, which might be noticeable as an
intensity offset occurring over several minutes. The sample cell consists of two CaF2

windows that are separated with a spacer of typically 50–100 �m. The sample cell
holder is temperature controlled by a connected water bath.

6.3 T-Jump Relaxation Kinetics

6.3.1 Two-State and Multistate Folders

Two-state processes in folding studies refer to the assumption that the protein has
two defined states, a folded (native) and an unfolded state. In this case, folding
and unfolding rates can be extracted from the observed rate of the T-jump studies
by using the equilibrium constant as pointed out in Sect. 6.1.4. The equilibrium
constant can be derived from FTIR measurements in thermal equilibrium and the
temperature dependence of the amide I0 band intensity or frequency. An example is
given here for the ’-helical peptide polyglutamic acid, a peptide whose helix-to-coil
transition has several kinetic steps, but a slow phase can be appropriately analyzed
according to a two-state model. Figure 6.5 shows the transition from ’-helix to
random coil measured in thermal equilibrium. The spectral changes of the amide I0
absorption band clearly indicate the structural transition. The maximum of the amide
I0 band is �1;640 cm�1, a quite low amide I0 frequency, but typical for solvated,
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Fig. 6.5 Spectral changes of the temperature-induced helix-to-coil transition of polyglutamic
acid at pD 5.4. FTIR measurements were performed in thermal equilibrium (from 5 to 85ıC
resp. 278–359 K). Low-temperature spectra represent the folded state and high-temperature spectra
the unfolded state. Left: Amide I0 absorption spectra recorded at different temperatures. Right:
Frequency position of the amide I0 maximum (left y-axis, open rectangle symbols), and amide I0

intensity change at 1;640 cm�1 (right y-axis, open circle symbols), both in dependence of the
peptide temperature (x-axis). Black arrows illustrate the laser-excited temperature jumps �T at
different peptide temperatures inducing thermal unfolding in a few nanoseconds
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Fig. 6.6 T-jump kinetics of the helix-to-coil transition of polyglutamic acid at pD 5.4. Left:
Transients of the ’-helix decay (probed at 1;632 cm�1) and coil rise (probed at 1;659 cm�1) are
shown exemplarily for some peptide temperatures. Right: Relaxation times in dependence of the
peptide temperature (open rectangle, ’-helix decay; open circle, coil rise)

hydrogen-bonded helices in contrast to the amide I0 frequency of shielded helices in
proteins with higher frequencies �1;650 cm�1 [5, 6, 44–46].

T-jump kinetics provide the relaxation times of a peptide after initiation of a
fast ns-temperature jump. The transients in Fig. 6.6 represent the decay of the
’-helix probed at 1;632 cm�1 and the rise of the coil structure probed at 1;660 cm�1

shown exemplarily for some peptide temperatures. The temperature refers to the
final peptide temperature after the T-jump. Evaluation of the transients yields the
relaxation times of the peptide [19]. The relaxation time � depends on the peptide
temperature and it decreases with increasing temperature. It becomes obvious that
the relaxation times for the ’-helix decay and those for the rise of the coil match
well in the considered temperature and time domain. Thus, a two-state model is
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used to describe this transition. If intermediates occur on the transition pathways
and the peptide unfolds in a multistate manner, the relaxation times will differ, as
e.g., demonstrated for the Trpzip “-hairpin peptide in Fig. 6.8 (Sect. 6.4.2).

In case of a two-state folder, folding and unfolding rate constants can be extracted
from the observed relaxation rates by use of the equilibrium constant Keq as pointed
out in Sect. 6.1.4. The Arrhenius plots of the relaxation, folding, and unfolding
rates show a monotonic temperature dependence (Fig. 6.7). The transition rate k is
directly correlated to the transition time �.k�1 D �). At the transition temperature
Tm (307 K), folding and unfolding times are the same .�u D �f D 1:84 �s/. Below
the transition temperature Tm, the folding is faster than the unfolding, whereas above
the Tm the behavior is vice versa (Table 6.1).

In case of a multistate folder, it is difficult to clearly define a folding and
unfolding time. The kinetic data need to be evaluated with more complex models

Fig. 6.7 Arrhenius plot of polyglutamic acid. Rates for folding kf (filled inverted triangle) and
unfolding ku (filled circle) are derived from the relaxation rates kobs obtained from kinetic
T-jump studies (open rectangle) and the equilibrium constant Keq obtained from equilibrium FTIR
measurements. kf and ku are identical at the transition temperature Tm

Table 6.1 Time constants of polyglutamic acid relax-
ation for different peptide temperatures

T=K �obs=�s �f=�s �u=�s

290 2:86 3:65 12:80

300 1:44 2:42 4:03

307 0:91 1:84 1:84

310 0:76 1:64 1:35

320 0:41 1:14 0:49

�obs W observed time constant derived from the T-jump
data; �f W time constant for folding; �u W time constant for
unfolding. The temperature T refers to the final peptide
temperature after the T-jump
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that comprise intermediate states. Three of the most important classical models are
the off-pathway model, the on-pathway model, and the sequential model. Different
models imply different interrelationships between relaxation times and measured
amplitudes. Models are usually chosen based on which one gives the best fit to
the experimental rates and amplitudes. Newer models replace the pathway concept
of sequential events with the folding funnel concept of parallel events. Energy
landscapes are discussed where each protein conformation is represented by a point
on a multidimensional energy surface [47].

6.3.2 Helix Dynamics

Several T-jump studies have been performed with ’-helical peptides to analyze
the helix-to-coil dynamics. The folding/unfolding transition has been reported to
occur on the 100 ns timescale [33, 48–54]. The helix-to-coil relaxation time has
been shown to be affected by the peptide length [55], temperature [19, 49, 55, 56],
solvent viscosity [56], and ionic strength [53]. Alanine-based model peptides
are often used to study helix formation and transitions since they form helical
structures in aqueous solution and due to the high helix propensity of alanine.
Experimental studies on short ’-helical alanine-based peptides .<25 aa/ have shown
that the relaxation dynamics observed on the 100 ns timescale encompass both helix
propagation (elongation of existing helical segments) and nucleation (formation of
the first helical turn) and their reverse processes, with different activation energies
and entropies [33,50,51,57]. Thus, the helix-to-coil relaxation is a multistep process
and requires more complex models than two-state kinetics. However, as shown
in Sect. 6.3.1, in the helix-to-coil transition of longer ’-helical peptides, like the
polyglutamic acid peptide that we studied (390–780 aa), there might be kinetic
steps that can be well described by single-exponential behavior and a two-state
model [19]. Other studies of model alanine-based peptides could show that the
substitution of individual amino acid residues not only affects the helical stability
of the peptide, but also the kinetics of its helix-to-coil transition [58]. Amino acids
have significantly different helix propensities and thus the helicity of the peptide
will depend on the amino acid sequence. T-jump studies of alanine-based peptides
with isotopic editing indicate that the folding of an ’-helix proceeds more rapidly at
the helical C terminus than at the N terminus, presumably because of reduced steric
restrictions due to the non-hydrogen-bonded carbonyl groups [59].

6.3.3 Hairpin Formation

Besides ’-helices, “-sheets are one of the main extended structural elements in
proteins. However, “-sheets pose difficulties for the study of folding mechanisms
because of their variable structures and propensity for aggregation. A “-hairpin,
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composed of two antiparallel strands connected by a turn, provides an ideal
model system of a monomeric, well-defined structure containing a sheet segment.
“-Hairpins are probably important structural elements in the initiation of sheet
formation. It is still discussed whether hairpin folding itself is initiated by sequence
propensities to form a turn and bring the strands together or by cross-strand
interaction to stabilize a compact state and allow the turn to form [60–62]. The
latter is normally attributed to a hydrophobic collapse, which can be aided by the
sequence design with nonpolar residues on alternate positions in the cross-strand
segments of the hairpin to interact and thereby excluding water. Cochran et al.
developed the tryptophan zipper (Trpzip) “-hairpin sequences that are stabilized by
Trp–Trp cross-strand interaction of four tryptophan residues forming a hydrophobic
cluster [63, 64]. Spectroscopic studies on different Trpzip variants have shown
changes in structure with variation in temperature in both equilibrium and kinetic
measurements [62, 65–70]. T-jump measurements on Trpzip variants have been
performed with infrared [41,42,62,70–72] and fluorescence [68,69,73,74] probes,
detecting the backbone CDO groups or the tryptophan side chains, respectively.
Also simulations have been employed to analyze the thermal stability and folding
mechanism [69, 70, 75–77]. Although the understanding of the detailed mechanism
of hairpin formation is still under study, there is agreement that hairpin formation is
a multistate mechanism.

6.4 Site-Specific Dynamics with Isotopic Editing

6.4.1 Site-Specific Frequency Shifts

The secondary-structure dependence of the amide I band arises from the coupling
of the polypeptide amide I modes. However, only average backbone conformational
data can be determined from the amide I band. The delocalization of the vibrational
modes prevents the use of the amide I band to get structure information on individual
residues within the polypeptide. In order to elucidate structure and dynamics of
polypeptides on the residue-level, isotopic labeling of individual carbonyl CDO
groups of the polypeptide backbone provides a powerful means to isolate amide I
modes of specific residues within the secondary structure [78, 79]. A backbone
carbonyl that is labeled with 13C is shifted to a lower frequency by �37 cm�1

if the mode is completely localized [78]. However, in a structured peptide, the
amide I modes are coupled and the observable frequency shifts strongly depend on
the coupling mechanisms between the 13C-=13C-carbonyls. The various coupling
mechanisms between the CDO oscillators of the backbone (see Sect. 6.1.2)
influence how far the 13C amide mode frequency is shifted out of the overall 12C
amide band and how intense the frequency shifted mode is. Thus, the frequency
shifts of 13C labels are position-dependent and provide very sensitive probes for
conformation. Isotope-editing permits structure resolution at the residue level at
least for smaller polypeptides. Large proteins with hundreds of residues and several
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secondary-structure elements will have a broad amide I band and the 13C modes of
individual labeled residues will not be frequency-shifted out of the 12C amide band
envelope. Reaction-induced difference spectra may provide the required spectral
resolution to isolate individual amide modes and to monitor conformational changes
on the residue level of larger proteins [80].

Several isotope-edited infrared studies of ’-helical and “-sheet peptides have
demonstrated the potential to analyze structural stability and conformational dynam-
ics using the amide mode shifts [16, 81–89]. If peptides are isotopically labeled,
certain amide modes become sensitive due to the vibrational coupling between the
labeled residues. But also single-labeled residues may induce diagnostic frequency
shifts independent from the coupling to other modes if the local mode is sufficiently
sensitive to variations in the secondary structure as discussed in Sect. 6.4.3.

Studies with 13CDO isotopically labeled ’-helical peptides provided insights
into helix conformation, stability, formation, and structural transitions [49, 50, 57,
81, 84, 87, 90, 91]. In the case of 13CDO isotopically labeled peptides with “-sheet
conformation, frequency shifts of amide I band components with very high intensity
can be induced [16,82,83,85,86,88,89,92,93]. This anomalous intensity is attributed
to a mixing of 13CDO and 12CDO modes between strands: There is interstrand
coupling between the 13C- and 12C-carbonyls whose peptide groups are linked by a
hydrogen bond, and as a result, the 13C mode picks up substantial intensity [82]. This
effect is strongest when 13C-labeled residues are hydrogen-bonded to 12C residues
on adjacent strands. When the labeled groups are aligned between the strands, there
is less 12C=13C mixing and therefore weaker intensity enhancement of the 13C
modes [89]. Also other mechanisms can contribute to the intensity enhancement,
such as in-phase vibrations of interstrand-coupled 13C modes, primarily from the
central portions of the “-sheet [16].

6.4.2 Insights into Folding Mechanisms on the Residue Level

Site-specific T-jump IR kinetics provide insights into folding and unfolding
processes on the residue level as shown here. Cross-strand isotopically labeled
“-hairpins, derivatives of the tryptophan zipper hairpin Trpzip2 [63, 64], have
been used in our study [41] with 13C labels on selected amide CDO positions
on opposite strands. The unlabeled variant is a mutant derivative of Trpzip2 and
termed Tripzip2C. The labeled Tripzip2C variants are denoted as A1A10, A3A10,
and A3K8 with the designated residues corresponding to the labeling positions in
the sequence (Fig. 6.8, upper panel). The absorption spectra of the various labeled
variants demonstrate that the frequency shifts induced by the 13CDO amide depend
on the specific labeling position (Fig. 6.8, middle panel). As previously seen for
other hairpin systems [83, 93–95], the double-labeled cross-strand interacting pair
of amide CDO groups induces frequency shifts and their unique coupling results
in a band pattern that is characteristic of their relative structure. Thus, site-specific



164 K. Hauser

w

re
la

xa
tio

n 
tim

e 
(µ

s)

re
la

xa
tio

n 
tim

e 
(µ

s)

re
la

xa
tio

n 
tim

e 
(µ

s)

re
la

xa
tio

n 
tim

e 
(µ

s)

temperature  ( C)o
temperature  ( C)o temperature  ( C)o temperature  ( C)o

(
)

(
)

(
)

(
)

( ) w ( ) w ( ) w ( )

Fig. 6.8 Folding stability monitored with cross-strand isotopically labeled “-hairpin peptides
(Trpzip2C: unlabeled variant, A1A10: labels at the hairpin termini, A1A10: labels in the hairpin
core, A3K8: labels adjacent to the turn). Upper panel: Schemes of the hairpin peptide with various
labeling positions. Middle panel: FTIR measurements in thermal equilibrium, heated up stepwise
from 5 ıC (blue, hairpin structure) to 85 ıC (red, disordered structure). The frequency shift and the
intensity of the 13C-amide mode (green arrow) strongly depend on the labeling position within the
hairpin structure. Lower panel: Relaxation times for different peptide temperatures derived from
kinetic measurements at single wavelengths after a temperature jump of �10 ıC. Shown are results
for probe wavelengths representative for the rise of the disordered structure (red) and the decay of
the “-hairpin, monitored at the 12C- (blue) and the frequency-shifted 13C-amide band component
(green). Data points were fitted to the Arrhenius equation

frequency shifts can be used to monitor differences in structural stability within the
secondary structure.

T-jump studies have been performed with labeled Trpzip2C variants at
selected single wavelengths, which represent the rise of the disordered structure
.�1;665 cm�1/ and the “-hairpin decay upon thermal unfolding [41]. The “-hairpin
decay is probed at two wavelengths, one chosen at the peak maximum of the
12CDO amide band component (�1;630 cm�1, denoted as 12C in Fig. 6.8) and one
chosen at the maximum of the frequency-shifted 13CDO amide band component
(denoted as 13C in Fig. 6.8). Wavelength selection was based on optimal overlap
of the maximum absorbance change and intense modes of the lead salt diodes
used as IR source. Temperature jumps of �10 ıC have been applied at different
peptide temperatures and relaxation times .�obs/ have been determined. Figure 6.8
(lower panel) shows the results of the variation in dynamic behavior. The relaxation
time �obs occurs in a few microseconds; �obs depends on the peptide temperature
and decreases with increasing peptide temperature. The unlabeled Trpzip2C was
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probed at 1;625 cm�1 representing the “-hairpin decay (Fig. 6.8, lower panel, blue
trace) and at 1;661 cm�1 (Fig. 6.8, lower panel, red trace) representing the raise
of the disordered structure. At temperatures >40 ıC, there is little discrimination
between the relaxation times for different probe wavelengths. However, at low
temperatures, the relaxation times differ for the band components. The band related
to the “-strand decays faster than the band related to the disordered structure
appears. This behavior is definitely not consistent with a two-state behavior and
the folding and unfolding rates cannot be derived as described in Sect. 6.1.4. The
labeled variants show the same thermal variation of the relaxation times between
strand-centered and disordered structure originating 12CDO amide I0 modes: at
low peptide temperatures .<40 ıC/, the 12CDO “-hairpin band (Fig. 6.8, lower
panel, blue traces) decays with faster time constants than the disordered band
(Fig. 6.8, lower panel, red traces), whereas little discrimination among the time
constants can be observed at high peptide temperatures. It is this low-temperature
region where the distinct behavior of individual resolved 13CDO amide I0 bands
as site-specific probes becomes obvious (Fig. 6.8, lower panel, green traces),
monitored at 1;616 cm�1 for A1A10, 1;610 cm�1 for A3A10, and 1;618 cm�1

for A3K8.
It is quite obvious that the different kinetics reflect stability variations at different

positions of the hairpin. Our interpretation of the data is the following [41]: The
decays of the “-strand 12CDO modes represent the dynamics of disturbing the intact
“-hairpin structure. In A3A10, where the 13CDO groups form a small H-bonded ring
in the middle of the hairpin, the 13CDO amide I0 band has the same temperature-
dependent dynamics as the 12CDO band component. It reflects the stability of
the center of the antiparallel strands due to the hydrophobic interactions of the
tryptophans. In A1A10, the 13CDO amide I0 band decay differs from the 12CDO
band component and coincides with the slower dynamics of the disordered structure.
The labeled residues are close to the terminal groups and consequently structurally
more disordered and less cross-strand coupled than A3A10 and A3K8. Since the
termini dynamics represent a mode of decay for the hairpin structure, even if only
from a partially folded state, the 13CDO amide I0 band in A1A10 reflects the
dynamics of the frayed ends upon unfolding. The labels in A3K8 are adjacent to
the turn and clearly show cross-strand coupling seen by the distinct and intense
coupled 13CDO amide I0 band in the absorption spectra (Fig. 6.8, middle panel).
However, the turn residues stress the hairpin structure, resulting in a distortion of
the H-bond between positions 5 and 8. This distortion may influence the local
unfolding dynamics and reasonably reflect an intermediate kinetic behavior between
the strand and the disordered components. Taken together, the labels of A1A10
and A3K8 sense more the dynamics of the unfolded state, whereas the A3A10
labels sense the disruption of the fully intact segment of the “-hairpin backbone
structure in the core. The faster, more “-strand-like 13CDO kinetics of A3A10
suggest that the central part of the strand, where the tryptophans are in the sequence,
is the stable component and that unfolding progresses from the termini toward the
center. By microscopic reversibility, this would support that folding is initiated by
a hydrophobic collapse. Such reversibility would only be tenable for a two-state



166 K. Hauser

model, but site-specificity of the relaxation times could only be obtained at low
temperatures where the relaxation kinetics indicate the formation of intermediate
states and thus a non-two-state folding process. Nevertheless, although the site-
specificity of the relaxation times could only be derived from a partially folded state,
the data are still supportive for the hypothesis of a hydrophobic collapse-mediated
folding mechanism of the Trpzip hairpin.

6.4.3 Single and Multiple Isotope Labels

Labeling peptides with isotopes offer a means of enhancing the low spatial
resolution IR technique by giving it site-specific sensitivity. Single labels offer a
simpler means of identifying parts of a sequence than multiple labels, both from
the synthetic and interpretive points of view, but there has to be a molecular
mechanism that makes the single label sensitive to the conformational change
of the peptide sequence. Double or multiple labels, if strongly coupled, offer
more specific structural sensitivity. However, in some cases single labels yield the
same information. We have compared the sensitivity of single versus cross-strand
double labels of Trpzip2C that have been used as spectral probes for monitoring
site-specific folding dynamics with T-jump IR spectroscopy [42]. In Fig. 6.9, IR-
absorption spectra measured in thermal equilibrium as well as relaxation time
constants determined with T-jump IR spectroscopy are shown for the single-labeled
Trpzip2C variants A1 and A10. Measuring conditions are the same as for the
double-labeled variant A1A10 that is discussed in Sect. 6.4.2. Position 10 of the
A10 variant is located between the four Trp residues, in the center of the hairpin
“-strands that are expected to be the most stable part. Position 1 of A1 is on the
N terminus which is partially frayed. As shown in the absorption spectra (Fig. 6.9,
middle panel), a well-defined 13CDO amide I0 band component can be monitored
for A10, even if weaker than in the double label variant A1A10 (Fig. 6.8, middle
panel), but a frequency-shifted band is not identifiable in A1.

The A1 absorption spectrum looks similar to that of the unlabeled variant
(Fig. 6.8, middle panel, Trpzip2C). However, there is a down shift of the 12C-labeled
amide I0 A1 band maximum from that of the unlabeled Trpzip2C, confirming a
difference between these two peptides. In contrast to A1, the double-labeled A1A10
variant yields a complex and unresolved, but distinct amide I0 pattern for the 12C and
13C contributions (Fig. 6.8, middle panel, A1A10). T-jump dynamics were measured
for A1 and A10 in the same manner used for the double-labeled variant A1A10.
Relaxation times of A10 showed that the 12C- and 13C-“-strand component values
(blue trace) were faster (lower) than those of the disordered component (red trace),
which means that the loss of sheet is faster than the gain of disordered structure.
Thus, the dynamics of the single label variant A10 behave similar as previously
discussed for the double-labeled variant A3A10 (Sect. 6.4.2). A3A10, A10, and A3
are variants whose labels are located between the Trp’s in the center of the strands
and all show a slower relaxation time for the rise of the disordered component
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Fig. 6.9 Folding stability monitored with single isotopically labeled “-hairpin peptides (left
column: A10; right column: A1). Upper panel: Schemes of the hairpin peptides with labeling
position. Middle panel: FTIR measurements in thermal equilibrium, heated up stepwise from 5 ıC
(blue, hairpin structure) to 85 ıC (red, disordered structure). There is no frequency-shifted 13C-
amide band in A1. Lower panel: Relaxation times for different peptide temperatures derived from
kinetic measurements at single wavelengths after a temperature jump of �10 ıC. Shown are results
for probe wavelengths representative for the rise of the disordered structure (red) and the decay of
the “-hairpin, monitored at the 12C-(blue) and the frequency-shifted 13C-amide band (green). The
single label at the hairpin terminus (A1) shows different equilibrium and kinetic behavior. For
further explanations, see text

than for the decay of the 12C- and 13C-“-strand components [41, 42]. The 13C-band
detected dynamics are, within error, quite similar to those detected with the 12C-
band. This reflects that the local loss of the central conformation occurs with the
same dynamics as the loss of the overall strand structure. A1 has very different
equilibrium and kinetic spectra than A10 and A1A10. The kinetics of A1 probed
at 1;627 cm�1 (Fig. 6.9, lower panel) have contributions from both the 12C and
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13C components, and the relaxation times are about the same as for the disordered
component. Comparing the A1 dynamics to the A1A10 dynamics, it seems that the
13C contribution is quite dominant in what should be the “-sheet component, as
the kinetics are slowed just as for the 13C component of A1A10 (Fig. 6.8, lower
panel). This kinetic behavior of A1A10 reflects the dynamics of the frayed ends
upon unfolding and thus is also consistent for the relaxation data of the single variant
A1 [41, 42].

The sensitivity of single versus cross-strand double labels has been compared for
the model “-hairpin Trpzip2C. Although single labels do not result in intensity
enhancement, as seen for cross-strand labeling, the IR frequency shifts are still
diagnostic for hairpin unfolding. If CDO carbonyls in the “-strand portion of the
hairpin (between the Trp residues) are labeled, the dynamic behavior of the single
labels is similar to the results obtained with double labels in terms of relaxation time
and activation energy and closely tracks the kinetics of the “-strand components.
This implies that either property, local secondary structure (change of ¥; §), or
cross-strand coupling enabled by strand formation and H-bonding relaxes with the
same kinetic mechanism. Single-labeled residues on the terminal positions have
a different behavior and are less able to be detected due to overlap with the 12C
components. In contrast, double labels involving terminal positions are enhanced
due to coupling.
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Chapter 7
Light-Triggered Peptide Dynamics

Wolfgang Zinth and Josef Wachtveitl

Abstract Photoswitches suitably connected to model peptides allow to apply
light as trigger for folding initiation. Time-resolved infrared spectroscopy provides
a certain degree of structural information and allows to follow the kinetics of
photoinduced conformational changes by investigating the transient, interconverting
structures. Several secondary structure elements have been studied in detail with this
approach. The recent development of light-responsive tertiary structures yields the
next generation of model peptides on the way toward an understanding of protein
folding.

7.1 Introduction

Most organisms contain chromo-proteins where the combination of a protein
moiety with light absorbing prosthetic groups leads to new functionalities. Light
absorption in visual proteins such as rhodopsins or sensory rhodopsins initiates
a stimulus, which allows the organism to see the surroundings and/or to react on
changes in the illumination conditions. Light may trigger or synchronize circadian
cycles. Fluorescent chromo-proteins perform efficient wavelength conversion of
light; photosynthetic proteins convert and store solar energy through rapid electron
transfer processes. From the scientific point of view, the light absorbing groups of
chromo-proteins allow to monitor function and dynamics of biological processes via
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optical techniques. Time-resolved absorption and emission measurements character-
ize ultrafast processes in biological systems. Recently, fluorescing chromo-proteins
have been used for subdiffraction-limited microscopic imaging. The application
of chromo-proteins, however, is restricted due to their low abundance, the limited
variety of functional properties and the rather large size of most native systems. The
introduction of light switchable peptides combining light absorbing and photoreac-
tive groups with small peptides of suitably designed amino acid sequence leads to
molecular systems, which open numerous new applications. These light switchable
peptides may act as light-activated and directed tools, may exhibit light-triggered
enzymatic activity and can even lead to light controlled neuronal activity [1–3].
In addition, they could be used as biocompatible compounds for subwavelength
microscopy or as switching elements for the study of structural dynamics in
biomolecules. This novel field of research will be reviewed in this article.

7.2 Light-Triggered Peptides

A prototypical light switchable peptide (Fig. 7.1) is composed of three molecular
parts, which are discussed in the following paragraphs: the photochromic switching
unit (I) is attached via linking groups (II) to peptide moieties (III). In order to act
as a successful light switchable peptide, the three units have to fulfill a number of
requirements.

7.2.1 The Photochromic Switching Unit

Photochromic molecules are available with widely different properties. Here, we
address only molecules that can be used to modify the structure of the complete

I IIII
III III

Fig. 7.1 Prototypical structure of a light-triggered peptide with the photochromic switching unit
(I), the linkers (II) and the peptide moieties (III)
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chromopeptide. Two types of photochromic switching molecules are suitable for
these applications:

1. The switching molecule can access two stable states (conformers) with well-
defined structures of different optical properties. Of special interest are pho-
tochromic molecules where both states are thermally stable (on the timescale of
hours) and where both switching directions can be operated by light at different
wavelengths. Such switching molecules are required if both directions have to be
studied, when an enzymatic activity should be switched permanently or when the
system should be controlled (e.g., activity on or off) by light.

2. In the second class of photochromic molecules, only one of the two states is
stable and the reconversion occurs fast via a thermally driven back reaction. Here,
only the optically controlled reaction can be studied directly. Since reformation
of the initial state occurs automatically with a defined reconversion time, there
is no need for the active reconversion by suitable illumination of the sample.
An application of such a system is the control of enzymatic activity by intensity
variations of the illumination.

A clear distinction between group one and two is not always possible. The energetic
barriers in the electronic ground state which control thermal stability may strongly
depend on specific substitutions of the switching chromophore. This can be used in
the molecular design to adjust the switching molecule to the specific application.

For practical applications, switching molecules have to fulfill a number of
additional requirements. (a) They should sustain many switching cycles (this
requirement distinguishes them from caged compounds). (b) At least one (prefer-
ably both molecular states) can be prepared selectively. (c) The light-induced
switching has reasonably high quantum efficiency. (d) The light-induced processes
are fast (i.e., on the femtosecond and picosecond timescale) and should proceed
over a small number of intermediate states. (e) Pronounced structural changes
of the switching molecule, which are able to induce structural changes of the
complete chromopeptide, occur upon light absorption. Here, we will not address
switching processes that are restricted to the electronic properties of the molecular
switch. These changes may be of importance for the transfer of energy and for
applications as emitters in subdiffraction microscopy. (f) The molecular switch
should be insensitive to specific surroundings encountered in the in vitro and in
vivo experiments. It should have sufficiently high chemical stability. For in vivo
applications, it should exhibit low toxicity.

Photoswitchable molecules have been synthesized in great varieties of structures
(for a selection, see Fig. 7.2). Photochromism suitable for structural switches is
advantageously based on chemical transformations such as pericyclic ring-opening
or ring-closure reactions and Z/E isomerizations.

Isomerizations lead to structural changes of large amplitude, which may com-
pletely change the shape of the switch. For a suitably designed peptide moiety,
this may change the structural arrangement of the whole system. When the
photoisomerization is related with a downhill reaction path in the excited electronic
state and with rapid interconversion to the ground state surface via a conical
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Fig. 7.2 Selection of photochromic molecules: stilbene (a), azobenzene (b), hemithioindigo (HTI)
(c) with photoisomerization around the central double bond and an indolylfulgide (d) which
undergoes light-induced ring-closure/opening reactions in the region highlighted in grey

intersection, an extremely fast formation of the product state is found. For steep
potential surfaces large forces, which may induce strongly driven structural changes
of the linked peptide moiety, result. An example of such strongly driven and ultrafast
isomerization is the cis-to-trans isomerization of azobenzene after excitation in the
blue via the n � transition. For a recent review on azobenzene peptide switches,
see [1–3]. This reaction occurs on the 300 fs timescale [4]. In other molecular
switches acting via isomerization (e.g., hemithioindigo, HTI), the reaction in the
excited electronic state proceeds via a minimum of the potential surface, separated
from the reactive area (e.g., a conical intersection) for the internal conversion to the
ground state product by an energetic barrier. For HTI, this barrier is sufficiently low
and the reactions occur on the timescale of 10 ps [5, 6]. The high sensitivity of the
barrier height on molecular surroundings and on substitution may strongly influence
the reaction dynamics as could be demonstrated for HTI, where the Z to E reaction
could be varied from 3 ps to 3 ns by appropriate substitutions at the stilbene part [7].

The photochromism of fulgides, a class of photoactive compounds extensively
studied in the context of molecular memories, is based on ring-closure and ring-
opening reactions. In recent studies on specific fulgides (indolylfulgides; see
Fig. 7.2d) ring-closure reactions were found, which are extremely fast (several
100 fs) and largely insensitive to the molecular surroundings [8]. On the other hand,
ring opening of the same molecules is somewhat slower .�10 ps/ and proceeds via a
barrier on the excited state potential energy surface [9]. This leads to a pronounced
temperature dependence of reaction time and quantum efficiency [10]. Recently,
it could be demonstrated that the ring-opening reaction could even be modified
by vibrational excess energy supplied by a pre-illumination light pulse [11, 12].
When ring-opening/closure reactions should be used for peptide switching, one has
to consider that these reactions do not lead to large-scale force-driven structural
changes. Here modifications of the complete construct will mainly occur from
allosteric reactions where the peptide structure adjusts to the changed geometry and
flexibility of the molecular switch by (slow) thermal motions.
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7.2.2 The Linking Group

A very important function in a light switchable chromopeptide is executed by the
linking groups. They connect the light operated switch to one or several peptide
units. The requirements imposed by the intended properties can be fulfilled by
different types of linking groups. When, for example, the light switch operates as
a backbone element the linking group should provide the appropriate amino- and
carboxy-groups. This masking as a pseudo-amino acid also facilitates its direct
utilization in peptide synthesis. On the other hand, an optical switch designed
for side-chain switching must contain reactive groups addressing the targeted side
chains.

First experiments on the photocontrol of azobenzene containing peptides were
performed on model peptides, where the photoswitch was introduced into the
side chains of poly-lysines [13, 14]. Dependent on the linking group the two
families of azo-modified poly-lysines exhibited completely different photoinduced
conformational changes. Only when a sulfonamide group linked the azobenzene to
the lysine unit, a reversible photoresponsive formation of a helical and random coil
structure was observed.

When a rigid connection between switch and peptide is intended, the bridging
group cannot be formed exclusively by single bonds. However, one has to consider
that some electronic coupling occurs between the  -electron systems of the two
linked molecular parts. In addition, the extension of the  -system of the switch
into the bridging group and the peptide may influence not only the chemistry of
the molecular parts, but also the electronic properties of the optical switching itself.
This may result in changes of absorption properties and may influence potential
energy surfaces in the electronic ground state as well as in the excited electronic state
[15]. Severe modifications in the switching properties and in reaction dynamics may
result. For instance, the azobenzene compound APB (see Fig. 7.3), where carboxy-
and amino-groups are directly attached to the azobenzene part, exhibits a shift
of the main   �-absorption peak of the trans form from �320 nm (unsubstituted
azobenzene) to 420 nm [16]. In addition (in the ground state), the interconversion
from the cis to the trans form is accelerated from hours in azobenzene to the range
of a few minutes in APB. For the switch HTI, it has been shown that the directly
attached groups strongly influence the dynamics also for light-induced reactions.
The electronic coupling may also depend on the position with respect to the aromatic
system of the optical switch where the linker is attached. For HTI, it could be shown
that the effect of electron donating or electron withdrawing groups is reduced if
the group is attached at the meta- instead of the para-position of the stilbene part
of HTI [7]. An efficient decoupling of the two electron systems of switch and
peptide may be obtained via saturated groups (e.g., CH2) in the linker. However,
the presence of the single bonds in the linker leads to a more flexible construct,
with severe consequences for the generation of structural changes in the complete
chromopeptide. A rigid coupling typically transmits strong forces or torques from
the switching chromophore to the peptide moiety and the peptide will directly and



176 W. Zinth and J. Wachtveitl

N
N

X

Y Z

X'

Y'Z'

b

NH2

N
NO

HO

NH2

N
NO

HO

a

APB

AMPB

NH2

N
NO

HO

NH2

N
N

O
HO

AMPP

A

Fig. 7.3 (a) Azobenzene compounds used in the literature as backbone inserted photoswitches
where different linking groups tune the chemical and structural properties. (b) Scheme showing
different positions for substitutions

rapidly react on these forces. There will be strongly driven structural changes in
the adjacent parts of the peptide that might even extend to more remote parts.
Upon completion of the structural changes of the switch and rearrangements of the
adjacent peptide groups further e.g., allosteric structural changes may occur. When a
more flexible linker is used, the amount of force-driven structural changes is reduced
and allosteric processes gain importance.

For the design of light switchable peptides, the structure of the switch itself,
the position of the attachment, and the structure of the linker group are of
major importance. The different constitutional isomers of azobenzene offer various
positions where the two linking groups can be attached (Fig. 7.3b). There are a
number of possibilities to connect peptide part I to positions X–Z and peptide part
II to positions X0–Z0. The specific choice determines the structure of the construct
before and after the switching photoisomerization and may strongly influence the
geometric changes of the light-induced reaction. Four azobenzene constructs used
for peptide switching are shown in Fig. 7.3a. In APB, the amino- and carboxy-
groups are directly attached to the phenyl rings in para position. This switch-linker
combination was used in cyclic and linear peptide constructs, showing pronounced
and fast changes of the peptide in the vicinity of the switching chromophore group.
When APB is used in a small cyclic system, the rigid construct strongly restricts
the number of accessible states of the molecule. In simulations of the cis-to-trans
reaction, it could be shown that even the thermally driven parts of the structural
relaxation and reorganization are finished within 20 ns [17]. AMPP with amino- and
carboxy-groups connected via methylene spacers to the azobenzene in meta position
at both phenyl rings has been used as a switching element in a light-triggered hairpin
model system. In the cis form of the AMPP the switch-linker construct acquires
a geometry of a “-loop and the peptide folds into a “-hairpin, while in the trans
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form the hairpin structure is destroyed [18]. Recently, a different azobenzene-based
switch has been introduced (Fig. 7.3a, structure A) as a loop element in a cyclic
model peptide forming a “-finger [19]. The selection of a specific molecular switch
and the binding position for the selected linking groups in combination with the
attached amino acid chain allows mimicking a wide range of structure elements
found in native peptides. By this way, it becomes possible to produce switchable
constructs for the different tasks reported above.

7.2.3 The Peptide Moiety

In order to obtain a light switchable peptide which can be used for the specific target
application the peptide part has to meet important requirements. (a) The amino acid
sequence has to be assigned in a way that the construct acquires intended molecular
structures and/or function for both geometries of the molecular switch. This can be
accomplished, e.g., by molecular dynamics simulations of the complete construct or
by the use of sequences from known structural elements of proteins. The selection
of a solvent with appropriate polarity may help to obtain stable structures of the
dissolved chromopeptide [18]. A defined structure of a small peptide construct may
be difficult to obtain. Here, additional constraints such as covalent bonds can help to
reach the targeted structure. (b) The peptide moiety can be attached to the selected
linking group with high efficiencies. (c) The amino acid sequence must be designed
in a way that chemical reactions between the side chains and the optical switch or the
linking groups are avoided. This can be accomplished by protecting groups on the
side chains, which may be removed only after the assembly of the whole system. (d)
Protecting groups used during peptide synthesis and the assembly of the complete
construct have to be chosen in a way that they can be removed without damaging
the construct. (e) The complete construct has to fit to the type of application and
investigation. The solvent and the solubility of the light-triggered peptide have to
be adapted to the techniques of investigation. For example, transient IR experiments
often require high concentrations (in the mM range) and solvents with suitable IR
transmission windows. In addition, aggregation of the construct should be negligible
even at the high concentrations required for many ultrafast experiments.

7.3 Characterization of Light-Triggered Peptides
by Stationary Spectroscopy

Optical spectroscopy in the visible and near-ultraviolet investigates the properties
of the switching part of the light-triggered peptide. A comparison of the spectra of
the isolated switch and the peptide construct yields information on the integrity
of the switch after incorporation. By suitable illumination of the sample, one can
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Fig. 7.4 Absorption spectra
of (a) various azobenzene
compounds azobenzene
(Azo), APB, and AMPB and
(b) the cyclic azobenzene
peptides c-APB and c-AMPB
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analyze if the incorporation into the peptide influences the switching properties
or the equilibration between the two conformers. More detailed information may
be obtained by a careful analysis of photostationary states reached by the illu-
mination at specific wavelengths, by the determination of the quantum efficiency
for light-induced switching or in quasistationary experiments, where the long time
(> minutes) thermal reconversion of the sample is studied.

Figure 7.4 shows stationary absorption spectra of different azobenzene com-
pounds. For the trans form of pure azobenzene (dissolved in DMSO), the absorption
peak of the   � transition is found at 320 nm and the weak n � band at 450 nm. In
the cis form, the absorption of the n � band is increased and the   � band shifts
to shorter wavelengths .�max D 275 nm/. For APB, i.e., azobenzene with directly
attached amino and carboxyl groups, the charges at the terminal groups strongly
shift the trans   � absorption band to 420 nm. When APB is incorporated as a
backbone switch into a peptide (see Fig. 7.4b, c-APB), the shift is reduced and the
  � trans absorption peaks now at �370 nm [20]. These observations confirm that
the rigid linking group used in APB strongly influences the electronic configuration
of the system. In AMPB, where one methylene spacer is introduced the absorption
spectrum of the isolated switch peaks at 345 nm, slightly red shifted as compared
to pure azobenzene [21]. When AMPB is incorporated into the peptide, only a
small additional blue shift of �5 nm is found (see Fig. 7.4b, c-AMPB). The AMPP
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switching unit which contains methylene spacers in both linking groups features
the   � trans absorption peak in the 325 nm range close to the absorption peak
of unsubstituted azobenzene in solution [18, 22]. Thus, the methylene spacer – as
expected – prevents the  -electron system of the switch to extend into the attached
peptide.

Visible and ultraviolet spectroscopy of light-triggered peptides shows predomi-
nantly the few and broad bands of the molecular switch. The ultraviolet absorption
bands of the peptide moieties (found below 300 nm) are quite weak and bear
very limited information on the structural arrangement of the peptides. Thus,
visible/near-ultraviolet spectroscopy can be used to yield information on the switch-
ing chromophore. On the other hand, infrared spectroscopy allows investigating
all parts of the light switchable peptide. The advantage of infrared spectroscopy
is evident when infrared difference absorption spectra are recorded. Of interest in
light-triggered peptides are infrared absorption changes that occur upon operation
of the molecular switch. Here, only molecular parts contribute which are influenced
by the switching process. An example is given in Fig. 7.5 where infrared difference
spectra of several azobenzene compounds are plotted. When azobenzene is switched
by light at 370 nm from the trans to the cis form, distinct absorption changes
are found at � < 1;600 cm�1. This difference spectrum shows the disappearance
of trans-azobenzene infrared bands as negative signals and the appearance of cis
bands by a positive absorption change. For AMPB, strong absorption changes are
found around 1,570 cm�1 and 1,600 cm�1. The difference spectrum of a bicyclic
AMPB peptide, bc-AMPB, shows again these features related to the AMPB switch.
However, much stronger absorption changes occur in the range of the amide I
.1;625–1;700 cm�1/ and amide II .1;500–1; 570 cm�1/ bands. They are connected
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Fig. 7.5 Infrared difference spectra for azobenzene, AMPB, and the bicyclic azobenzene peptide
bc-AMPB upon isomerization of the chromophore. Pronounced absorption changes from the
chromophore and the peptide moiety are visible
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with the spectral changes in the peptide moiety induced by the isomerization of
the molecular switch. From the absorption difference spectrum (band positions and
relative amplitudes), information on the structural changes can be obtained. The
comparison with infrared spectra of model peptides and proteins can be used to
obtain a first insight into the nature of these structural changes. Recently, theoretical
modeling of infrared spectra of amide groups made considerable progress and
the calculation of reliable infrared spectra of peptides of defined structure is
foreseeable [23].

For proteins circular dichroism (CD) spectroscopy has proven to be an important
technique. CD spectra in the 210 nm region contain signatures of the secondary
structure. For light-triggered peptides CD spectroscopy gives a quick overview of
changes in the arrangement between the two conformers. Most detailed structural
information on the two isomers of the light switchable peptide is obtained from two-
dimensional NMR. When applying 2D-NMR to small light switchable peptides,
one has to consider the limitations of the technique: (a) A small peptide has many
degrees of freedom and few through-space interactions. In most cases, a small
peptide does not fold into a single structure. A well-defined structure may be
reached if specific structural constraints are introduced, e.g., via covalent bonds or
cyclization of the peptide. Often the peptide occupies an ensemble of molecular
structures and the optical switch transforms one ensemble into another. (b) The
structure determination in 2D-NMR relies on pairwise distance information between
specific groups of the peptide. For small peptides, the limited number of distance
information may not allow to define a single structure even if it would exist. When
combined with high-quality molecular dynamic simulations, 2D-NMR data allow to
characterize the ensembles connected with the two forms of the molecular switch.
By this way, one obtains structural information for the two conformers, which is of
major importance for the interpretation of the peptide dynamics.

7.4 Methods for the Study of Ultrafast Structural Dynamics

Folding reactions in proteins occur on a nested hierarchy of timescales and typically
extends to the timescale of seconds (see Fig. 7.6). Molecular rearrangements of parts
of the protein may occur much faster. For example, experiments on small peptides
have shown that structural fluctuations of amino acids may occur on a timescale
of picoseconds. Triplet–triplet energy transfer (TTET) experiments revealed that
contact formation in short amino acid chains may occur down to the 100 ps time
range [24]. Secondary structure elements are found to form within microseconds
[25]. In the following, we present experimental techniques that allow studying even
the fastest structural dynamics in the picosecond range.

We have seen above that the isomerization of the switching molecules may occur
within a few 100 fs after the absorption of the exciting (pumping) light pulse. The
excitation-induced changes in the optical properties of the light-triggered peptide
can be recorded after a time delay tD by a second, the probing light pulse of
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Fig. 7.6 Relevant timescales for folding dynamics of proteins and peptides

appropriate wavelength. Repeating the pump-probe experiment with different time
delays, one can measure the light-induced absorption dynamics of the investigated
peptide with high temporal resolution (see Fig. 7.7). During this experiment one has
to assure that every pump-probe cycle investigates a fresh portion of the sample.
This can be accomplished by a rapid exchange of the illuminated volume, e.g., via
a peristaltic pump. The temporal resolution of the experiment is determined by the
duration of the pump and probe pulses. Present experimental systems can generate
pulses with durations well below 100 fs throughout the whole spectrum from the
near ultraviolet to the mid infrared. The exact synchronization between pump and
probe-pulse is necessary to maintain the high temporal resolution. On the timescale
of femto- to nanoseconds this is accomplished by using a femtosecond laser system
as the master light source. By means of a beam splitter a pair of exactly synchronized
light pulses is generated from the original master pulse. Subsequent wavelength
shifting via various nonlinear optical processes is used to generate pump and probe-
pulses at the required spectral positions (see Fig. 7.7). The proper setting of the
time delay between pump and probe-pulse is obtained by an optical delay line. For
delay times tD well above ca. 10 ns, an optical delay line becomes very difficult to
operate since a pump probe experiment with the corresponding variable light path of
(many) meters is difficult to realize. Therefore, one may use standard techniques of
laser flash experiments for the investigation of slower processes. Recently, the high
sensitivity of femtosecond IR experiments could be extended to longer time ranges
by the electronic synchronization of two independent laser systems [26, 27].

By the specific choice of the probing wavelengths, the experiment may be tuned
for the characterization of different parts of the light-triggered peptide. Experi-
ments with probing in the visible and near-ultraviolet part of the spectrum record
exclusively the dynamics of the light-operated switch in the peptide construct.
The comparison of these results with those obtained for the isolated switch allows
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Fig. 7.7 Schematic of a typical experimental system (excite and probe setup) for ultrafast
spectroscopy in the femto- to picosecond range

obtaining information on the interaction between switch and peptide. Experiments
on azobenzene peptides have shown that the initial reactions dynamics of the switch
are often slowed down as compared to pure azobenzene [21, 28, 29]. Apparently
inertia and friction imposed by the attached peptide hinder the isomerizational
motion of the switch. UV/visible experiments in the long wavelength part of the
azobenzene absorption band revealed additional absorption transients on a much
longer timescale where pure azobenzene did not show any transients (see Fig. 7.8a).
These absorption changes could be assigned to the back action of the peptide onto
the switch. On this timescale .�10 ps/, the peptide has not yet reached its final
arrangement and considerable strain between the isomerized switch and the peptide
remains, which is released only on a longer timescale [21, 28, 29].

Probing in the mid infrared allows the direct access to structural changes of the
peptide moiety. In most cases, amide I .1;620–1;700 cm�1/ and amide II bands (ca.
1;550 cm�1) are investigated, which are very sensitive to structural rearrangements
and changes in the hydrogen bonding pattern. Since the IR absorption changes
induced by switching are very small (in most practical situations �OD < 10�3),
elaborate optimization of infrared pulse generation and signal recording is neces-
sary. Related experiments for different light-triggered peptides are presented below.
Information on the vibrational system of a peptide may also be obtained by transient
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Fig. 7.8 (a) Comparison of
the transient absorption
changes of azobenzene and
the cyclic azobenzene peptide
c-APB for the cis to trans
isomerization direction. (b)
Absorption changes for
c-APB recorded at different
delay times showing
dynamics with pronounced
amplitudes in the time range
of 50 ps due to the back
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Raman techniques. However, up to date no transient Raman experiment has been
published on the ultrafast dynamics of light-triggered peptides. Two-dimensional
infrared (2D-IR) spectroscopy is another spectroscopic tool that combines structural
information with ultrafast time resolution and is thus ideally suited to investigate
structural dynamics of small peptides. This method has recently been reviewed
[30, 31] and is thus not further discussed here.

7.5 Applications

7.5.1 Ultrafast Spectroscopy on Cyclic Azobenzene Peptides

In the first series of time-resolved experiments, light-triggered peptides have been
investigated by ultrafast absorption spectroscopy in the visible and near-UV range.
As discussed above, this type of experiment addresses the light switch itself and
reveals its interactions with the peptide moiety. The related absorption transient
for the cis-to-trans reaction of APB samples shows distinct differences between
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the pure switch azobenzene, a linear azobenzene peptide where the strain between
switch and peptide is released rapidly on the 10-ps timescale and the cyclic construct
cAPB, where absorption transients extend out to 1 ns [21, 29]. The transient spectra
recorded at different delay times (see Fig. 7.8b) support this interpretation. Both the
n � absorption band around 450 nm and the   � band around 370 nm are changed.
Especially the n � band is strongly shifted. The changes in absorption display
dynamics in the 50 ps range together with slower reaction transients [21]. The
simulation of the reaction dynamics with molecular dynamics techniques supports
the given interpretation and finds a similar time constant for the relaxation of the
strain. Very recent simulations have shown that the subsequent thermal processes
establish the final trans arrangement of cAPB on the 20 ns timescale [17].

Further experiments on APB and AMPB-based azopeptides with visible fs
spectroscopy have shown that the relaxation of the strain between switching chro-
mophore and peptide moiety always occurs on the 10–100 ps timescale. This relax-
ation time depends on details of the linking groups, the peptide structure (linear,
cyclic or bicyclic), and the viscosity of the solvent. The transfer of excess heat from
the azobenzene to the surrounding solvent proceeds on the 10 ps timescale [4,21,32].

In the investigated peptides, the structural reorganization via force-driven pro-
cesses and the complete thermal relaxation occur on the sub-100 ps timescale.
Subsequent slower reactions will act on a molecule which is at the temperature
of the solvent and contains the switch in the relaxed new conformation. As a
consequence, the subsequent structural changes have to occur via thermal reaction
steps bringing the system in an allosteric reaction on much longer timescales to its
final arrangement [33].

Conformational transitions in the peptide moiety become clearly visible in time-
resolved IR experiments [34]. For the bicyclic azobenzene peptide bc-AMPB, the
transients revealed fast initial absorption changes representing bc-AMPB molecules
with considerable vibrational excess excitation. It is on the 0–20 ps timescale that the
spectra in the amide I region change considerably. These processes reflect the direct
relaxation of the strain between chromophore and peptide and the release of vibra-
tional energy. After this process, the IR difference spectrum already exhibits clear
similarities to the stationary difference spectrum. However, a number of deviations
are still present. On the timescale of sub-ns further relaxational processes occur;
however, a complete agreement with the stationary spectrum is missing even after
several ns. The slower processes observed in bc-AMPB indicate that even in pep-
tides of small size the ensemble of molecules evolves on a multitude of timescales.

7.5.2 Unfolding and Folding of a Light Switchable Hairpin
Model Compound

The azobenzene chromophore AMPP in its cis form can be used to mimic a “-loop
and can serve as the central part of a “-hairpin structure [18]. When AMPP is in the
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trans form, however, a “-hairpin structure cannot be formed. Thus, optical switching
of the AMPP in the hairpin model peptide should transfer the system between states
with different structural properties and the dynamics can be followed by ultrafast
spectroscopy.

In the first study with stationary techniques (2D-NMR, CD spectroscopy, and IR
spectroscopy), the ensembles of model peptides containing cis- and trans-AMPP,
respectively, have been characterized [18]. The cis-AMPP hairpin peptide ensemble
includes peptide structures with a larger amount of interstrand hydrogen bonds and
with large probability to form the hairpin structure. This could be determined by
NMR and CD spectroscopy. On the other hand, the peptides with trans-AMPP have
a strongly reduced number of hydrogen bonds and no hairpin structure. Results
from time-resolved IR experiments on the hairpin unfolding (cis-to-trans reaction
of AMPP triggered with light at 400 nm) are shown in Fig. 7.9 [22]. At early
times (within few ps, see Fig. 7.9b), one observes a first absorption decrease
due to hydrogen bond breaking combined with the absorption changes expected
in a vibrationally hot peptide. On the timescale of 20 ps, the vibrational excess
energy relaxes and further hydrogen bonds break. In addition, one finds absorption
increase around 1;690 cm�1, which points to desolvated amide groups, i.e., to amide
groups in a surrounding with reduced polarity. On the timescale of 50 ps resolvation
occurs, which is visible by the disappearance of the 1;690 cm�1 band. However,
no hydrogen bond reformation is found on this timescale. Finally with �500 ps,
the system changes again its absorption by an absorption rise at 1;655 cm�1. The
absorption spectrum now closely resembles the stationary difference spectrum (see
solid curve in Fig. 7.9c). Apparently the unfolding reaction of the AMPP hairpin
model peptide is essentially completed on a timescale of 1 ns.

The inverse reaction, the folding reaction induced by the trans-to-cis isomeriza-
tion of the AMPP photoswitch, shows again features related with vibrational heating
(a broad absorption increase), desolvation, and subsequent resolvation processes
on the sub-100 ps timescale. After these processes, the spectrum does not agree
with the stationary difference spectrum. It is only on a much longer timescale that
the stationary difference spectrum is reached (time constant 30 �s) in the region
representing interstrand hydrogen bonds. Apparently the folding reaction is much
slower than the photophysical processes occurring on the timescale of picoseconds.
Entropic barriers have to be overcome before the right arrangement of the interchain
hydrogen bonds of the “-hairpin is established.

7.5.3 Toward Light Switchable Tertiary Structures:
(I) Azo-maquettes

The design of peptides with built-in chromophores that enable fast conformational
changes by irradiation with monochromatic light is an approach that can be extended
to the investigation of more complex structural transitions. Azobenzene derivatives
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Fig. 7.9 Unfolding of the
AMPP hairpin model peptide.
(a) IR absorption spectrum
recorded for the cis state of
the AMPP chromophore.
(b, c) Transient difference
spectra taken at different
delay times after switching
the chromophore. Solid line
in (c): Stationary absorption
difference spectrum
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can be used as photoswitches in larger model peptides with the potential to form
stable tertiary structures. A 16mer ’-helical system with a photoresponsive group
has been described where the photoswitch is bound to the side chains of two
cysteines [26]. Another approach is based on a photoswitchable ’-helical peptide,
composed of 30 amino acids (Fig. 7.10) [35].

The design of this peptide was based on an active site fragment that was
already successfully used for the de novo synthesis of heme-binding maquettes [36].
Again, the photoresponsive group (AMPB) is directly incorporated into the peptide
chain, which provides a direct link between switch and peptide moiety (Fig. 7.10,
right). Second, this system can be extended for the construction of photoresponsive
maquettes (similar to the maquette shown in Fig. 7.10, center) and then provide the
possibility to monitor the dynamics of the chromopeptide assembly/disassembly via
various spectroscopic assays. The behavior of AMPB and the hemes (incorporated
into the peptide and solvent exposed, respectively) can be investigated by UV/vis
spectroscopy and the behavior of the peptide as well as specific heme–peptide
interactions could be monitored via IR spectroscopy. First time-resolved studies
have demonstrated that it is possible to construct a photoresponsive helix of that size
[35]. The data clearly indicate that although the photostability is slightly reduced
compared to the smaller cyclic peptides, the system is stable enough to carry out the
detailed spectroscopic investigations sketched above.
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Fig. 7.10 The diheme cytochrome b subunit of the cytochrome bc1 complex (left) served as a
template for the synthesis of heme-binding proteins [36]. A di-helical peptide containing two
histidines per helix was shown to bind two hemes (middle). The construct for photoswitchable
maquettes is based on these of multi-heme proteins: two amino acids from the original sequence
were replaced by an AMPB switch (right: molecular model of the cis-azopeptide obtained by
INSIGHT II), amino acid sequence: Ac-CGGGELWKHEELLKKFEEL-AMPB-LHEERLKKL

7.5.4 Toward Light Switchable Tertiary Structures:
(II) Azo-collagens

Collagen is the major stress-bearing component of connective tissue with a unique
tertiary structure. Three parallel left-handed poly-Pro-II helices wind around a
common axis to form a right-handed triple helix. This motif requires a characteristic
primary structure of the individual strands with a Gly residue mandatory at every
third position.

This Gly residue points inward and allows the tight packing of the triple helix.
Collagen peptides consist of repeated (Gly-X-Y) triplets, with Gly-Pro-Hyp as most
abundant and most stabilizing triplet. Local stability can be fine tuned by a variation
of this motif. The triplets of the single strands are shifted by one amino acid in the
triple helix, so that repetitive hydrogen bonds stabilizing the tertiary structure can be
formed between the Gly (backbone amino group) and the Pro (backbone carbonyl
group) residues.

Folding/unfolding of the collagen triple helix has been subject to extensive
studies (for review see [37]). The currently accepted model for the formation of
the triple helix is the association of the three collagen strands at the C-terminus and
a subsequent zipper-like folding mechanism from the C- to the N-terminus with
the slow cis/trans isomerization of Pro and Hyp as the rate-limiting steps. For a
temporal resolution of the individual folding events, a system equipped with a fast
conformational trigger is required.
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Therefore, an azobenzene clamp was designed which when incorporated into
the single collagen chains as side-chain-to-side-chain crossbridge can provide the
required changes in the conformational space to trigger folding/unfolding of the
collagen triple helix [38].

The model collagen is composed of three identical Ac-.Pro–Hyp–Gly/7–Gly–
Gly–NH2 strands, which form a triple helix of relatively high thermal stability. As
shown in Fig. 7.11 (top), a Pro and a Hyp residue were replaced in suitable positions
with mercaptoproline, which formed the covalent bond with the azobenzene deriva-
tive. For an optimal transfer of the geometrical changes of the azobenzene switch
to the collagen peptide, a rather rigid acetylene-type linker was chosen. Modeling
studies predicted a self-association of the side-chain bridged collagen model
peptide into a stable triple helix with the trans-azobenzene isomer, whereas its
photoisomerization to the cis form leads to unfolding processes (Fig. 7.11, bottom)
that can be directly assessed by NMR and IR spectroscopy [39]. Due to its regular
composition, the IR spectra of triple-helical collagen peptides are characterized by
well-defined amide bands [40, 41]. Time-resolved IR experiments can thus yield
valuable information on the rate constants of formation for the periodic hydrogen
bonding network. Although the isomerization of Pro is one of the rate-limiting steps
in protein folding, it was observed that the fastest folding/unfolding processes of
the triple-helical structure occur beyond the microsecond resolution of the stopped-
flow techniques used in these studies [42]. In order to identify optimized conditions
and to facilitate band assignments, temperature and light-induced unfolding was
analyzed by FTIR. It turned out that unfolding of the tertiary structure can be
induced both by heat and illumination. Temperature-dependent FTIR spectra of
the azocollagen showed that the unfolding process is directly correlated to the
H/D exchange at the glycine residues and that the amide II band is an excellent
marker band to follow the destabilization and unfolding processes of the triple
helix [43–45]. The situation is depicted in Fig. 7.12 a: the decreasing band around
1;555 cm�1 (amide II, N–H) and the increasing band around 1;475 cm�1 (amide II,
N–D) are characteristic for the H–D exchange. It occurs, when the triple helix is
destabilized or melts and the N–H protons, which are initially located on the inside
of the triple helix and additionally stabilized by a hydrogen bond, are deprotected
and become accessible to the solvent D2O.

The azobenzene switch on the triple-helix is still able to photoisomerize, but the
amplitude of the light-induced difference spectra, indicative for photomodulation
of the tertiary structure, is clearly reduced at room temperature by the structural
restraints of the triple helix. The photoinduced difference signal increases in ampli-
tude with temperature (Fig. 7.12b), indicating that the conformational preferences
of the azoswitch can only become effective upon weakening the interacting forces
of the triple helix. At temperatures near the melting point, the maximum effects are
reached and the azoswitch regains its full functionality. This change from a local
disruption at room temperature to a complete unfolding at elevated temperatures
upon cis–trans isomerization of the azobenzene switch is also clearly evidenced by
the differences in the FTIR spectra shown in Fig. 7.12c.
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Fig. 7.11 Structure of a photoswitchable collagen peptide with an intramolecular side-chain-to-
side-chain crossbridge containing the photoresponsive azobenzene moiety (top) and schematic
illustration of the unfolding of the triple helix after trans–cis isomerization of the azoswitch. The
azoswitch is depicted in orange, the three single strands in blue, gray, and green. This result of a
molecular modeling was kindly provided by L. Moroder
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Fig. 7.12 (a)
Temperature-dependent FTIR
spectra of the azocollagen:
The unfolding process is
directly correlated to the H/D
exchange at the
glycine residue
(amide II ! amide II0).
(b, c) Absorption changes
induced by
photoisomerization of the
azobenzene moiety as a
function of temperature;
trans-to-cis (dashed line) and
cis-to-trans (dotted line).
Difference spectra of
trans-to-cis (dashed line) and
cis-to-trans (dotted line)
isomerization at room
temperature (top) and at the
melting temperature (bottom)
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7.6 Conclusion

The experiments on a number of light-triggered peptides with very different
structure reveal certain common aspects of the structural dynamics. Direct force-
induced structural changes of the peptide may occur ultrafast on the timescale of
10 ps. In these force-driven reactions predominantly amino acids in direct contact to
the switching molecule are influenced. Apparently the flexibility of the amino acid
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backbone prevents long-range ultrafast structural changes. On the same timescale,
the excess energy released in the isomerization of the switch is dissipated to the
surrounding solvent. On a longer timescale, the peptide moiety adjusts to the
changed structure of the switch in thermal allosteric processes. Here, the nature of
the structural changes and the restrictions imposed by enthalpic or entropic barriers
determines the timescales. Even in the small peptides investigated up to now these
processes may span the range between 100 ps and tens of �s. The investigations on
light-triggered peptides have convincingly shown that ultrafast processes occur in
folding reactions. It is evident that these processes have to be considered for a full
description of protein folding.
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Chapter 8
Time-Resolved FTIR Spectroscopy
of pH-Induced Aggregation of Peptides

John E.T. Corrie, Alex Perálvarez-Marı́n, and Andreas Barth

Abstract Reaction-induced infrared difference spectroscopy is a sensitive method
to detect absorbance changes that accompany biomolecular reactions, even if
they are very small. One of the ways to trigger reactions in the infrared cuvette
is the use of caged compounds, photosensitive molecules that release a desired
effector molecule when irradiated with near-UV light, and experiments with caged
nucleotides and the sarcoplasmic reticulum Ca2C-ATPase are used to introduce
the methodology. A caged sulfate, which can be used to rapidly acidify protein or
peptide samples in order to induce unfolding and misfolding, is discussed in detail.
Applications described are the partial unfolding of myoglobin and the aggregation
of the Alzheimer’s peptide.

8.1 Introduction to Infrared Difference Spectroscopy

8.1.1 Principles

Infrared spectroscopy is one of the standard methods for the structural investigation
of chemical compounds. When a molecule has a small number of atoms N , the
3N - 6 normal modes of vibration lead to distinct absorption bands in the infrared
spectrum. However, when the number of atoms becomes large, the spectrum is
composed of many overlapping bands, so its information content is limited. The
key to obtaining detailed structural information is to reduce the number of observed
groups. This can be done by different techniques that are particularly suited for the
study of biochemical reactions.
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In general, a difference spectrum is obtained by subtracting the absorption
spectrum of a sample in a particular state A from a spectrum where it is in a state
B. The resulting difference spectrum shows bands only from those groups that are
affected by the change from state A to B. All “passive” residues are invisible in
the difference spectrum, so the number of observed groups is dramatically reduced
compared to the absorption spectrum. Therefore, a difference spectrum exhibits
details of the reaction mechanism on the molecular level despite a large background
absorption, and environmental changes around just a few atoms in a large protein
can be detected [1].

In favourable cases, a change of state of a biomolecule can be observed in
the infrared absorption spectrum. More usually, the effects are so small that
subtracting spectra obtained from different samples is not sensitive enough. Instead,
the transition between the two states of interest has to be initiated directly in the
cuvette. This technique is termed reaction-induced infrared difference spectroscopy
[2–5] and is illustrated in Fig. 8.1. In a typical experiment, the biomolecule is
prepared in a stable state A and a spectrum of this state is measured. Then the
reaction is triggered, the protein proceeds to state B and again the spectrum is
recorded. From the spectrum recorded before the start of the reaction (state A) and
the spectrum recorded after the reaction (state B) a difference spectrum is calculated.
This reflects the changes in infrared absorption associated with the reaction. Instead
of only one final state B, a sequence of transient states may be adopted in the course
of the reaction. In this case, the interconversion between the product states B1; B2,
etc. can be followed by time-resolved methods and is reflected in the difference
spectra.

Reaction-induced difference spectroscopy combines several of infrared spec-
troscopy’s advantages: (a) high time resolution (�10 ms for a complete spectrum, as
discussed in this chapter, and <1 �s for single wavelength information in individual
experiments. Full spectral information with <1 �s resolution can be obtained for
systems that can be reproducibly excited several thousand times); (b) universal
applicability from small soluble proteins to large membrane proteins; (c) the high
molecular information content; and (d) a sensitivity high enough to detect a change
in bond strength of one bond in a large protein.

8.1.2 Triggering Protein Reactions

A crucial problem in reaction-induced difference spectroscopy is how to trigger the
protein reaction of interest. The number of methods for this has constantly increased
in the last decade and the main approaches are:

1. Inducing photoreactions of biomolecules by illumination [4–11].
2. Releasing compounds from photosensitive and biologically inactive precursors

by illumination [12–14]. The precursors are called caged compounds [15, 16]
and the approach is discussed in more detail below.
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Fig. 8.1 The principle of infrared difference spectroscopy. See text for further explanation

3. Rapid mixing techniques. These are difficult to apply in infrared spectroscopy
because of the viscous consistency of a typical sample and the small path length
of less than 10 �m that is dictated by the strong 1H2O absorption (�50 �m for
measurements in 2H2O) [17, 18].

4. Attenuated total reflection (ATR) measurements [4, 5, 19, 20]. In an ATR
experiment, a sample is placed on a crystal and infrared radiation is passed into
the crystal at an angle such that the light undergoes total internal reflection at
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the crystal–sample interface. The total reflection process generates an evanescent
wave that extends about one wavelength away from the crystal surface and senses
the absorption of the sample in this layer. The sample is usually a film, prepared
by drying, with a buffer solution above it and the buffer can be exchanged to
induce reactions in the sample. In a recent extension of the ATR technique, a
dialysis membrane separates a sample compartment close to the ATR crystal
and a reservoir. In this way, the medium in the reservoir can be altered without
disturbing the protein sample in the sample compartment [21]. A film is not
required, making the technique also applicable for soluble biomolecules.

5. Temperature and pressure jumps to study unfolding of proteins [22].
6. Equilibrium electrochemistry to initiate redox reactions using an ultra-thin-layer

spectroelectrochemical cell [4, 5, 23].
7. Photoreduction by photoexcitable electron donors, so-called “caged electrons”

[24], to induce redox reactions.

8.1.3 Interpreting Difference Spectra

Infrared spectra are sensitive to a number of factors, which can be exploited to obtain
molecular information on the absorbing molecules and their environment:

The chemical structure of a molecule is the dominating effect that determines
vibrational frequencies via the strengths of the vibrating bonds and the masses of the
vibrating atoms. Because of this, changes of protonation state and the conversion of
substrates to products in enzymatic reactions can be followed.

The conformation of a molecule affects the interaction of vibrating atoms with
their environment and the coupling between vibrations. The latter depends on details
of the molecular geometry, such as bond angles and proximity of the coupled groups.
Since interaction and coupling alter vibrational frequencies, they can be detected in
the infrared spectrum and provide insight into the three-dimensional structure of
molecules.

Environmental effects such as hydrogen bonding and the electric field produced
by the surroundings modify the electron density distribution of a given molecule
and will thus affect the infrared spectrum.

Conformational freedom affects the width of infrared bands. Infrared spec-
troscopy provides a snapshot of the sample conformer population due to its short
characteristic timescale (on the order of 10�13 s). As the band position for each
conformer is usually slightly different, this heterogeneity results in band broadening.
Flexible structures will thus give broader bands than rigid structures and the band
width is a measure of conformational freedom.

The sensitivity of the infrared spectrum to many different factors is an advantage
and a drawback at the same time: at first an infrared spectrum may seem hopelessly
crowded with many overlapping bands. However, with increased understanding the
spectrum gives detailed information about the sample since it allows one to monitor
a variety of parameters besides the molecular events that are of prime interest.
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Examples are protein concentration, enzyme activity, progress of caged compound
photolysis and its yield, as well as buffer protonation or deprotonation.

The above factors are also those that cause bands in difference spectra, as
illustrated in Fig. 8.2. Negative bands in a difference spectrum are characteristic
of the state before the reaction and positive bands of the state(s) after or during the
reaction. A change in chemical structure gives rise to a different absorption spectrum

Fig. 8.2 The components of a difference spectrum. (a) A hypothetical difference spectrum
obtained by calculating the absorbance of the final state B minus the absorbance of the initial
state A. The difference spectrum is the composite of the spectra shown in panels (b–d). (b) Spectral
effects of a chemical reaction, for example the protonation of a carboxyl group. The absorption of
state A (turquoise) disappears and that of state B (red) appears. As a result, there are negative
and positive bands in the spectrum which are often far apart. (c) Spectral effects of a change in
conformation or environment. This often leads to small band shifts which result in paired positive
and negative bands in the difference spectrum. The examples shown are for an environmental
change around a protonated carboxyl group .�1;750 cm�1/ and for a conformational change of
a “-sheet (1;635 cm�1, for example a better alignment of the strands in the sheet). It may also
occur that the predominant effect is a change in absorption coefficient and that a band shift is not
obvious in the difference spectrum. In this case only a positive or a negative band is observed.
This is illustrated at �1;515 cm�1, characteristic for the side chain of Tyr. (d) Spectral effects of
a flexibility change. In the example shown, an ’-helix becomes more rigid, which makes the band
of state B narrower than that of state A
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before and after the reaction (Fig. 8.2b). Changes of conformation and environment
cause band shifts and alterations of the infrared absorption coefficient (Fig. 8.2c).
Changes in flexibility lead to a band that is flanked by two minor bands of opposite
sign (Fig. 8.2d).

Not all features in a difference spectrum are readily interpreted and a first step
is to regard the spectra as a fingerprint of the structural change. In order to extract
more molecular information, additional experiments are often necessary. Common
approaches for the molecular interpretation of spectra are modification of the sample
(mutation, isotopic labelling and changes to substrate or protein cofactor), study of
model compound spectra and comparison with computed spectra.

8.2 Caged Compounds

8.2.1 Introduction to Caged Compounds

A photolytically induced concentration jump can be achieved with photosensitive
molecules that release a biologically active effector upon illumination in the UV
spectral range (300–350 nm) [15,16]. These molecules are termed caged compounds
and have been used for 20 years to study biological reactions with infrared
spectroscopy [12]. In its caged form, the effector is modified such that it does not
react with the biomolecule of interest. Flash photolysis of the caged compound leads
on the �s to ms timescale to a concentration jump of the free effector, which initiates
a biological reaction. A recent extension of the approach uses helper enzymes to
induce a series of consecutive reactions [25]. In addition to protein and effector
molecule bands, the photolysis reaction is reflected in the difference spectra [12–
14, 26, 27].

In infrared studies of proteins, caged nucleotides, caged Ca2C (Nitr-5 or DM-
Nitrophen) and “caged electrons” have been used most often. The studies have
dealt with two main aspects: substrate–enzyme recognition and the molecular basis
of enzyme function. Most of these studies have been done on the sarcoplasmic
reticulum Ca2C-ATPase, which was the first enzyme to be studied with this
technique [12].

In order to illustrate the approach and also different interpretation strategies, we
describe two aspects of our work in more detail. More information can be found
in a recent review [28]. The first study explored the use of infrared spectroscopy
for the characterization of binding sites on proteins: it mapped the interactions
between Ca2C-ATPase and its substrate ATP. ATP binding induces a change in
protein conformation which alters the amide I absorption .1;700–1;610 cm�1/ of
the protein, as shown in Fig. 8.3. This absorption is mainly due to the stretching
vibration of the backbone carbonyl groups and reflects protein structure. The
signals near 1,693, 1,641 and 1,628 cm�1 are characteristic of “-sheets, those near
1,665 cm�1 are suggestive of turns and those near 1,653 cm�1 are indicative of
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Fig. 8.3 Mapping the ATP-binding site of the Ca2C-ATPase with infrared spectroscopy. Left and
right panel: difference spectra caused by binding of ATP and ATP analogues: ATP (black), ADP
(green), 30-deoxyATP (purple), ITP (red) and 20-deoxyATP (blue). Middle panel: Summary of the
detected interactions. The protein environment is shown in grey and closeness between the grey
area and the chemical structure of ATP indicates interaction between ATP and protein. The different
shadings of grey symbolize different domains. The nucleotide-binding domain is represented by
light grey and the phosphorylation domain by dark grey

’-helical structures. From the spectra, it can be concluded that ’-helices, “-sheets
and turns are affected by nucleotide binding [29].

Close ATP analogues produce nucleotide-binding spectra that are different
from that obtained with ATP (see Fig. 8.3). Therefore, the conformational change
upon nucleotide binding depends to a surprising degree on individual interactions
between ATPase and nucleotide [29, 30]. The lack of individual interactions
produces more than just local adjustments; it affects the entire conformation of the
nucleotide–ATPase complex. Surprisingly, modification at different locations of the
ATP molecule, interacting with different protein domains, produces similar effects.
The spectra obtained with 30-deoxyATP and ITP for example show a dramatic
decrease of most bands in the amide I region, but their shape is still similar to the
shape of the spectrum obtained with ATP. This suggests that all secondary structure
elements involved in ATP binding are affected in a similar way by modifications at
different sites of the ATP molecule. Thus, they do not adapt independently to the
interaction sites provided by ATP, but move instead in a concerted way for which all
interactions need to be in place [29]. As a consequence, the (average) structure of
the nucleotide–ATPase complex is characteristic of the particular nucleotide bound.

From the sensitivity of the conformational change to individual interactions,
it has been concluded that the ATPase interacts with the ”-phosphate [30], the
ribose hydroxyls, and the amino function [29] of ATP. The interactions identified by
infrared spectroscopy have later been confirmed by X-ray crystallography [31, 32].
The X-ray studies also provided an explanation for the drastic effect exerted by
the modification of individual functional groups of ATP. Binding of ATP closes a
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cleft between nucleotide-binding and phosphorylation domain of the ATPase. The
two domains are bridged by ATP in the ATP–ATPase complex, which stabilizes the
closed conformation like the filling of a sandwich that holds the two slices of bread
together. When ATP is modified, the “glue” between the domains is partially lost
and the conformation is more open than in the ATP complex.

Transfer of the nucleotidic ”-phosphate to Asp351 follows nucleotide binding.
In this reaction, an interesting observation has been made with ITP: the phosphory-
lation spectrum obtained with ITP shows additional signals in the amide I region as
compared to ATP, which are similar to nucleotide-binding signals. In contrast, the
previous step of ITP binding gave much smaller signals than that of ATP binding.
Thus in the phosphorylation reaction with ITP, the enzyme seems to catch up on
a conformational change that could not be achieved in the binding step where the
interactions between protein and base moiety were impaired [33].

The results discussed so far in this chapter were obtained by monitoring the
conformational change of the peptide backbone. The signals in the amide I region
were simply considered as a fingerprint of the conformational change of the protein
and mainly their amplitude was evaluated. In spite of this simplistic interpretation,
molecular information on the interacting groups of the substrate ATP has been
obtained because the substrate could be modified. Small modifications are also the
basis for other interpretation strategies, for example those based on mutation of
protein residues and on isotopic labeling.

Isotopic labeling was used in the second aspect of our work presented here.
The aim was to obtain information on the interactions between bound phosphate
groups and ATPase. Since the vibrational frequency depends on the masses of the
vibrating atoms, isotopic labeling shifts bands of the labeled group, which can then
be identified in the spectrum. In studies of nucleotide binding to the Ca2C-ATPase,
“- and ”-phosphates were separately Œ18O�-labeled. The spectral positions of the
“- and ”-phosphate bands indicate that P–O bond strengths of bound “- and ”-
phosphate are similar to those of ATP in aqueous solution; i.e. that hydrogen bonds
of ATP to water are largely replaced by interactions with the protein for bound ATP
[34] and that the protein environment makes little difference compared to water to
the strength of the bonds within the bound phosphate groups.

In another study, the second ATPase phosphoenzyme intermediate E2P has been
investigated to understand its high rate of hydrolysis of the aspartyl phosphate
ester bond. In the experiment, ATP photoreleased from caged ATP transferred its
”-phosphate to Asp351 of the ATPase and led to the transient accumulation of
E2P. This intermediate is long-lived under the conditions of the experiment and
is in quasi-equilibrium with the unphosphorylated E2 state and non-covalently
bound phosphate. Dephosphorylation occurs, but is followed by rapid rephospho-
rylation to regenerate E2P. This dephosphorylation/rephosphorylation cycle results
in incorporation of oxygen from water into the phosphate of E2P. In the experiment,
the oxygen isotopes of water and of ATP’s ”-phosphate were different, which
led to an oxygen isotope exchange at the phosphate group. This produced a
difference spectrum, shown in Fig. 8.4a, to which only the isotope exchange reaction
contributed [1]. In this way, the experiment selectively observed a group of only four
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Fig. 8.4 Measuring bond lengths with infrared difference spectroscopy. (a) Difference spectrum
from the experiment described in the text of the 16O to 18O isotope exchange at the phosphate
group. Negative bands define the band positions of the 16O isotopomer. The two main negative
bands at 1,194 and 1;137 cm�1 are due to the second phosphoenzyme E2P; the minor negative
bands near 1,170 and at 1;115 cm�1 are probably due to the first phosphoenzyme Ca2E1P. The
latter is a modification of our original interpretation [1], where also the 1;115 cm�1 band was
attributed to E2P. However, occurrence of three P–O vibrations in a wavenumber interval of less
than 100 cm�1 is incompatible with density functional theory calculations (M. Rudbeck et al.,
manuscript in preparation). Thus, we have to assume that the minor negative bands originate from
a state that is different from the main E2P state and tentatively attribute them to Ca2E1P in line with
a previous study [34]. Positive bands are less obvious in the spectrum, likely because of overlap
with the negative bands. (b) Molecular interpretation of the above data. The green arrow indicates
the bond elongation induced by the enzyme environment. Bond elongation is caused by weaker
interactions to the terminal phosphate oxygens and stronger interactions to the aspartyl oxygens
[1] with the main effect at the bridging oxygen [35]. This is illustrated by the dashed lines: narrow
dashed lines indicate reduced interactions in the protein environment compared to water. The thick
dashed line illustrates stronger interactions

atoms in a protein with 15,000 atoms, or two phosphate vibrations out of �50;000

protein vibrations. It exemplifies that difference spectroscopy drastically simplifies
the spectrum and that this enables determination of the vibrational frequencies of
particular groups. The latter is the prerequisite for a molecular interpretation, as
discussed below for this example.
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The phosphate frequencies obtained in the isotope exchange experiment revealed
that the scissile bond between a covalently bound phosphate group and the protein
is lengthened by �0:1 Å by the protein environment, which substantially weakens
the bond and facilitates its hydrolysis as illustrated in Fig. 8.4b. Weakening and
elongation of the P–O bond is not accomplished by external mechanical forces that
pull the bond apart. Instead, it is an in-built response of aspartyl phosphate to a
shift of interactions from phosphate to aspartyl oxygens, with only subtle changes
in distances required. This provides an elegant “handle” for the enzyme to control
hydrolysis [1, 35].

8.2.2 Caged Protons

The pH of a biological system is a crucial determinant of the structures and
properties of its components, and studies of pH dependencies have a long tradition
in the life sciences. Many perturbation studies have used rapid mixing techniques,
but these are not always applicable, and time resolution below �1 ms is difficult to
achieve. One alternative approach is to use caged protons, which are able to generate
a pH jump much more rapidly than by conventional mixing techniques.

Photorelease from the majority of caged compounds is based on the well-known
2-nitrobenzyl type of rearrangement (Fig. 8.5). In all cases, a proton is liberated
on the ns timescale [36] by ionization of the primary photochemical product, a
nitronic acid 1. Thus, the nitronic acid 1 is in rapid equilibrium with its conjugate
aci-nitro anion 2. The pK of the nitronic acid is �3:5 [36,37] so the ionized species
predominates in neutral solution. The lifetime of 2 varies over a range of a few
microseconds to hundreds of milliseconds, depending on the nature of the attached
OR group. Decay of 2 to the bicyclic intermediate 4 proceeds via the conjugate acid
1, or more probably its isomer 3 protonated on the other oxygen of the nitronic acid,
that is reached through rapid equilibration with 2 [36, 38]. Upon breakdown of 4,
the photolysis product RO� is released and, to an extent dictated by its pK , will

Fig. 8.5 Generalized reaction mechanism for photolysis of 1-(2-nitrophenyl)ethyl caged
compounds. For caged sulfate, –OR is –OSO3

�
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neutralize the proton formed by the initial ionization of 1. Hence, net proton release
for the overall reaction may be total, partial or zero. If RO� is a very weak base,
full release of one proton per photolysed molecule will be observed, but if RO� is
a strong base the proton will be fully neutralized. The bicyclic intermediate 4 does
not normally accumulate, as the rate-limiting step is considered to be reprotonation
of the anion 2 [36, 38]. Therefore, the overall time course for approach to the post-
photolysis pH value is a rapid acidification step, normally within the photolysis
pulse, followed by an exponential approach to a new pH value as the aci-nitro anion
2 decays to the final products. However, if the pK of the photolysis product RO� is
substantially below the pH imposed in the initial jump, no decay of the initial rapid
acidification will be observed.

A few compounds that function as caged protons capable of imposing rapid net
acidification have been described. Among these is caged HPP [2-hydroxyphenyl
1-(2-nitrophenyl)ethyl phosphate] 6 (Fig. 8.6). The pK of the released 2-
hydroxyphenyl phosphate is 5.3, so 6 cannot acidify solutions to values much
below pH 5 [39]. Photochemical rearrangement of 2-nitrobenzaldehydes to 2-
nitrosobenzoic acids has also been used as a source of caged protons, either with
2-nitrobenzaldehyde 7 itself [40, 41] or its water-soluble derivative 4-formyl-6-
methoxy-3-nitrophenoxyacetic acid 8 [42]. The pK of 2-nitrosobenzoic acid does
not appear to have been determined, but is evidently below 4 [41]. For the water-
soluble derivative 8, pK values of the photoproduct were reported as 0.75 and 2.76
[42]. The former value is a remarkably strong acidity for an aromatic carboxylic
acid, but the second pK (for the oxyacetate side chain) would in any case exclude
a pH excursion below pH �2:5 for an experiment that began near-neutral pH.
This discussion excludes the elegant transient acidifications that can be imposed by
pulse irradiation of phenolic compounds, for which the first excited state has very
much higher acidity than the ground state [43]. These transients return to the initial
level within a few microseconds, so are not relevant to the enduring acidifications
considered here. An interesting recent study [44] has described a means to delay the
proton reuptake after rapid ionization of a photoexcited naphthol derivative, but the
acidification in this case still only lasts for �1 s.

A caged proton for the study of pH-dependent protein or peptide conformational
changes with infrared spectroscopy should fulfil three main requirements: (a) the
compound should be able to generate a large, permanent pH jump to values
below pH 4; (b) proton release should be rapid and proceed with good photolysis
efficiency; and (c) the infrared absorbance changes arising from photolysis of the

Fig. 8.6 Structures of caged proton reagents
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reagent itself should be as few as possible. While 2-nitrobenzaldehydes 7 and 8
meet the first two criteria, they fail on the third. Photolysis of either compound
converts an aldehyde to a carboxylate, both of which groups absorb strongly in
regions where they would mask absorptions of Asp and Glu side chains and of amide
vibrations that reflect changes in backbone conformation and hydrogen bonding
[45]. Nevertheless, 7 has been used to study the coil-to-helix transition of poly-
L-glutamate with time-resolved infrared spectroscopy on the ns timescale [45]. In
spite of this successful application, the caged proton reagents described above do
not fully meet the requirements for infrared spectroscopy and we describe here a
reagent that was purpose-designed for infrared spectroscopy, although it may also
have other applications as it can generate larger pH jumps than the previous caged
protons 6–8.

For this new caged proton, 1-(2-nitrophenyl)ethyl sulfate 9 (commercially avail-
able as Product No. 3512 from Tocris Biosciences, www.tocris.com), the released
sulfate group has pK 1.92 at 20 ıC [46]. Hence this caged proton, here called caged
sulfate as it also releases a sulfate ion upon photolysis, is capable of generating
sub-microsecond pH jumps down to pH �2 [47]. The compound is highly water
soluble and thermally stable and the absence of carboxylate groups in the reagent or
its photoproducts makes it suitable to observe protonation changes of carboxylates
with infrared spectroscopy. The quantum yield for photolysis of caged sulfate is
0.47. The aci-nitro decay rate constant in buffered solution at pH 7.0 is 34 s�1, and
250 s�1 at pH 6.0 (both measurements at 20 ıC). Proton release is very much faster
and has been subject to a detailed study [48]. When the pH jump is initiated in a near-
neutral solution, the proton is released by complete ionization of the photogenerated
nitronic acid 1 (Fig. 8.5) with a rate constant of 1:58�107 s�1. However, if the jump
is initiated in solutions already at acidic pH (near to or less than the pK of 3.69 of
the nitronic acid), a proportion of the nitronic acid does not ionize and its proton is
released only as the sulfate ion is released via the process shown in Fig. 8.5. Under
these circumstances, there is a biphasic release of protons: the initial phase with the
rate constant given above, while the second phase is pH-dependent and in the region
of 104 s�1. Since most biological applications are likely to concern reactions starting
at near-neutral pH, this biphasic release is unlikely to be of concern for most such
studies.

8.2.3 Difference Spectrum of Caged Sulfate Photolysis

Figure 8.7 shows time-resolved infrared difference spectra of caged sulfate pho-
tolysis [47], with initial formation of the aci-nitro intermediate 2 (full line) and
formation of the final products (dotted line). Negative bands arise from groups
in caged sulfate that are modified in the photolysis reaction; positive bands are
from groups formed upon photolysis in the aci-nitro intermediate or the final
products. Both the intermediate and final spectra respectively have similarities with
those of other 1-(2-nitrophenyl)ethyl esters such as P 3-[1-(2-nitrophenyl)ethyl]
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Fig. 8.7 Time-resolved spectra of caged sulfate photolysis in 400 mM Bicine buffer, pH 8.5 in
1H2O at 1 ıC, recorded 0–0.32 s (full line, italic labels) and 16–29 s (dotted line, roman labels)
after the photolysis flash

ATP (caged ATP) [26, 27] and 1-(2-nitrophenyl)ethyl methyl phosphate (caged
methyl phosphate) [49]. To retard decay of the aci-nitro intermediate sufficiently
to record its spectrum, it was necessary to work at pH 8.5 and 1 ıC. The aci-
nitro spectrum includes positive bands at 1,461, 1,378 and 1,331 cm�1, which were
assigned to vibrations of the nitronate group by analogy with bands at similar
positions in the spectrum of the corresponding intermediate formed on photolysis
of caged ATP [26, 27]. Both the intermediate and final spectra show strong signals
for protonation of the Bicine buffer by the proton released on photolysis (negative
band at 1,568 cm�1 and positive band at 1,630 cm�1). These bands are missing
when a different buffer is used because protonation-induced buffer signals are buffer
specific.

The dotted line in Fig. 8.7 is the infrared difference spectrum of the overall
photolysis reaction of caged sulfate at pH 8.5, i.e. after complete decay of the
aci-nitro species 2. The negative band at 1,527 cm�1 is from the antisymmetric
stretching vibration of the nitro group [12, 27] of caged sulfate and the band at
1,219 cm�1 was assigned to its asymmetric SO3

� stretching vibration [47, 50]. The
negative bands below 1,050 cm�1 likely arise from C–O–S stretching vibrations.
Positive bands were assigned to the products of photolysis as follows: the band at
1,685 cm�1 to the ketone group of 2-nitrosoacetophenone 5 (see Fig. 8.5) [27], and
the intense broad band at 1,101 cm�1 to the released sulfate anion [50]. Further
bands can be seen in the respective spectrum at pH 7 [47]: a negative band at
1,348 cm�1 due to the symmetric stretching vibration of the nitro group, positive
bands at 1,424 and 1,378 cm�1 from the cis-nitroso dimer of the nitrosoketone and
a small band at 1,269 cm�1 from the trans-nitroso dimer [14, 27].
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As a direct infrared spectroscopic demonstration of a protonation reaction
achieved by the photolysis of caged sulfate, spectra were also recorded in the
presence of several carboxylate compounds. Full protonation of both acetate (pK

4.75) and methoxyacetate (pK 3.57) was achieved with a single light flash.
2-Nitrobenzoate (pK 2.21) required a second flash to release sufficient protons
for full protonation, whereas no protonation occurred for trifluoroacetate (pK 0.52)
because of the higher pK of the released sulfate [47].

8.3 Acidification-Induced Unfolding of Myoglobin

The first demonstration of the biological applicability of caged sulfate for pH
jump experiments monitored the well-characterized acid-induced conformational
change of metmyoglobin in the near-ultraviolet spectral range [47]. The transition
from native state to a partially unfolded form proceeds near pH 4 [51–53] and
leads to a broadening of the Soret band and a shift of its maximum from 409
to 363 nm. Figure 8.8 shows UV-visible spectra obtained upon sequential flashes
on a solution containing metmyoglobin and caged sulfate. They were corrected
for absorbance changes arising from photolysis of the caged sulfate, which are
observed for all nitrobenzyl- and nitrophenylethyl-caged compounds. The spectra
clearly demonstrate the shift of the Soret band described above. In this experiment,
the caged sulfate had generated a pH drop to well below pH 4.0, thereby inducing
the partial unfolding transition of myoglobin. This demonstrated its suitability for

Fig. 8.8 UV-visible spectra of the partial unfolding transition of metmyoglobin induced by
photolysis of caged sulfate. Full line: spectrum before the first photolysis flash, broken line:
spectrum after 1 flash, dash-dotted line: spectrum after 2 flashes, and dashed line: spectrum after
5 flashes. The final pH was below 4. Spectra were corrected for the absorbance change of caged
sulfate [47]
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protein folding studies in that pH range, although under the particular experimental
conditions, several flashes were required to cause the complete transition.

The full change can be achieved in a single flash as long as there is enough
light energy and/or caged sulfate to convert a sufficient quantity of the reagent and
achieve the necessary pH drop. This was demonstrated in a later study [54], which
also showed that an alternative caged proton, 2-nitrobenzaldehyde 7, was incapable
of releasing sufficient protons to achieve unfolding because of buffering by the 2-
nitrosobenzoate photoproduct formed from that compound. The use of caged sulfate
to achieve a large pH drop also readily enabled time-resolved data for the absorbance
change to be recorded.

8.4 Acidification-Induced Aggregation of the Alzheimer’s
Peptide

8.4.1 Introduction to the Alzheimer’s Peptide

Misfolding of proteins can lead to their aggregation and subsequent onset of diseases
such as Alzheimer’s disease, transmissible spongiform encephalopathies and type II
diabetes. In the case of Alzheimer’s, the disease is associated with the deposition
of so-called senile plaques in the brain, which have as major components the
40–42-residue “-amyloid peptides .A“/. These peptides are the product of the
processing of the amyloid precursor protein, a protein of unknown function. Mature
amyloid precursor protein is bound to the plasma membrane via one transmembrane
helix. Processing by “- and ”-secretases gives rise to the A“ peptides which
aggregate and form the insoluble fibrils that constitute the plaques (“amyloid”)
[55–57]. The aggregation and formation of fibrils are associated with the conversion
of the peptide’s secondary structure from predominantly random coil to “-sheet.
Recent evidence has indicated that neurotoxicity is associated not so much with the
insoluble plaques but with soluble oligomeric aggregates of A“ [55, 57, 58], which
represent an intermediate stage in fibril formation.

Among the many unresolved questions regarding the cellular events associated
with Alzheimer’s disease is where the crucial processing and early aggregation
processes occur. Although the plaques are observed outside the cells, there is
increasing evidence that A“ processing, accumulation and aggregation also occur
inside cells in the endosomal/lysosomal system [59,60]. Other reports disagree with
the endosomal/lysosomal origin of the large aggregates, since the morphology of
large aggregates of the full-length A“1–40 has shown significant differences between
neutral and acidic pH [61].

Two regions of the peptide are considered to be the most important in the
oligomerization/aggregation processes: a central hydrophobic segment, compris-
ing approximately residues 16–22, and the hydrophobic C-terminal membrane-
anchored segment, approximately residues 29–40 or 29–42. One of the most studied
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fragments, the A“1–28 peptide, retains the ability to form fibrils with a clear “-sheet
architecture. It comprises the extramembranous part of the peptide with the central
hydrophobic segment [62,63] and contains most of the main charged residues of the
full-length sequence that are responsible for promoting or inhibiting aggregation
via solvation, pH and metal ion interaction [64, 65]. In vitro, the process leading to
A“1–28 fibril formation is slow (compared to the longer peptides), and is accelerated
as the pH decreases (as for the longer peptides) [61, 63, 66]. Aggregates of this
fragment seem to contain oligomeric species similar to those found in natural
amyloid deposits [62].

Infrared spectroscopy has been used extensively to study aggregation processes,
secondary structure transitions and folding of peptides and proteins [67, 68].
It has been very useful in the field of amyloid proteins, because the amide I
band is sensitive to hydrogen bonding and backbone structure [69]. For the
A“ peptide, infrared spectroscopy has determined secondary structures and slow
structural conversion kinetics for both the full-length peptide and shorter fragments
[67, 70, 71]. Fibril formation and membrane interaction have also been studied by
this technique [72, 73]. Fast events in the aggregation had not been studied with
infrared spectroscopy before the use of photolytically induced acidification due to
the problem of triggering the process.

8.4.2 Time-Resolved Infrared Difference Spectroscopy
of the Aggregation of the Alzheimer’s Peptide

8.4.2.1 Outline of the pH Jump Experiment

High time resolution and characterization of fast events in the aggregation process is
possible with infrared spectroscopy if an appropriate trigger for aggregation can be
employed. The sudden acidification induced by photolysis of caged sulfate is such
a trigger. It models a process that may occur in the endosomal/lysosomal system
and we describe our application of this approach [74] in the following. The sample
consisted of 4 �l of 0:83 mM A“1–28 peptide in D2O .pD�8:5/, which was placed
into a demountable 30 �m BaF2 cuvette. After recording an absorbance spectrum
of the unphotolysed sample and a series of control difference spectra to check
the stability of the sample absorption, a reference single beam spectrum IR was
recorded against which the spectra after acidification I1: : :I40 were later ratioed for
the calculation of time-resolved difference spectra (difference spectrum i is given
by � log Ii=IR).

Acidification was induced by photolysis of caged sulfate using a xenon flash
lamp, which illuminated the sample with �150 mJ near-UV light. The flash light
was filtered by a Schott UG11 filter to reduce light below 280 nm and above 370 nm.
Then time-resolved infrared single beam spectra were recorded for 4 min with a
maximum time resolution of 70 ms and difference spectra calculated as described
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above. This experiment allowed us to follow the secondary structure changes of the
A“1–28 peptide in real time [74]. The initial pH jump was sufficient to complete
the aggregation process, since no structural changes of the peptide were observed
upon subsequent flashes. After the experiment, the pH of the sample was measured
with pH indicator paper, which indicated that the final pH was below pH 6. The
kinetic evolution of selected bands in the difference spectra was analyzed using
the integrated area of the bands. The integration was performed with respect to a
baseline drawn between the average absorption in the 1;720–1;702 cm�1 range and
the 1565–1531 cm�1 range. For the 1;643 cm�1 and 1;620 cm�1 bands of the A“1–28

peptide, the integration limits were 1;656–1;641 cm�1 and 1;630–1;612 cm�1. For
the 1,687 and 1,601 cm�1 bands of caged sulfate, the integration was carried out
between 1;692–1;685 cm�1 and 1,603–1;596 cm�1.

8.4.2.2 Absorbance Changes upon Acidification

The photolytically induced absorbance changes of caged sulfate alone and together
with A“1–28 are presented in Fig. 8.9. The spectral region shown includes the
absorption of the amide I0 normal modes of the peptide, to which the dominant
contribution is from the C D O stretching vibration of the peptide groups. The prime
indicates that the amide groups are deuterated in the D2O solvent, which abolishes
the contribution of the N–H bending vibration that is present in the amide I vibration
of unexchanged Œ1H� amide groups. The amide I0 vibrational frequency depends on
the secondary structure of peptides and proteins and has been used extensively for
secondary structure analysis of proteins [4, 75–79]. The spectral region shown also

Fig. 8.9 Time-dependent infrared absorbance changes of caged sulfate and A“1–28 peptide in
the amide I0 region after a pD jump from �8:5 to <6:0. Spectra were recorded in D2O and
the spectral changes triggered by photolysis of caged sulfate. They represent absorbance changes
due to photolysis that were observed in the following averaged time intervals: 0.4–1 s (grey solid
line); 9–20 s (dashed line); and 153–235 s (black solid line). (a) Time-dependent difference spectra
of photolysis of 20 mM caged sulfate. (b) Time-dependent difference spectra in the additional
presence of 0:83 mM A“1–28. The arrow indicates the direction and shift of the 1;620 cm�1 band
as a function of time
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contains the absorption of other groups, for example of carbonyl groups of amino
acid side chains and of the product of caged compound photolysis.

The photolysis of caged sulfate alone (Fig. 8.9a) gives rise to bands at 1,687 cm�1

and 1,601 cm�1 due to, respectively, the keto group and presumably a ring vibration
of the photolysis by-product 2-nitrosoacetophenone 5. The 1,687 cm�1 band, also
present in Fig. 8.7, increases its intensity and shifts upon dimerization of the
nitroso group [14,27]. With the A“1–28 peptide present, the release of protons upon
photolysis of caged sulfate leads initially to the appearance of a positive band at
1,623.5 cm�1, which shifts to 1,619.5 cm�1 and becomes much more intense in
the later spectra. For simplicity, it is subsequently referred to as the 1;620 cm�1

band, i.e. including the shifted band in the early spectra. This band is not observed
without A“1–28 (see Fig. 8.9a) and can be assigned to “-sheet formation in the
peptide. The increase of the broad negative band in the 1,660–1;630 cm�1 region
is attributable to the disappearance of mainly random coil (1,643 cm�1/ structure.
At higher frequencies, the 1,687 cm�1 band of the nitrosoacetophenone overlaps
with a contribution from the peptide which is discussed in the next section.

8.4.2.3 Time Course of Peptide Aggregation

The time evolution of the area of the various infrared bands in the time-resolved
spectra was studied by fitting one or two exponential functions to the kinetic data
(see Fig. 8.10). The kinetics of NO dimerization of the photolysis by-product in the
absence of peptide can be fitted to a single exponential with a time constant of �1:5 s
for the bands at 1,601 and 1,687 cm�1. The maximum amplitude is reached at �10 s
(see Fig. 8.10a for the band at 1,687 cm�1). The sigmoidal appearance of the single
exponential curve in Fig. 8.10a is due to the logarithmic time scale. Figure 8.10a
shows also the kinetics of the 1,687 cm�1 band in the presence of A“1–28. The band
exhibits at least a biexponential behaviour. The fast phase has a time constant of 1.8 s
(with a relative amplitude of 0.60) and reaches its maximum at �10 s. This time
constant agrees well with the value obtained for caged sulfate alone. The second
exponential has a time constant of 67 s and a relative amplitude of 0.40. We attribute
the fast phase predominantly to NO dimerization of the photolysis by-product 5
from caged sulfate [27] and the slow phase to a secondary structure transition of
A“1–28. The band position at 1,687 cm�1 is characteristic of antiparallel “-sheets.
For peptides that form parallel “-sheets, such a band is not observed [80,81], in line
with theoretical predictions [82, 83]. The fast phase has also a contribution from a
secondary structure change of the peptide as revealed by eliminating the effects of
NO dimerization of the photolysis by-product from the spectra of the A“ peptide.
This was achieved by subtracting spectra of caged sulfate photolysis obtained in
the absence of A“ peptide [74]. The corrected spectra of A“ aggregation showed
a clear band at 1,687 cm�1 also for the fast phase, indicating the fast formation of
antiparallel “-sheets. The formation of antiparallel “-sheets in both phases of A“1–28

aggregation is in contrast to A“1–42 aggregation, which does not produce a band
at �1;690 cm�1, because it forms parallel “-sheets [74]. The presence or absence
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Fig. 8.10 Kinetics of A“ aggregation induced by a pH decrease. (a) Evidence for the formation of
antiparallel “-sheets. 1;687 cm�1 band after photolysis of caged sulfate in the absence or presence
of A“1–28. The lines show the exponential fits. The kinetics in the presence of A“1–28 are due to
rapid dimerization of the photolysis by-product and biphasic formation of antiparallel “-sheets by
A“1–28. (b) Kinetic evolution of the “-sheet band at 1;620 cm�1. The dashed line corresponds to a
single exponential fit; the continuous line shows a biexponential fit. (c) Kinetics of loss of random
coil structure monitored at 1;643 cm�1

of the hydrophobic segments 29–40 or 29–42 in the C-terminus of the A“ full-
length peptide seems therefore to determine whether parallel or antiparallel structure
is adopted. Another explanation is the assumption of a stronger influence of the
unprotected peptide ends in favour of antiparallel sheets for the shorter peptide.

Panel b of Fig. 8.10 shows the time evolution of a second “-sheet band
at 1,620 cm�1 and panel c the time course of loss of random coil structure
(1,643 cm�1/. Both time courses were fitted with two exponential functions. The
time constants of fast and slow phases were �3 s and �40 s, respectively. The
slower phase had a slightly larger relative amplitude. Controls with caged sulfate
alone did not produce significant signals at these two wavenumbers, as shown in
Figs. 8.10b, c.

8.4.2.4 Model of the Aggregation Process

As mentioned earlier, there was a shift from 1,623.5 to 1,619.5 cm�1 for the “-sheet
band in the course of the experiment. Figure 8.11 illustrates the time dependence
of the position of this band. As discussed in the original publication [74], there
are several possible interpretations for this shift. The most natural one is a growth
of “-sheet oligomers by docking of random coil peptides to existing sheets in the
slow phase of aggregation. This will increase the number of strands per sheet,
thus shifting the main “-sheet band near 1,620 cm�1 to lower wavenumbers and
increasing the splitting between this band and the side band at 1,687 cm�1. From
the initial splitting of 63 cm�1 between high and low wavenumber “-sheet bands,
the number of strands in the “-sheet of the early oligomers was estimated as 5–10.
The further shift in the late phase indicates further strand addition and formation of
larger aggregates with more than ten strands.
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Fig. 8.11 Spectral shift of
the main “-sheet band as a
function of time

Fig. 8.12 A cartoon representation of pH-induced A“1–28 aggregation

These data are in line with a nucleation-elongation mechanism that has been
shown to operate in fibril formation in vitro [84]: a first rapid (time constant �3 s)
formation of a “-sheet nucleus with limited number of strands is followed by
a slower (time constant �40 s) formation of more extended “-sheets. The large
aggregates are formed by adding unstructured peptides to the oligomeric “-sheet
template. Figure 8.12 gives a cartoon illustration of these processes.

8.5 Outlook

Reaction-induced infrared difference spectroscopy is a powerful technique, as
illustrated here, but it requires the ability to trigger the biological reaction of interest.
Caged protons add a photoinduced pH drop to the toolbox of infrared spectroscopic
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methods [45, 74]. Because of the ns timescale of the pH drop, the method has
the advantage of being able to monitor early intermediates upon acidification,
here the early oligomers of A“1–28 aggregation. For the system discussed, the
time resolution of the rapid scan spectrometer was appropriate (maximal 10 ms).
If faster reactions are of interest, single wavelength techniques with sub-�s time
resolution can be used. A pH jump may also be induced in the opposite direction,
by use of a caged hydroxide [85], the photoexcitation of which transiently increases
the pH for �100 ms. However, to date there are no published applications of the
compound in biological infrared spectroscopy. The pH jump technique has a wide
application range in the life sciences. Examples are structural transitions of other
pH-sensitive peptides (e.g. poly-L-lysine), bacterial pH-sensitive toxins, activated
in acidic cellular compartments such as endosomes and lysosomes, acid unfolding
of proteins and structural changes induced by protonation of individual protein
residues.
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24. M. Lübben, K. Gerwert, FEBS Lett. 397, 303 (1996)
25. M. Liu, E.-L. Karjalainen, A. Barth, Biophys. J. 88, 3615 (2005)
26. A. Barth, K. Hauser, W. Mäntele, J.E.T. Corrie, D.R. Trentham, J. Am. Chem. Soc. 117,

10311 (1995)



214 J.E.T. Corrie et al.

27. A. Barth, J.E.T. Corrie, M.J. Gradwell, Y. Maeda, W. Mäntele, T. Meier, D. R. Trentham, J. Am.
Chem. Soc. 119, 4149 (1997)

28. A. Barth, Spectroscopy 22, 63 (2008)
29. M. Liu, A. Barth, J. Biol. Chem. 278, 10112 (2003)
30. M. Liu, A. Barth, Biopolymers (Biospectroscopy) 67, 267 (2002)
31. C. Toyoshima, T. Mizutani, Nature 430, 529 (2004)
32. T.L.-M. Sørensen, J.V. Møller, P. Nissen, Science 304, 1672 (2004)
33. M. Liu, A. Barth, J. Biol. Chem. 279, 49902 (2004)
34. M. Liu, M. Krasteva, A. Barth, Biophys. J. 89, 4352 (2005)
35. J. Andersson, A. Barth, Biopolymers 82, 353 (2006)
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Chapter 9
Examining Amyloid Structure and Kinetics
with 1D and 2D Infrared Spectroscopy
and Isotope Labeling

Lauren E. Buchanan, Emily B. Dunkelberger, and Martin T. Zanni

Abstract The combination of infrared spectroscopy and isotope labeling is a
powerful toolset for providing residue-specific information about the structure and
aggregation kinetics of amyloid peptides. In this chapter, we review a simple
mathematical formalism to guide the interpretation of 1D- and 2DIR spectra of
amyloid fibers. This formalism enables the design of isotope labeling schemes to
extract precise structural features from IR spectra. We present 2DIR experiments on
hIAPP and A“ in which some of these strategies have been employed.

9.1 Introduction

More than 20 different diseases, including type II diabetes, Alzheimer’s, Parkin-
son’s, and Huntington’s, are associated with the misfolding of proteins into amyloid
fibrils. Although different proteins are associated with each disease and each protein
has its own distinct sequence of amino acids and native state structure, the amyloid
fibrils they form share many characteristics. In the fibers, the proteins adopt a cross-“
configuration in which the individual strands of the “-sheet run perpendicular to
the fibril axis. While high concentrations of amyloid deposits can disrupt organ
function, there is evidence that the prefibril intermediates are actually the cytotoxic
species responsible for type II diabetes, Alzheimer’s, and other amyloid diseases
[1, 2]. As a result, there is much interest in uncovering the aggregation mechanism
and identifying the structures of transient intermediates.

Unfortunately, very little is known about these critical intermediates despite the
variety of techniques – solid-state NMR, X-ray diffraction, electron spin resonance,
circular dichroism, electron microscopy, and fluorescence spectroscopy – that are
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often used to study protein folding. This dearth of information is mainly due to
the fact that high structure resolution techniques cannot be applied to aggregates
or do not have the time resolution needed to capture the short-lived intermediate.
Optical techniques that do have the requisite time resolution cannot sufficiently
resolve the structure. Moreover, even simple point mutations can alter the structures
and aggregation of amyloids, making the bulky labels of ESR and fluorescence
spectroscopy problematic.

Infrared (IR) spectroscopy has the potential to uncover many important details
of the aggregation mechanism and the structure of the elusive intermediates.
It has the necessary time resolution, which is as short as a few picoseconds
when implemented with femtosecond laser pulses. It can be applied to protein
aggregates as straightforwardly as dilute proteins. It also has bond-specific structural
resolution when used in conjunction with isotope labeling. However, the structural
resolution of IR spectroscopy is largely underutilized, because few studies have been
performed to date on amyloids with isotope labels. Some of those performed thus
far include 13C labeling by Decatur [3–6] and 13CD18O labeling of the amino acid
backbones by the Hochstrasser and Zanni research groups [7–11].

Most infrared studies of amyloids have employed linear IR spectroscopy
[3–6, 12–16]. Of those that use isotope labels, Decatur and coworkers collected
FTIR spectra of small isotope-labeled fragments of A“ [3] and the prion protein
PrPc [4] as a function of time and looked for the frequency of the isotope-labeled
feature to shift. They determined that both peptides first begin to form fibrils out
of register and later rearrange to bring residues into register. Furthermore, they
confirmed ssNMR results that the “-strands were oriented antiparallel within the
“-sheet and they were able to pinpoint which residue was held perfectly in register
in each “-sheet. Gai and coworkers [12] have discovered interesting facts about
the hydration and surface conformations necessary for amyloid fiber formation,
although isotope labeling has not yet been used.

There is also a subset of researchers applying two-dimensional infrared (2DIR)
spectroscopy to amyloids. 2DIR spectroscopy has all the attributes of standard
FTIR spectroscopy, with the additional advantages that it can be used to measure
inhomogeneous and homogeneous linewidths, determine the secondary structures
of individual residues using crosspeaks, provide angles between coupled carbonyl
groups, and improve the resolution with one or more additional dimensions.
There are currently two experimental research groups applying 2DIR spectroscopy
to study amyloids. Hochstrasser and coworkers are studying the amyloid beta
.A“/ peptide that is involved in Alzheimer’s disease [7, 8] and we are study-
ing the human islet amyloid polypeptide (hIAPP) implicated in type 2 dia-
betes [9, 10]. In our studies, isotope labeling permits the kinetics of “-sheet
formation, reputation, and alignment of the “-sheets to be monitored, as we
describe below, all with bond-specific structural resolution. Theoretical work on
the application of multidimensional spectroscopies to amyloids is being done by
our collaborators Skinner, de Pablo, and coworkers, as well as Mukamel and
coworkers.
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Fig. 9.1 (a) amide I mode. The dipole lies about 20ı off the CDO bond, (b) hIAPP fibril,
showing a single isotope-labeled residue per peptide, generated from an ssNMR structure [17],
(c) example spectrum for an isotope-labeled sample of hIAPP. The diagonal modes, enclosed
in solid boxes, are assigned amide I modes from the following secondary structures: (A)
unlabeled amide I, (B) “-turn, (C) isotope-labeled amide I, and (D) random coil. The crosspeaks,
enclosed in dashed boxes, arise when the corresponding regions of secondary structures are
coupled

An illustrative example of a 2DIR spectrum for a fibril of singly labeled hIAPP
is shown in Fig. 9.1. We typically excite the amide I stretching mode (Fig. 9.1a). By
labeling one residue with 13CD18O, that amide I mode is shifted down in frequency
and isolated from the “bulk” unlabeled residues. The diagonal features are similar
to those found in FTIR and indicate the secondary structure composition of the
peptides. The peaks appear as doublets because the 2DIR pulse sequence probes
both the fundamental .0 ! 1/ and combination .1 ! 2/ bands of each mode, colored
blue and red in the spectrum, respectively. The spectrum is dominated by a pair of
peaks (box A) that appear along the diagonal around 1;620 cm�1, which are assigned
to the asymmetric stretching mode along the parallel “-sheet axis for the unlabeled
residues. A weaker doublet (box B) appears near 1;680 cm�1, which is attributed to
the residues in the turn region based on extensive empirical evidence. The doublet
appearing along the diagonal around 1;580 cm�1 (box C) is the amide I band for the
isotope-labeled residues. The last of the diagonal features is a broad set of peaks
between 1,630 and 1;660 cm�1 created by segments of peptide with a random coil
structural distribution (box D).
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Other features appear off the main diagonal. These are crosspeaks that arise when
different modes couple to each other. The most intense sets of crosspeaks result
from coupling between the unlabeled “-sheet feature (box A) and the unlabeled turn
feature (box B). These crosspeaks appear both above and below the diagonal (two
boxes labeled xAB). The other sets of crosspeaks result from the isotope-labeled
mode coupling to either the “-sheet (box xAC) or the turn (box xBC).

The purpose of this review is to explain some of the ways in which 1D- and
2DIR spectroscopy can be applied to characterize amyloid fiber formation. The
work of Decatur, Hochstrasser, and our group reveals specific structural information
because single amino acids are isotope labeled to reveal the vibrational frequencies
and lineshapes of individual residues. However, the observed frequencies cannot be
interpreted in the same manner as the unlabeled residues, because their vibrational
Hamiltonian is not the same. That is, one cannot assign ’-helices or “-sheets accord-
ing to the decades old empirical frequency assignments, even after subtracting
the isotopic shift. The standard frequency assignments are not useful because the
frequency shifts of the isotope labels are determined by a reduced Hamiltonian.
Nonetheless, if one understands the details of the vibrational couplings involved,
then isotope labeling experiments that extract much of the most important structural
information with either 1D- or 2DIR spectra can be designed. Thus, the major aim
of this review is to discuss these reduced Hamiltonians to aid in future labeling
experiments. We start with a discussion of the vibrational modes in amyloid fibers,
then discuss isotope labeling as it applies to amyloids, and end with a few examples
of how couplings and labeling have been used to study amyloid fiber structure and
formation.

9.2 Vibrational Modes of Amyloids

To design the best isotope labeling scheme, one needs to understand the vibrational
modes of amyloid fibers. Amyloid fibers consist of large parallel “-sheets connected
by disordered loops. The IR spectrum for a perfectly ordered, infinite parallel
“-sheet would be exceedingly simple. Because of the 2D symmetry, only two
vibrational modes would be observable, one around 1;620 cm�1 and a weaker mode
at higher frequencies. To understand the origin of these peaks, we examine the
vibrational Hamiltonian, shown in Fig. 9.2.

The vibrational Hamiltonian is written in the basis set of the individual carbonyl
bonds (more precisely, the amide I vibrational modes), which is often called a
local mode Hamiltonian. In this matrix, the local mode frequencies appear on the
diagonal of the matrix. The frequency of each local mode is influenced by the
extent to which it is hydrogen bonded and the electrostatics of its surrounding
environment. Sophisticated methods that allow the local mode frequencies to be
accurately calculated from molecular dynamics simulations [18–25] now exist. In a
perfectly ordered and infinitely large “-sheet, all of the local mode frequencies will
be identical and have a frequency of about 1;645 cm�1 in water. The off-diagonal
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elements of the coupling Hamiltonian are set by the coupling strengths between the
local modes, which depend on their distance, relative orientations, and mechanical
anharmonicities between covalently bonded residues. These coupling strengths
come from simple models, sophisticated ab initio calculations, and experiments
[23], although the exact quantities do not alter our discussion here. The strongest
coupling is between residues in adjacent strands, which is about J01 D �8:8 cm�1.
Several other couplings are also important (Fig. 9.3). When the Hamiltonian for this
system is diagonalized, an eigenstate is generated for each oscillator in the system,
each of which can contribute to the vibrational spectrum. Due to the symmetry of
the sheet, only two of these modes are observed, which generates the characteristic
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FTIR spectrum of a “-sheet (Fig. 9.4). The lower frequency mode appears at roughly
1;620 cm�1, which we will refer to as the “asymmetric stretch” mode of the “-sheet
since it creates chains of transition dipoles that lie perpendicular to the strands. The
higher frequency mode, which we will call the “symmetric stretch,” results from
the oscillators vibrating in phase along the strand, but out of phase between strands.
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Fig. 9.4 Calculated schematic structures, FTIR spectra, and vibrational eigenstates for a variety
of secondary structures of relevance to amyloid fibers. (a) Perfectly ordered, infinitely “-sheet.
(b) Perfectly ordered, finite “-sheet. Reduced coupling at the edges causes some modes to
appear at higher frequencies. (c) Twisted “-sheet. Twisting of the sheets around the fiber axis
increases the distance between strands and thus decreases the coupling between transition dipoles.
Twisting also breaks the symmetry of the two-dimensional “-sheet, which potentially creates more
IR allowed transitions. Decreased coupling further broadens the “-sheet features and causes a
slight shift to higher frequencies. (d) Structurally disordered “-sheet. Disorder changes coupling
strengths or even eliminates coupling all together. Thus, many invisible modes appear, including
a strong feature around 1;645 cm�1, which results from uncoupled oscillators. (e) Turn or loop
structure. Modes appear at both positive and negative coupling values. (f) Isotope-labeled “-sheet.
The isotope-labeled peak modes appear around 1;585 cm�1, well separated from the unlabeled
features
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However, there exist a large number of unseen vibrational modes spaced throughout
the vibrational spectrum (see Fig. 9.4) whose existence is important for the reasons
we give below.

While this ideal “-sheet provides a basic understanding of the spectroscopy/
structure relationship, it is not very accurate and cannot be rigorously used to
interpret IR spectra, because the “invisible” vibrational modes gain intensity in
an imperfect fiber. The finite size, twist, turns, or loops, solvation, and structural
disorder of the fibers cause the invisible modes to appear in the spectra. They also
broaden and shift the “-sheet peaks and can generate new features. These effects are
shown in Fig. 9.4a–e.

These effects have been discussed in the literature, and so we do not dwell
on them here. However, to provide some quantitative insight into their origin, we
discuss structural and environmental disorder, which is relevant to the infrared
spectrum of all proteins. “-sheets do not start and stop abruptly, they fray. Thus,
the edges of “-sheets have a broader distribution of structures, giving rise to
variations in hydrogen bond strengths, solvation, and phi/psi angles that differ
from one local mode to the next. As a result, the diagonal matrix elements in the
vibrational Hamiltonian will differ, as can the off-diagonal elements (Fig. 9.2b).
To estimate the effect of these structural distributions, consider that there is about
a 10 cm�1 difference in the frequency of hydrogen bonded versus non-hydrogen
bonded amide-I mode. From this effect alone, the diagonal elements could differ
from one another by much more than most of the off-diagonal coupling elements.
Thus, to first order, one could just ignore the couplings, which would mean that
those particular oscillators, even though they might still be defined as a “-sheet
or a “-strand according to their phi/psi angles, would not contribute to the typical
“-sheet features such as the mode at 1;620 cm�1. Instead, they would contribute
somewhere near 1;645 cm�1, as if they were uncoupled. A similar effect occurs
because of differences in the environment around the local vibrators, which can
cause linewidth changes (and thus frequency differences) of around 5–10 cm�1,
which is once again comparable or larger than the coupling strengths. Each of these
effects, as well as others that are not discussed here, will change the frequencies
of the “-sheet modes and cause the invisible vibrational modes to gain intensity,
thereby congesting the spectra. While we have not addressed each of these effects
in detail, this brief overview illustrates the complexity in interpreting the infrared
spectra of proteins and amyloid fibers.

Isotope labeling is the key to reducing the complexity of IR spectra and
providing residue-specific structural resolution. When the backbone carbonyl of a
residue is labeled with 13C18O, the frequency of the amide I band for that residue
is red shifted by approximately 54 cm�1. The frequency shift does two things.
First, it shifts the frequency enough that the labeled residues are resolved from
the remaining unlabeled ones (Fig. 9.4f), so that the structures and environments
corresponding to those particular residues can be studied. Second, the frequency
shift allows their vibrational spectra to be interpreted largely independently from the
unlabeled residues, so that the structural interpretation is simpler and more accurate.
To understand the second point, consider the vibrational Hamiltonian once again.
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In the matrix, we will need to subtract �54 cm�1 from each of the diagonal elements
that correspond to the isotope-labeled local modes. The off-diagonal elements will
not change value, because isotope labeling does not change the structure of the
fiber. Regardless, we may as well neglect the couplings between the labeled and
unlabeled modes, because the diagonal frequency shifts are so much larger. But we
cannot neglect the couplings between the isotope-labeled residues, because their
frequency differences are small (depending on hydrogen bonding, solvation, and
other differences discussed above). As a result, we get an effectively block-diagonal
Hamiltonian, in which we can treat the isotope-labeled residues as independent of
the others (Fig. 9.5b).

So, what we should expect to observe when we isotope label an amyloid peptide?
Consider the vibrational Hamiltonian for parallel “-sheet, in which each strand is an
amyloid-forming peptide. Since parallel “-sheets are in register, if a single residue
in each peptide is isotope labeled (such as the 2nd residue, shown in Fig. 9.5b),
then the labels will form a column that cuts through the “-sheet. As a result, we
have a linear chain of oscillators that cuts across the strands and the isotope-labeled
block of the Hamiltonian will have only J01 and J02 couplings. For an infinitely long
fiber, the analytical solution to this classic physics problem is a series of vibrational
eigenstates ranging from E1 C 2“ to E2 � 2“, where E1 is the local mode frequency
for the labeled oscillator and “ D J01 C J02. However, once again due to symmetry,
only the mode at E D E1 C 2“ appears in the spectrum. Thus, the spectrum
does not look like a “-sheet, because it does not have the second observable mode
which requires 2D symmetry. Moreover, the frequency shift is not 54 cm�1 from
the unlabeled 1;620 cm�1 “-sheet mode unless by happenstance. There are many
misstatements and mistaken conclusions in the literature stemming from a faulty
understanding of these two facts.
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9.3 Isotope Labeling Schemes

How do we use the isotope labels to obtain information on the fibril structure? There
are a few ways. First, one obtains the coupling strength between the labeled residues.
A large negative frequency shift is consistent with the coupling constants of parallel
“-sheets. The most stable and inherently rigid regions of the “-sheets will have the
largest frequency shifts, since diagonal disorder at these locations is minimized.
Thus, the actual frequency is a measure of the “-sheet disorder. At the frayed ends
of “-sheets where there is a large degree of disorder, small or negligible frequency
shifts will be measured. In an actual fiber that contains a turn or a loop, the frequency
shift can in fact be positive if the carbonyl groups are oriented perpendicular to the
“-sheet axis.

Second, one can look at the effects that labeling has on the unlabeled infrared
spectrum. The isotope-labeled residues leave a hole in the vibrational Hamiltonian
of the remaining unlabeled amide I bonds, thus altering their spectral features
depending upon where the disruption occurs. Simulations of “-sheets with 6, 8, or
10 strands and 10 residues per strand were performed, with the isotope label placed
at different positions along the sheet [9]. In Fig. 9.6, the unlabeled “-sheet frequency
versus label position is plotted. For “-sheet with 6 or 8 residues in each strand, we
found that the asymmetric stretch frequency is perturbed the most when the column
of isotope labels cuts the “-sheet in the middle into two smaller sheets, because
smaller “-sheets have higher asymmetric stretch frequencies. For sheets with 10
or more residues, the largest frequency shift is caused by isotope labeling 3 or 4
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residues from the end, because sheets with only 3–4 residues per strand have a very
high vibrational frequency.

The above two approaches are very powerful strategies for ascertaining structures
in amyloid fibers and can be used with either 1D- or 2DIR spectroscopy. However,
2DIR spectroscopy has some additional benefits. In the above discussion, we argued
that the coupling between the labeled and unlabeled residues can be ignored because
its effects are small. However, the coupling still exists and gives rise to crosspeaks in
the 2DIR spectra. Because these crosspeaks are indicative of the coupling strength
between the unlabeled and labeled features, the intensity of the crosspeaks between
labeled and unlabeled features can provide information on the position of the isotope
label in the global fold. Shown in Fig. 9.7 are simulated 2DIR spectra for a “-sheet
with either the first residue (Fig. 9.7a) or a central (Fig. 9.7b) residue labeled [9].
The “-sheet/label crosspeak is seven times larger when the isotope label occurs in
the middle of the “-sheet rather than on the edge. The reason for this difference is
that the strongest IR allowed mode for parallel “-sheets is the asymmetric stretch,
in which residues in the middle of the strands have a larger contribution than those
on the edge. Thus, if a residue on the edge of the “-sheet is labeled, the labeled
eigenstate is going to be spatially separated by many residues from the transition
dipole of the unlabeled eigenstate. However, if a more central residue is labeled then
the full “-sheet will be broken apart into two smaller “-sheets, and the labeled and
unlabeled transition dipoles will be closer together, increasing the coupling between
the modes. Thus, the intensity of the “-sheet/label crosspeak can be used to gauge

1600 1620 1640

1600

1620

1640

1600 1620 1640

1600

1620

1640

xACxAC

a b

ωprobe (cm-1)

ω
pu

m
p 

(c
m

-1
)

ωprobe (cm-1)

ω
pu

m
p 

(c
m

-1
)

Fig. 9.7 Structures and simulated perpendicular 2DIR spectra for a seven-strand “-sheet labeled at
either an (a) end residue or a (b) central residue. The dashed box highlights the crosspeak between
the isotope-labeled mode and the unlabeled “-sheet mode
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the position of the labeled residue within the “-strand. If the isotope label appears in
a helix, loop, or turn, then crosspeaks to those secondary structures appear instead,
as illustrated in Fig. 9.8 for the helical M2 transmembrane peptide.

A deletion strategy can also be applied to the crosspeaks. For example, the
intensity of the xAB crosspeak between the unlabeled “-sheet and the turn can
be affected by isotope labeling, as shown in Fig. 9.9 [9]. If the labeled residue
resides near the interface between the “-sheet and turn regions, the intensity of the
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Fig. 9.8 2DIR spectrum of the transmembrane M2 peptide. The solid box highlights the isotope-
labeled mode, while the dashed boxes show the crosspeaks between the isotope label and the alpha
helix mode
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Fig. 9.9 Structures and simulated perpendicular 2DIR spectra for ideal seven-residue turn/“-sheet
structures with the label either (a) buried in the “-sheet or (b) at in the interface between the turn
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xAB crosspeak is severely diminished. This effect is primarily due to the fact that
the strongest coupling between the two structural regions is created by covalently
bonded residues. When interfacial residues are labeled, a hole is created in the
Hamiltonian between the “-sheet and turn modes, decreasing their coupling. The
effect also occurs when residues near the interface are isotope labeled, because
the label also alters the eigenstates of the “-sheet and turn region themselves.
Therefore, residues near the interface of different secondary structures can be
identified by the degree to which isotope labeling that residue suppresses the
“-sheet/turn crosspeak in 2DIR spectra.

9.4 Vibrational Dynamics of Amyloids

In addition to coupling information contained in crosspeaks, 2DIR spectra also
provide information on vibrational dynamics through the 2D lineshapes. Infrared
lineshapes, either 1D or 2D, depend on the vibrational lifetime as well as the
frequency distribution of the vibrational modes and the dynamics by which they
interchange [26]. For instance, very fast dynamics create Lorentzian lines, whereas
very slow or motionless dynamics cause Gaussian lineshapes. The fast limit gives
rise to homogeneous dynamics, whereas the slow limit causes inhomogeneous
broadening. Typically, IR lineshapes are neither Lorentzian nor Gaussian because
the timescale for fluctuations of solvent around proteins is neither in the fast or
slow dynamical range. Moreover, there is often more than one contribution to the
lineshape. As a result, it is usually difficult if not impossible to accurately quantify
the lineshape (and hence the dynamics) using 1D spectroscopies.

2DIR spectroscopy provides a means of quantifying vibrational dynamics. When
a photon echo pulse sequence is used to collect a 2DIR spectrum, a symmetric 2D
lineshape indicates that the system is homogeneously broadened, whereas elon-
gation along the diagonal indicates that the vibrational mode has inhomogeneous
character. A 2D lineshape analysis quantifies how much each contributes. To test
whether the dynamics are in-between fast and slow, one collects a series of 2D IR
spectra with nonzero time delays between the pump and probe pulses, and looks for
changes in the 2D lineshape. A broadening of the anti-diagonal width or a change
in the nodal slope are quantities that can be measured to determine the timescales of
the dynamics.

An excellent example of how one can use 2DIR lineshapes to study protein
structures is the ovispirin peptide bound to membrane bilayers [27]. Residues that
lie near the surface of the membrane have very elongated lineshapes due to the
backbone experiencing a disordered environment with strong electrostatics, giving
rise to inhomogeneous broadening. In comparison, the 2D lineshapes for residues
facing the membrane interior can be as much as 15 cm�1 narrower, due to the much
weaker electrostatics. By measuring a series of residues, one learns the secondary
structure of ovispirin and a comparison to simulations gives its depth in the bilayer
(Fig. 9.10).
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Fig. 9.10 (a) 2DIR diagonal linewidths for 15 isotope-labeled residues of ovispirin (solid line).
The dotted sinusoidal line is plotted with a period of 3.6 amino acids. Example 2DIR spectra of
the isotope-labeled mode for (b) I10 and (c) K15. K15 is significantly more inhomogeneously
broadened than I10. (d) Helical diagram of ovispirin; hydrophilic residues are colored dark, while
hydrophobic residues are light. The hydrophilic residues have larger measured linewidths than the
hydrophobic ones, which agrees with predictions that the hydrophilic region of the helix should be
more deeply buried in the lipid bilayer

9.5 Experimental Methods

We have previously published methods for synthesizing hIAPP [9, 28], as well as
for synthesizing and purifying 13CD18O isotope-labeled amino acids for use in the
Fmoc peptide synthesis [29]. Samples are denatured in d-HFIP and lyophilized.
To initiate fibrillization, samples are dissolved in 20 mM deuterated potassium
phosphate buffer at pH 7 to generate a peptide concentration between 500 �M and
1 mM. 5 �L of the solution is placed between CaF2 windows with a 56 �m spacer.
For kinetics scans, there is approximately 2 min of dead time between initiation of
aggregation and the first collected 2DIR spectrum.

2DIR spectra are collected in a pump-probe beam geometry using a mid-IR pulse
shaper to generate the required pulse train electronically rather than mechanically.
We have published review articles on collecting 2DIR spectra with pulse shapers
[11, 30–32]. Briefly, femtosecond pulses of 6:1 �m light are generated with a dif-
ference frequency generation-based optical parametric amplifier. Generally, around
3 �J pulses are produced. Roughly 10% of each pulse is split off to serve as the
probe .k3/, while the rest is sent into a mid-IR pulse shaper. The pulses are dispersed
into the frequency domain by a 150 g/mm ruled grating and focused in the Fourier
plane onto a Ge acousto-optic modulator. An arbitrary waveform generator is used
to create a sinusoidal amplitude mask which amplifies and phase modulates the
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Fig. 9.11 Schematic 2DIR experimental setup

dispersed pulse before it is recombined with a second grating. By varying the period
of the sine wave, we create two pump pulses in the time domain, k1 and k2, with
a variable delay between them. The collinear pump pulses interact with the probe
pulse at the sample, which emits a third-order electric field in the same direction
as the probe beam. The probe beam also serves as the local oscillator (LO), which
easily allows us to implement heterodyne detection. The combined third-order field
and LO are dispersed through a monochromator and detected with an MCT array
(Fig. 9.11).

Our spectra are generated by scanning over 2,560 fs of delay between the k1 and
k2 pulses in 24 fs steps. Four  -phase shifted pump pulses are used to remove the
transient absorption background and scatter to improve the signal-to-noise. Spectra
can be taken with the polarization of the pump pulses (k1 and k2) either parallel or
perpendicular to the probe pulse .k3/. Crosspeaks that arise from coupled transition
dipoles that are nonparallel are better resolved in perpendicularly polarized spectra.

9.6 Experimental Data

We highlight two studies on amyloids using 2DIR spectroscopy that exploit the
strategies and methodologies given above. The first study is our own, in which we
have measured the aggregation kinetics of six individual residues of hIAPP (shown
in Fig. 9.12) using isotope labeling [10]. In these experiments, we were able to show
for the first time that fiber formation does not occur solely by a nucleation method as
previously thought, but involves a competition with polypeptide folding. The second
study is by Hochstrasser and coworkers, in which they have found a water pocket in
fibers of A“ through 2D lineshape analysis [8].
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The most commonly used method for studying the kinetics of amyloid fiber
formation is thioflavin-T ThT fluorescence [33–35]. ThT is a fluorescent dye that
binds to “-sheets. As it binds, its maximum absorption and emission wavelengths
both red shift and its fluorescence intensity increase [33]. Thus, by monitoring the
ThT fluorescence spectrum, one measures the growth of amyloid fibers. It is a crude
measure, however, because it has nonspecific binding to other structures than to
“-sheets. Circular dichroism is also used, but it is most sensitive to ’-helices (which
are thought to play a role in membrane-catalyzed hIAPP aggregation), requires
problematic deconvolution, and is not residue-specific either. We have followed the
fibrillization of amylin with residue specificity using 13C18O isotope labeling and
2DIR spectroscopy [10]. Shown in Fig. 9.13 are a set of 2DIR spectra taken over
time for a sample of hIAPP with an isotope label at Ala-25. The first spectrum was
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Fig. 9.12 The sequence of hIAPP with the six isotope-labeled residues highlighted. Cross section
of an hIAPP fiber, taken from ssNMR data, showing the positions of the six labels relative to
the regions of secondary structure. The labels are Ala-8 (red), Ala-13 (orange), Val-17 (yellow),
Ala-25 (green), Leu-27 (blue), and Val-32 (purple)
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Fig. 9.13 Series of 2DIR spectra for hIAPP labeled at A25. (a) Spectrum taken 5 min after
aggregation is initiated. (b–d) Difference 2DIR spectra at 31, 66, and 205 min after initiation.
Black boxes enclose unlabeled features, while red boxes enclose labeled features. The green and
blue arrows point out the two isotope-labeled peaks that appear initially
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taken 5 min after aggregation was initiated. The subsequent spectra are plotted as
the difference between the spectrum at that time and the first spectrum in order to
better observe changes in the features.

At early times, the spectrum comprises a very broad doublet at 1;645 cm�1

(black box), resulting from a large distribution of random coil configurations, and
an isotope-labeled feature at 1;580 cm�1 (red box). As time progresses, the random
coil feature disappears while an unlabeled “-sheet doublet grows in at 1;617 cm�1.
The isotope-labeled feature initially appears as two doublets, until at much later
times the lower frequency feature at 1;575 cm�1 dominates. Large crosspeaks grow
in between the isotope-labeled peak and the unlabeled “-sheet, suggesting that
Ala-25 is strongly coupled to the “-sheet. When the intensities of the “-sheet, label,
and crosspeak are plotted as a function of time (Fig. 9.14), we can see that the
kinetic curves are all sigmoidal, which is typical for amyloid kinetics with a well-
established lag phase. Moreover, the crosspeaks and diagonal peaks have a nearly
identical time to half-maximum .t50/, which indicates that Ala-25 is assembled
directly into a “-strand structure as it is incorporated into the fibril and that Ala-
25 has about “average” kinetics.

However, not all labels exhibit kinetics the same as that of the unlabeled residues.
The kinetics of some isotope labels occur sooner and others later than the “average”
as measured by the unlabeled features. This observation implies that different sites
on the fiber are incorporated into their “-sheet structure at different points along
the fiber formation mechanism. However, it is very difficult to directly compare
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Fig. 9.14 Kinetics of the unlabeled “-sheet feature at 1;617 cm�1 compared with the (a) diagonal
label features and (b) diagonal label feature and crosspeak



9 Examining Amyloid Structure and Kinetics with 1D and 2D Infrared Spectroscopy 233

one experiment to another, because amyloid kinetics are not perfectly reproducible.
From one experiment to the next, the t50 times for an identical experiment can vary
considerably. Fortunately, the unlabeled “-sheet peak provides a convenient internal
standard by which we can eliminate run-to-run variation. If each kinetics curve is
scaled by the unlabeled “-sheet t50, the scaled curves are identical to within signal-
to-noise. Thus, to compare one kinetics experiment to another, we divide the x-axis
by the t50 time of the unlabeled residues. The scaled kinetics curves will match if
the residues fold via the same mechanism [36].

Figure 9.15 shows the scaled kinetic curves for the six isotope-labeled residues
shown in Figure, as well as a plot of their scaled t50 times versus residues number. The
plots reveal a dramatic difference in folding times, with some residues transitioning
sooner than the unlabeled “-sheet feature .t50 < 1/ and others folding later .t50 > 1/.
As the first residue to transition, Val-17 folds 10% faster than the unlabeled residues,
while Val-32 is the last at 30% slower than the unlabeled ones. For a typical t50

folding time of 50 min, this lag corresponds to a 20 min separation between the
folding of Val-17 and Val-32, with all the other residues falling in the middle.

How do we interpret the intensity change of the isotope-labeled features? We use
the coupling Hamiltonian discussed above in Sect. 9.2. When a polypeptide has been
incorporated into its final fiber structure, its isotope label lies in register, forming a
linear chain of coupled oscillators. As a result, the frequency shifts by 2“, according
to the given equation. Thus, the intensity change of the label is a measure of when
that particular residue adopts its final fibrillar conformation.

These data allow us to propose a possible aggregation pathway for hIAPP
(Fig. 9.16). As residues in the middle of the peptide are the first to transition,
nucleation might occur near the loop of the fiber, followed by folding down the
N- and C-terminal “-sheets. The N-terminal sheet appears to form in approximately
half the time as the C-terminal, according to the two lines fit to the data in Fig. 9.15b.
Since the crosspeaks develop at the same rate as the isotope-labeled peaks, we
believe that the “-sheets form in register. However, we cannot say for certain that
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Fig. 9.16 Proposed aggregation mechanism for hIAPP. The turn region forms first, followed by
propagation of the “-sheet down the N- and C-terminal sections, with the N-terminal “-sheet
forming more quickly

there are not additional steps or that there are not competing pathways, but whatever
the model is proposed, it must match our measurements which give the percentage
of each residue in its formed “-sheet as a function of time. While this mechanism is
still highly schematic, it provides some of the most detailed structural information
currently known about peptide aggregation.

Our second experimental example relies on 2D lineshape analysis of 13C18O-
labeled A“ fibrils to reveal the presence of individual water molecules trapped
within the fibril core [8]. Any such water molecules could have a significant
influence on the structure and formation kinetics of amyloid fibrils. Hochstrasser
and coworkers measured the 2D lineshapes 18O isotope-labeled samples of A“40

formed in D2O (Fig. 9.17) to see whether any were inhomogeneously broadened.
They found that residues L17, V18, L34, and V36 have larger inhomogeneous
linewidths, than the other 14 residues that were measured. Moreover, the isotope-
labeled mode for these residues appears at higher frequencies than the rest. Both
these effects can be explained by the presence of water in the fibril core, perturbing
the coupling by creating disorder in the “-sheets and hydrogen bonding to these
residues.

Hochstrasser also found that the trapped water molecules are mobile, because
they cause the vibrational frequencies of nearby amide groups to vary rapidly in
time. The spectral diffusion, or waiting-time evolution of the 2DIR lineshape, was
measured by varying the time delay between the pump and probe pulses (Fig. 9.18).
It was found that the inverse slope, which is a measure of the inhomogeneous
distribution, decayed over 1–2 ps for the residues with water nearby, whereas no
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Fig. 9.18 Plot of inverse slope versus the time delay between pump and probe pulses for L17,
V18, F20, and A30. L17 and V18 can be fit to exponential decay curves with time constants of
around 1 ps

significant time evolution was observed for the other residues. These data support
the idea that pockets of mobile water are trapped near those residues with larger
inhomogeneous linewidths.

These effects are not due to the presence of bulk water in the fibril. Several of
the residues have multiple peaks along the diagonal in the isotope-labeled region.
Some of these even have obvious crosspeaks, such as in the case of I31. From the
discussion of coupling for the isotope label in Sect. 9.2, we know that isotope-
labeled modes can appear between the local mode frequency E1 for a completely
uncoupled oscillator and E D E1 C 2“ for a perfectly ordered, infinite chain of
coupled oscillators. Thus, the lowest energy peak in each spectrum is generated by
a structure with a high degree of coupling between isotope labeled residues, while
higher energy peaks results from excitons that are more localized on a single residue
due to weakened coupling. The presence of crosspeaks confirms that the diagonal
peaks must come from the same fibril. This suggests that within a fibril there are
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finite clusters of disturbed structure, which means that only small pockets of water
can be buried within the fibril.

From this evidence, Hochstrasser and coworkers concluded that small pockets
of water molecules are trapped A“ fibrils between residues 16–18 and 34–36.
To a lesser extent, water may be trapped between residues 21 and 32 (Fig. 9.17).
On average, they calculated that 1.2 water molecules were present inside fibrils for
every monomer of A“40.

9.7 Summary

In this chapter, we have shown that infrared spectroscopies combined with isotope
labeling can be a powerful tool for studying peptide structure and kinetics. Isotope
labeling a single residue in a peptide isolates the vibrational mode of that residue
from the unlabeled residues, resulting in significant changes to infrared spectra
that can be interpreted with a simple vibrational Hamiltonians without having to
account for the structure of every amino acid in the protein. The changes in the
frequency of the labeled and unlabeled features can be measured with standard FTIR
spectroscopy. 2DIR spectroscopy provides further information through crosspeaks
and 2D lineshapes. Insightful experiments have already been performed using these
approaches. With advances in peptides synthesis, it is becoming easier to synthesize
larger peptides so that isotope labels as well as nonnative amino acids can be
incorporated into proteins of 50 or 80 residues. Protein expression can be used as
well. Thus, the range of systems for which infrared spectroscopy can be applied in
a structurally specific manner is increasing rapidly.

Acknowledgements The authors would like to acknowledge Sang-hee Shim, David Strasfeld,
and Yun Ling who contributed much of the data on hIAPP presented in this chapter and Yung Sam
Kim and Robin Hochstrasser for providing the data on A“. We would also like to acknowledge our
collaborators Juan de Pablo and Jim Skinner as well as funding from the NSF CHE-0832584 and
NIH DK079895.

References

1. J.J. Meier, R. Kayed, C.-Y. Lin, T. Gurlo, L. Haataja, S. Jayasinghe, R. Langen, C.G. Glabe,
P.C. Butler, Am. J. Physiol. Endocrinol. Metab. 291, E1317 (2006)

2. A.E. Butler, J. Janson, W.C. Soeller, P.C. Butler, Diabetes 52, 2304 (2003)
3. S.A. Petty, S.M. Decatur, J. Am. Chem. Soc. 127, 13488 (2005)
4. R.A. Gangani, D. Silva, W. Barber-Armstrong, S.M. Decatur, J. Am. Chem. Soc. 125,

13674 (2003)
5. S.A. Petty, S.M. Decatur, Proc. Natl. Acad. Sci. U.S.A. 102, 14272 (2005)
6. S.M. Decatur, Acc. Chem. Res. 39, 169 (2006)
7. Y.S. Kim, L. Liu, P.H. Axelsen, R.M. Hochstrasser, Proc. Natl. Acad. Sci. U.S.A. 105,

7720 (2008)



sdfsdf



9 Examining Amyloid Structure and Kinetics with 1D and 2D Infrared Spectroscopy 237

8. Y.S. Kim, L. Liu, P.H. Axelsen, R.M. Hochstrasser, Proc. Natl. Acad. Sci. U.S.A. 106,
17751 (2009)

9. D.B. Strasfeld, Y.L. Ling, R. Gupta, D.P. Raleigh, M.T. Zanni, J. Phys. Chem. B 113,
15679 (2009)

10. S.-H. Shim, R. Gupta, Y.L. Ling, D.B. Strasfeld, D.P. Raleigh, M.T. Zanni, Proc. Natl. Acad.
Sci. U.S.A. 106, 6614 (2009)

11. C.T. Middleton, A.M. Woys, S. Mukherjee, M.T. Zanni, Methods 52, 12 (2010)
12. S. Mukherjee, P. Chowdhury, F. Gai, J. Phys. Chem. B 111, 4596 (2007)
13. S. Mukherjee, P. Chowdhury, F. Gai, J. Phys. Chem. B 113, 531 (2009)
14. D.H.J. Lopes, A. Meister, A. Gohlke, A. Hauser, A. Blume, R. Winter, Biophys. J. 93,

3132 (2007)
15. S. Jha, D. Sellin, R. Seidel, R. Winter, J. Mol. Biol. 389, 907 (2009)
16. D.L. Sellin, L.-M. Yan, A. Kapurniotu, R. Winter, Biophys. Chem. 150, 73 (2010)
17. S. Luca, W.-M. Yau, R. Leapman, R. Tycko, Biochemistry 46, 13505 (2007)
18. A.S. Reddy, L. Wang, S. Singh, Y.L. Ling, L. Buchanan, M.T. Zanni, J.L. Skinner, J.J. de Pablo,

Biophys. J. 99, 2208 (2010)
19. A.S. Reddy, L. Wang, Y.-S. Lin, Y. Ling, M. Chopra, M.T. Zanni, J.L. Skinner, J.J. de Pablo,

Biophys. J. 98, 443 (2010)
20. W. Zhuang, D. Abramavicius, T. Hayashi, S. Mukamel, J. Phys. Chem. B 110, 3362 (2006)
21. S. Bagchi, C. Falvo, S. Mukamel, R.M. Hochstrasser, J. Phys. Chem. B 113, 11260 (2009)
22. N. Sengupta, H. Maekawa, W. Zhuang, C. Toniolo, S. Mukamel, D.J. Tobias, N.-H. Ge, J. Phys.

Chem. B 113, 12037 (2009)
23. J.-H. Choi, S. Ham, M. Cho, J. Phys. Chem. B 107, 9132 (2003)
24. C. Lee, M. Cho, J. Phys. Chem. B 108, 20397 (2004)
25. S. Hahn, S. Kim, C. Lee, M. Cho, J. Chem. Phys. 123, 084905 (2005)
26. P. Hamm, M.T. Zanni, Concepts and Methods of 2D Infrared Spectroscopy (Cambridge

University Press, Cambridge, 2011)
27. A.M. Woys, Y.S. Lin, A.S. Reddy, W. Xiong, J.J. de Pablo, J.L. Skinner, M.T. Zanni, J. Am.

Chem. Soc. 132, 2832 (2010)
28. Y.L. Ling, D.B. Strasfeld, S.-H. Shim, D.P. Raleigh, M.T. Zanni, J. Phys. Chem. B 113,

2498 (2009)
29. P. Marek, A.M. Woys, K. Sutton, M.T. Zanni, D.P. Raleigh, Org. Lett. 12, 4848 (2010)
30. S.-H. Shim, D.B. Strasfeld, Y.L. Ling, M.T. Zanni, Proc. Natl. Acad. Sci. U.S.A. 104,

14197 (2007)
31. S.-H. Shim, M.T. Zanni, Phys. Chem. Chem. Phys. 11, 748 (2009)
32. E.M. Grumstrup, S.-H. Shim, M.A. Montgomery, N.H. Damrauer, M.T. Zanni, Opt. Express

15, 16681 (2007)
33. H. Naiki, K. Higuchi, M. Hosokawa, T. Takeda, Anal. Biochem. 177, 244 (1989)
34. H. Naiki, K. Higuchi, K. Nakakuki, T. Takeda, Lab Invest. 65, 104 (1991)
35. Y.C. Kudva, C. Mueske, P.C. Butler, N.L. Eberhardt, Biochem. J. 331, 809 (1998)
36. S.B. Padrick, A.D. Miranker, Biochemistry 41, 4694 (2002)



Index

Absorption coefficient, 154
Acetylene-type linker, 188
Aci-nitro intermediate, 204
Active site fragment, 186
Aggregates, 92, 101
Aggregation, 217, 230
Aggregation pathway, 233
Aggregation/Fibrillation, 135
Allosteric structural changes, 176
Alpha-helix conformation, 18
Alzheimer’s disease, 207
Alzheimer’s peptide, 207
Amide A, 53
Amide B, 53
Amide I, 53, 92, 148, 179, 182, 219, 220, 225
Amide I band, 208
Amide I mode, 223
Amide I normal mode, 17
Amide I0, 149
Amide II, 55, 179, 182
Amide III, 55
Amide protons, 57
Amino acid side-chain groups, 57
Amorphous aggregates, 54, 82
AMPB, 184
AMPP, 176, 184
Amyloid, 207
Amyloid beta peptides, 81
Amyloid deposits, 78
Amyloid fibers, 220, 231
Amyloid fibrils, 78, 85, 217, 234
Amyloid kinetics, 232
Amyloid plaques, 85
Amyloid protein A“40, 36
Amyloid structure, 9
Amyloid-peptide packing models, 36

Anomalous intensity distribution in the “ sheet
conformation, 34

Antiparallel sheet, 37
Anti-Stokes lines, 153
Anti-Stokes process, 153
APB, 178
Apo-form, 75
Arrhenius equation, 151
Arrhenius plot, 160
Aspartate, 59
Atomic resolution structures of amyloid fibrils,

10
ATP binding, 198
Azobenzene, 174, 176, 178
Azobenzene containing peptides, 175
Azobenzene peptides, 182, 184
Azopeptides, 184

Ball-type mixer, 97
Band fitting procedures, 43
Barstar, 59
Beta-sheet conformation, 18
Binding sites, 198
Bond lengths, 201
Bovine pancreatic RNase A, 41
Bulk water, 56
Buried helix, 105
Burst phase, 104

Ca2C-ATPase, 198
Ca2C-ions, 75
Caged compounds, 194
Caged protons, 202
Caged sulfate, 202

H. Fabian and D. Naumann (eds.), Protein Folding and Misfolding,
Biological and Medical Physics, Biomedical Engineering,

239

DOI 10.1007/978-3-642-22230-6, © Springer-Verlag Berlin Heidelberg 2012



240 Index

Calmodulin, 59
Cassegrain-type infrared microscope, 98
Cavitation, 156
CD spectroscopy, 54, 180
Chain length, 92
Chain packing, 37
Chaperones, 12, 132
Charge-flux model, 25
Chemical denaturants, 60
Chemical stability, 173
Chemical structure, 196
Chromo-proteins, 171
Circular dichroism, 93, 180
Collagen, 187
Collagen model peptide, 18, 39
Collapse and search, 94
Component, 164
Concentration jump, 198
Conformation, 196
Conformational change, 199
Conformers, 173
Constructing the G and F matrices, 22
Continuous-flow rapid-mixing apparatus, 92
Cosolvents, 102, 133
Coupled oscillators, 21
Coupling, 149, 226, 228, 235
Coupling strengths, 221, 223, 225
Cross-strand coupling, 165
Cross-“ architecture, 9
Crosspeaks, 218, 226, 228, 230, 232, 235
œ-Cro repressor, 59
Cryo-EM, 10
13C-substituted groups, 23
Cyclic Azobenzene Peptides, 183
Cyclic system, 176
Cytochrome c, apomyoglobin, 93

Denaturants, 101
Density functional theory, 20
Desolvation, 106
Determination of the protein orientation at an

interface, 45
Deuterium oxide, 56
Diagonal elements of the F matrix, 23
Dialysis-related amyloidosis, 78
Diamond anvil cell, 122
Dielectric effect, 27
Difference spectra, 71
Difference spectrum, 194
Diffusion micromixer, 64
Diffusive mixing device, 97
Dihedral angles, 91
Dimethylsulfoxide, 101

Dipolar coupling constant, 110
Dipole derivative, 27
2D-IR, 51
2DIR spectroscopy, 218
Diseases of protein misfolding, 2
Disordered environment, 228
Disordered structure, 105
Disulfide bridge, 72
2D-NMR, 180
Driven structural changes, 176
Dynamic light scattering, 72

Early stages of thermal denaturation, 39
Eigenvalues of the GF matrix, 31
Eigenvector matrix, 31
Elastin, 142
Electric dipole in a peptide group, 26
Electric field, 196
Electron micrographs, 81
Electron paramagnetic resonance, 8, 81
Electronic coupling, 175
Energy landscape, 2, 3, 92
Engineered variants, 72
Enthalpic or entropic barriers, 191
Enzymatic activity, 173
Enzymatic reactions, 138
EPR, 10
Equilibrium constant, 149
Euler rotation matrix, 47
Experimental dead time, 69

F matrix, 20
Femtosecond, 173
Femtosecond laser, 181
Fibril, 212
Filamentous species, 79
Flexibility, 58
Flexible construct, 175
Flow-through, 63
Folding energy landscape, 2
Fourier self-deconvolution, 43, 102
Frequency correlations in globular proteins, 41
Frustration, 2
FTIR spectroscopy, 54
Fulgides, 174

G matrix, 20
G matrix elements, 22
Gaussian fitting, 102
Global fitting analysis, 103
Glutamate, 59



Index 241

Guanidinium, 101
Guanidinium chloride, 60

H/D exchange, 188
“-hairpin, 176
Hairpin, 185
Hairpin formation, 161
Hamiltonian, 221, 224, 228, 233
Hamster prion protein, 85
Heat transfer, 155
Heat-treated assemblies, 81
Heavy water, 62
’-helices, 53
310 helix, 75
Helix dynamics, 161
Helix-to-coil transition, 158
Heme-binding maquettes, 186
Hemithioindigo, 174
Hemoglobin, 59
High pressure, 117
Holo-form, 75
Homogeneous dynamics, 228
Homogeneously broadened, 228
Horse heart myoglobin, 42
HTI, 174, 175
Hydration, 92
Hydration shells, 56
Hydrodynamic Stokes, 79
Hydrogen bonding, 92, 196
Hydrogen bonding network, 188
Hydrogen bonds, 185, 187
Hydrogen exchange, 7, 10
Hydrogen–deuterium exchange, 104
Hydrogen/deuterium (H/D) exchange, 55

Indolylfulgides, 174
Infrared absorption spectroscopy, 92
Infrared diode laser, 158
Infrared (IR) spectroscopy, 218
Infrared spectroscopy, 17, 179
Inhomogeneous, 228
Inhomogeneous and homogeneous linewidths,

218
Inhomogeneous broadening, 228
Inhomogeneous linewidths, 234
Insulin, 81
Intensity of a normal mode, 32
 �  interaction, 24
Interactions between the peptide groups, 18
Intermediate states, 72
Intermediates, 6, 92
Interstrand coupling, 163

Intrinsic frequency, 110
Intrinsically disordered, 5
Inverse G matrix, 22
Ion mobility mass spectrometry, 9
IR bands, 53
IR spectroscopy, 53
IRRAS simulations, 45
Irregular structures, 54
Isoelectric point, 102
Isomerization, 173, 180
Isosbestic points, 108
Isotope editing of peptide structures, 18
Isotope labeled, 220, 232, 234
Isotope labeling, 32, 33, 162, 200, 218, 223,

230
Isotope labels, 224–227, 232
Isotope-editing, 162
Isotopic substitution, 101

Kinetics, 150, 210, 234

’-lactalbumin, 74
“-lactoglobulin, 103
Lactose synthase, 74
Laser flash experiments, 181
Laser-induced temperature jump, 95
Light switchable peptides, 172
Light-Triggered Peptide, 171, 173, 175, 177,

179, 181, 183, 185, 187, 189, 191
Lineshapes, 228, 234
Lineshape functions, 32
Linewidth, 223
Linking groups, 172, 175
Local mode, 220
“-loop, 176
Loop, 105
LPS monolayer, 47
Lysozyme, 81

Magic angle spinning, 81
Main chain collapse, 110
Main chain dehydration, 110
Major histocompatibility complex class I, 78
Mass-weighted displacement coordinates, 22
Mercaptoproline, 188
Mercury cadmium telluride (MCT) detector,

98
Methods, 4
Methylene spacer, 178
Metmyoglobin, 206
Michelson interference spectrometer, 98



242 Index

Microfluidic devices, 98
“2-microglobulin, 55
Mid infrared, 182
Mixing dead time, 93
Modified GF matrix method, 21
Molecular dynamics simulations, 6
Molecular mass, 79
Molten globule, 93
Molten-globule state, 75
Monolayers at the air–water interface, 45
Multiple labels, 166
Multistate folder, 160
Multistranded sheet structures, 24
Musculoskeletal system, 78
Myoglobin, 206

Native state, 92
Native-like structure, 66
Natively unfolded, 5
NMR, 180
Normal coordinate calculations, 19
Normal modes of vibration, 19
Nucleotide, 199

Octameric aggregate structures, 86
Off-diagonal elements of the F matrix, 25
Oligomers, 8, 211
Optical filter, 98
Optical theory of Kuzmin, 45
Oscillating electric dipole in the amide I mode,

26

Parallel organization of the “-strands, 81
Parallel sheet, 37
Peptide bond, 91
Peptide moieties, 172
Peptide moiety, 177
Peptides, 53
Pericyclic ring-opening, 173
pH jump, 202
pH-induced unfolded state, 101
Phosphoenzyme, 200
Photo-acoustic effects, 156
Photochromic switching unit, 172
Photochromism, 174
Photoisomerization, 173
Photolysis, 205
Photoresponsive, 175
Picosecond, 173
Pneumatic drive, 62

Point dipole approximation for the interaction
energy, 26

Poly(N -isopropylacrylamide), 139
Polyglutamic acid, 103
Post-translational modifications, 12
Potential energy of a collection of static

dipoles, 26
Primary sequence, 91
Prionoses, 85
Prion diseases, 85
Prion protein, 65
Protein backbone, 53
Protein-bound water, 56
Protein folding, 91, 124, 127, 207
Protein folding and misfolding in vivo, 11
Protein only hypothesis, 85
Protein subunits, 72
Proteins, 53
Proteostasis, 13
Protofibrillar structures, 87
Protofibrils, 8
Protofibrils, oligomers, 8
Protofilaments, 79
Pseudo-amino acid, 175
Pulse shaper, 229
Pump-probe beam geometry, 229
Pump-probe experiment, 181

Quantum efficiency, 173

Radius of gyration, 93, 104
Raman conversion, 154
Random coil, 211
Rapid mixing, 61, 92
Rapid-scan FTIR spectroscopy, 61
Rate constants, 150
Rate-determining step, 107
Ratio of absorptions of s- and p-polarized, 45
Reaction-induced infrared difference

spectroscopy, 194
Reflectance–absorption of a thin film, 45
Relaxation dispersion, 7
Relaxation times, 159, 164
Relaxational processes, 184
Residual structures, 6
Resolution enhancement, 102
Resolvation, 185
Ribonuclease A, 43
Ribonuclease T1, 59
Ribosome, 11
Rigid coupling, 175



Index 243

Ring opening, 174
RNase T1 variant, 71

“-sandwich, 78
Scattering techniques, 93
Second-derivative calculation, 102
Second-derivative spectrum, 109
Secondary structures, 54, 93, 147, 208
Secondary structure content, 93
Secondary structure formation, 110
Secondary-structure elements, 148
“-sheets, 53, 107, 210, 220, 222–226, 228,

231, 232
SH3 domain, 81
Signal-to-noise ratio, 61, 99
Simple harmonic oscillator, 21
Simulating the amide I contour, 31
Simulation of isotopic substitution, 34
Single labels, 166
Single molecule fluorescence, 5
Single molecule FRET, 7
Single-chain monellin, 93
Site-specific dynamics, 162
Site-specific frequency shifts, 162, 164
Small angle X-ray scattering, 93
Solid-state NMR, 11
Solubility, 177
Solution mixing, 95
Solution NMR, 7
Solution NMR spectroscopy, 5
Solvated helix, 105
Solvent, 177
Solvent heating, 151
Spectral diffusion, 234
Spectral probes, 166
Spectrometer, 157
Stability diagram, 119
Stability variations, 165
Static mixers, 100
Stationary spectroscopy, 177
Stimulated Raman effect, 152
Stokes line, 153
Stokes process, 153
Stopped-flow, 63, 93
“-strands, 54
Structural and environmental disorder, 223
Structural relaxation, 176
Structure, 58
Subdiffraction microscopy, 173
Substitution of 13C, 33
Switching chromophore, 173
Switching cycles, 173

Synchronization, 181
’-synuclein, 81

T-jump kinetics, 159
T-shaped mixing channel, 97
Temperature jumps, 61, 151, 154
Temperature stability, 155
Tertiary contacts, 93
Tertiary structures, 62, 186
The double-jump technique, 102
Theoretical modeling, 180
Thermal denaturation, 18
Thermal lensing, 156
Thermal reconversion, 178
Thermoresponsive polymers, 139
Through hydrogen bond interaction, 29
Through hydrogen bond interaction force

constant, 24
Through hydrogen bond  �  interaction, 30,

31
Through-space transition–dipole interaction,

25, 38
Through valence bond interaction, 30
Time delay, 181
Time resolution, 194
Time-resolved, 93
Time-resolved infrared spectroscopy, 171
Time to half-maximum .t50/, 232
Toxicity, 8
Trans–cis isomerization, 66
Transition dipole coupling, 54, 68, 103, 149
Transition dipole moment, 25
Transition dipole–dipole interaction, 20
Transition dipole interaction, 29
Transition dipoles, 20, 222, 226, 230
Transition states, 6
Transmissible neurodegenerative disorders, 85
Transthyretin, 81
Trifluoroethanol, 103
Trigger, 194
Triple helix, 187
Triple-helical structure, 39
Triplet–triplet energy transfer, 180
Tryptophan fluorescence, 110
Turbulent mixing devices, 96
Turns, 53, 105
Two-dimensional infrared (2D-IR)

spectroscopy, 183
Two-state folder, 160
Two-state folding process, 150
Two-state model, 158
Tyrosine, 59



244 Index

Ultrafast absorption spectroscopy, 183
Ultrafast processes, 172
Ultrafast structural changes, 191
Ultrafast structural dynamics, 180
Unfolded ensemble, 4
Unfolded state, 92
Urea, 60, 101
Urea-unfolded state, 104

Valence bond interaction force constant
between peptide groups, 30

ˆ-value, 92
ˆ-value analyses, 6
Vibrational dynamics, 228

Vibrational energy, 184
Vibrational excess energy, 174, 185
Vibrational Hamiltonian, 220, 223, 224
Vibrational modes, 220
Visible and ultraviolet spectroscopy, 179

Weakly coupled oscillator model, 19
Wilson GF matrix method, 19

X-ray crystal structures, 66

Zipper-like folding mechanism, 187


	CoverPage_978-3-642-22229-0
	front-matter
	Protein Folding and Misfolding

	Preface
	Contents
	Contributors



	Chapter 1: Linked Landscapes and Conformational Conversions: How Proteins Fold and Misfold
	Chapter 1: Linked Landscapes and Conformational Conversions: How Proteins Fold and Misfold
	1.1 Introduction
	1.2 The Unfolded Ensemble Under Native Conditions
	1.3 Folding and Misfolding Intermediates
	1.4 Protofibrils, Oligomers and Toxicity
	1.5 Amyloid Structure
	1.6 From the Test Tube to the Cell
	1.7 Conclusions
	References


	Chapter 2: A Quantitative Reconstruction of the Amide I Contour in the IR Spectra of Peptides and Proteins
	Chapter 2: A Quantitative Reconstruction of the Amide I Contour in the IR Spectra of Peptides and Proteins: From Structure to Spectrum
	2.1 The Approach to Simulation of the Amide I Contour
	2.1.1 Introduction
	2.1.2 Historical Background
	2.1.3 Normal Coordinate Calculations
	2.1.4 Ab Initio Force Field Calculations
	2.1.5 The Modified GF Matrix Method
	2.1.6 Constructing the G and F Matrices in the Coupled Oscillators of One Kind Method
	2.1.6.1 The G Matrix Elements
	2.1.6.2 The Diagonal Elements of the F Matrix
	2.1.6.3 The Off-Diagonal Elements of the F Matrix
	2.1.6.4 Through-Space Transition–Dipole Interaction
	2.1.6.5 Through Hydrogen Bond Interaction
	2.1.6.6 Through Valence Bond Interaction
	2.1.6.7 Through Hydrogen Bond π-π Interaction

	2.1.7 Simulating the Amide I Contour

	2.2 Applications
	2.2.1 Isotopic Labeling
	2.2.1.1 Anomalous Intensity Distribution in the -Sheet Conformation
	2.2.1.2 Amyloid-Peptide Packing Models
	2.2.1.3 Interaction and Coupling

	2.2.2 Modeling the Early Stages of Thermal Denaturation
	2.2.3 Amide I Structure-Frequency Correlations in Globular Proteins
	2.2.4 IRRAS Simulations

	2.3 Conclusions and Future Prospects
	References


	Chapter 3: Millisecond-to-Minute Protein Folding/Misfolding Events Monitored by FTIR Spectroscopy
	Chapter 3: Millisecond-to-Minute Protein Folding/Misfolding Events Monitored by FTIR Spectroscopy
	3.1 General Considerations
	3.2 FTIR Spectroscopy, Experimental Aspects
	3.2.1 Proteins in Aqueous Solutions
	3.2.2 Measurements in D2O
	3.2.3 FTIR Spectra of Chemical Denaturants

	3.3 Kinetic FTIR Experiments Applying Rapid Mixing and Temperature-Jump Approaches
	3.3.1 Rapid-Scan FTIR Spectroscopy: Advantagesand Limitations
	3.3.2 Design and Operation of a Stopped-Flow Apparatus for Measurements in Heavy Water
	3.3.3 A Stopped-Flow Apparatus for Measurementsof H2O-Protein Solutions
	3.3.4 T-Jump Experiments in Heavy Water

	3.4 Examples of Applying T-Jumps onto a Protein Solution
	3.4.1 Refolding of Wild-Type Ribonuclease T1 and Some of Its Mutants
	3.4.1.1 Structure Formation in RNase T1 Wild-Type and RNase T1 Variant S54G/P55N Under Destabilizing and Stabilizing Conditions
	3.4.1.2 Structure Formation Within the Experimental Dead Time

	3.4.2 Unfolding of the -Cro Repressor

	3.5 Examples Making Use of Rapid-Mixing Methods
	3.5.1 Refolding of -Lactalbumin Studied by Stopped-Flow Infrared Spectroscopy After a pH-Jump
	3.5.1.1 IR Spectra of -Lactalbumin Under Equilibrium Conditions
	3.5.1.2 Refolding Kinetics of -Lactalbumin Monitored by Stopped-Flow FTIR Difference Spectroscopy

	3.5.2 Misfolding of β2-Microglobulin
	3.5.3 The α-to-β Conversion Process of the Prion Protein

	References


	Chapter 4: Watching Dynamical Events in Protein Folding in the Time Domain from Submilliseconds to Seconds
	Chapter 4: Watching Dynamical Events in Protein Folding in the Time Domain from Submilliseconds to Seconds: Continuous-Flow Rapid-Mixing Infrared Spectroscopy
	4.1 Introduction
	4.2 The Collapse and Search Mechanism of Protein Folding
	4.2.1 The Protein Folding Mechanism Depends on the Chain Length
	4.2.2 Kinetic Investigation of Protein Folding for Intermediate Proteins

	4.3 Development of Continuous-Flow Time-Resolved Infrared Spectrometer
	4.3.1 Comparison of Different Methods for Triggering Protein Folding Events
	4.3.2 Development of a Continuous-Flow Cell with a T-Shaped Flow Channel
	4.3.3 Construction of the Time-Resolved Spectrometer Based on Infrared Microscopy

	4.4 Practical Issues for Kinetic Infrared Investigationsof Protein Folding
	4.4.1 Selection of the Initial Unfolded State
	4.4.2 Suppression of the Aggregate Formation
	4.4.3 Method of Spectral Analysis

	4.5 Application to Protein Folding
	4.5.1 Pioneering Investigations of Rapid-Mixing Infrared Spectroscopy
	4.5.2 Apomyoglobin
	4.5.2.1 Sequential Folding Scheme of Apomyoglobin
	4.5.2.2 Kinetic Infrared Spectra of Apomyoglobin Folding and Their Analysis Based on Band Fitting

	4.5.3 Single-Chain Monellin
	4.5.3.1 Folding Intermediates of Single-Chain Monellin
	4.5.3.2 Kinetic Infrared Investigation of the Folding of Single-Chain Monellin


	4.6 Summary and Perspective
	References


	Chapter 5: High-Pressure Vibrational Spectroscopy Studies of the Folding, Misfolding and Amyloidogenesis of Proteins
	Chapter 5: High-Pressure Vibrational Spectroscopy Studies of the Folding, Misfolding and Amyloidogenesis of Proteins
	5.1 Introduction to High-Pressure Bioscience
	5.2 Fundamental Concepts: Stability Diagram of Proteins
	5.3 Experimental Methods
	5.3.1 High-Pressure FTIR Spectroscopy
	5.3.2 Diamond Anvil Cell Technology
	5.3.3 Pressure Calibrants for Infrared Spectroscopy

	5.4 Examples of Pressure Studies on Proteins and Polymers
	5.4.1 Pressure-Induced Protein un- and Refolding Reactions
	5.4.2 Protein Folding Kinetics
	5.4.3 Pressure-Assisted Cold Denaturation of Proteins
	5.4.4 Pressure Effects on Oligomeric Proteins and Chaperones
	5.4.5 Cosolvent Effects
	5.4.6 Aggregation/Fibrillation Reactions of Proteins
	5.4.7 Enzymatic Reactions
	5.4.8 Synthetic Polymers as Protein Mimetics

	5.5 Conclusions and Outlook
	References


	Chapter 6: Dynamics of -Helix and -Sheet Formation Studied by Laser-Induced Temperature-Jump IR Spectroscopy
	Chapter 6: Dynamics of -Helix and -Sheet Formation Studied by Laser-Induced Temperature-Jump IR Spectroscopy
	6.1 Peptide Folding Dynamics
	6.1.1 Secondary-Structure Formation
	6.1.2 The Amide I Band as Structural Probe
	6.1.3 Equilibrium vs. Kinetic Data
	6.1.4 Rate Constants

	6.2 Laser-Induced T-Jump Technique
	6.2.1 Generation of the Heating Pulse
	6.2.2 Photo-Acoustic Effects, Cavitation and Thermal Lensing
	6.2.3 Experimental Setup

	6.3 T-Jump Relaxation Kinetics
	6.3.1 Two-State and Multistate Folders
	6.3.2 Helix Dynamics
	6.3.3 Hairpin Formation

	6.4 Site-Specific Dynamics with Isotopic Editing
	6.4.1 Site-Specific Frequency Shifts
	6.4.2 Insights into Folding Mechanisms on the Residue Level
	6.4.3 Single and Multiple Isotope Labels

	References


	Chapter 7: Light-Triggered Peptide Dynamics
	Chapter 7: Light-Triggered Peptide Dynamics
	7.1 Introduction
	7.2 Light-Triggered Peptides
	7.2.1 The Photochromic Switching Unit
	7.2.2 The Linking Group
	7.2.3 The Peptide Moiety

	7.3 Characterization of Light-Triggered Peptides by Stationary Spectroscopy
	7.4 Methods for the Study of Ultrafast Structural Dynamics
	7.5 Applications
	7.5.1 Ultrafast Spectroscopy on Cyclic Azobenzene Peptides
	7.5.2 Unfolding and Folding of a Light Switchable Hairpin Model Compound
	7.5.3 Toward Light Switchable Tertiary Structures: (I) Azo-maquettes
	7.5.4 Toward Light Switchable Tertiary Structures: (II) Azo-collagens

	7.6 Conclusion
	References


	Chapter 8: Time-Resolved FTIR Spectroscopy of pH-Induced Aggregation of Peptides
	Chapter 8: Time-Resolved FTIR Spectroscopy of pH-Induced Aggregation of Peptides
	8.1 Introduction to Infrared Difference Spectroscopy
	8.1.1 Principles
	8.1.2 Triggering Protein Reactions
	8.1.3 Interpreting Difference Spectra

	8.2 Caged Compounds
	8.2.1 Introduction to Caged Compounds
	8.2.2 Caged Protons
	8.2.3 Difference Spectrum of Caged Sulfate Photolysis

	8.3 Acidification-Induced Unfolding of Myoglobin
	8.4 Acidification-Induced Aggregation of the Alzheimer's Peptide
	8.4.1 Introduction to the Alzheimer's Peptide
	8.4.2 Time-Resolved Infrared Difference Spectroscopy of the Aggregation of the Alzheimer's Peptide
	8.4.2.1 Outline of the pH Jump Experiment
	8.4.2.2 Absorbance Changes upon Acidification
	8.4.2.3 Time Course of Peptide Aggregation
	8.4.2.4 Model of the Aggregation Process


	8.5 Outlook
	References


	Chapter 9: Examining Amyloid Structure and Kinetics with 1D and 2D Infrared Spectroscopy and Isotope Labeling
	Chapter 9: Examining Amyloid Structure and Kinetics with 1D and 2D Infrared Spectroscopy and Isotope Labeling
	9.1 Introduction
	9.2 Vibrational Modes of Amyloids
	9.3 Isotope Labeling Schemes
	9.4 Vibrational Dynamics of Amyloids
	9.5 Experimental Methods
	9.6 Experimental Data
	9.7 Summary
	References


	INDEX


<<
  /ASCII85EncodePages false
  /AllowTransparency false
  /AutoPositionEPSFiles true
  /AutoRotatePages /None
  /Binding /Left
  /CalGrayProfile (Gray Gamma 2.2)
  /CalRGBProfile (sRGB IEC61966-2.1)
  /CalCMYKProfile (ISO Coated v2 300% \050ECI\051)
  /sRGBProfile (sRGB IEC61966-2.1)
  /CannotEmbedFontPolicy /Error
  /CompatibilityLevel 1.3
  /CompressObjects /Off
  /CompressPages true
  /ConvertImagesToIndexed true
  /PassThroughJPEGImages true
  /CreateJobTicket false
  /DefaultRenderingIntent /Perceptual
  /DetectBlends true
  /DetectCurves 0.1000
  /ColorConversionStrategy /sRGB
  /DoThumbnails true
  /EmbedAllFonts true
  /EmbedOpenType false
  /ParseICCProfilesInComments true
  /EmbedJobOptions true
  /DSCReportingLevel 0
  /EmitDSCWarnings false
  /EndPage -1
  /ImageMemory 1048576
  /LockDistillerParams true
  /MaxSubsetPct 100
  /Optimize true
  /OPM 1
  /ParseDSCComments true
  /ParseDSCCommentsForDocInfo true
  /PreserveCopyPage true
  /PreserveDICMYKValues true
  /PreserveEPSInfo true
  /PreserveFlatness true
  /PreserveHalftoneInfo false
  /PreserveOPIComments false
  /PreserveOverprintSettings true
  /StartPage 1
  /SubsetFonts false
  /TransferFunctionInfo /Apply
  /UCRandBGInfo /Preserve
  /UsePrologue false
  /ColorSettingsFile ()
  /AlwaysEmbed [ true
  ]
  /NeverEmbed [ true
  ]
  /AntiAliasColorImages false
  /CropColorImages true
  /ColorImageMinResolution 149
  /ColorImageMinResolutionPolicy /Warning
  /DownsampleColorImages true
  /ColorImageDownsampleType /Bicubic
  /ColorImageResolution 150
  /ColorImageDepth -1
  /ColorImageMinDownsampleDepth 1
  /ColorImageDownsampleThreshold 1.50000
  /EncodeColorImages true
  /ColorImageFilter /DCTEncode
  /AutoFilterColorImages true
  /ColorImageAutoFilterStrategy /JPEG
  /ColorACSImageDict <<
    /QFactor 0.40
    /HSamples [1 1 1 1] /VSamples [1 1 1 1]
  >>
  /ColorImageDict <<
    /QFactor 0.15
    /HSamples [1 1 1 1] /VSamples [1 1 1 1]
  >>
  /JPEG2000ColorACSImageDict <<
    /TileWidth 256
    /TileHeight 256
    /Quality 30
  >>
  /JPEG2000ColorImageDict <<
    /TileWidth 256
    /TileHeight 256
    /Quality 30
  >>
  /AntiAliasGrayImages false
  /CropGrayImages true
  /GrayImageMinResolution 149
  /GrayImageMinResolutionPolicy /Warning
  /DownsampleGrayImages true
  /GrayImageDownsampleType /Bicubic
  /GrayImageResolution 150
  /GrayImageDepth -1
  /GrayImageMinDownsampleDepth 2
  /GrayImageDownsampleThreshold 1.50000
  /EncodeGrayImages true
  /GrayImageFilter /DCTEncode
  /AutoFilterGrayImages true
  /GrayImageAutoFilterStrategy /JPEG
  /GrayACSImageDict <<
    /QFactor 0.40
    /HSamples [1 1 1 1] /VSamples [1 1 1 1]
  >>
  /GrayImageDict <<
    /QFactor 0.15
    /HSamples [1 1 1 1] /VSamples [1 1 1 1]
  >>
  /JPEG2000GrayACSImageDict <<
    /TileWidth 256
    /TileHeight 256
    /Quality 30
  >>
  /JPEG2000GrayImageDict <<
    /TileWidth 256
    /TileHeight 256
    /Quality 30
  >>
  /AntiAliasMonoImages false
  /CropMonoImages true
  /MonoImageMinResolution 599
  /MonoImageMinResolutionPolicy /Warning
  /DownsampleMonoImages true
  /MonoImageDownsampleType /Bicubic
  /MonoImageResolution 600
  /MonoImageDepth -1
  /MonoImageDownsampleThreshold 1.50000
  /EncodeMonoImages true
  /MonoImageFilter /CCITTFaxEncode
  /MonoImageDict <<
    /K -1
  >>
  /AllowPSXObjects false
  /CheckCompliance [
    /None
  ]
  /PDFX1aCheck false
  /PDFX3Check false
  /PDFXCompliantPDFOnly false
  /PDFXNoTrimBoxError true
  /PDFXTrimBoxToMediaBoxOffset [
    0.00000
    0.00000
    0.00000
    0.00000
  ]
  /PDFXSetBleedBoxToMediaBox true
  /PDFXBleedBoxToTrimBoxOffset [
    0.00000
    0.00000
    0.00000
    0.00000
  ]
  /PDFXOutputIntentProfile (None)
  /PDFXOutputConditionIdentifier ()
  /PDFXOutputCondition ()
  /PDFXRegistryName ()
  /PDFXTrapped /False

  /CreateJDFFile false
  /Description <<

    /BGR <>
    /CHS <FEFF4f7f75288fd94e9b8bbe5b9a521b5efa7684002000410064006f006200650020005000440046002065876863900275284e8e9ad88d2891cf76845370524d53705237300260a853ef4ee54f7f75280020004100630072006f0062006100740020548c002000410064006f00620065002000520065006100640065007200200035002e003000204ee553ca66f49ad87248672c676562535f00521b5efa768400200050004400460020658768633002>
    /CHT <FEFF4f7f752890194e9b8a2d7f6e5efa7acb7684002000410064006f006200650020005000440046002065874ef69069752865bc9ad854c18cea76845370524d5370523786557406300260a853ef4ee54f7f75280020004100630072006f0062006100740020548c002000410064006f00620065002000520065006100640065007200200035002e003000204ee553ca66f49ad87248672c4f86958b555f5df25efa7acb76840020005000440046002065874ef63002>
    /CZE <>
    /DAN <>
    /ESP <>
    /ETI <>
    /FRA <>
    /GRE <>

    /HRV (Za stvaranje Adobe PDF dokumenata najpogodnijih za visokokvalitetni ispis prije tiskanja koristite ove postavke.  Stvoreni PDF dokumenti mogu se otvoriti Acrobat i Adobe Reader 5.0 i kasnijim verzijama.)
    /HUN <>
    /ITA <>
    /JPN <FEFF9ad854c18cea306a30d730ea30d730ec30b951fa529b7528002000410064006f0062006500200050004400460020658766f8306e4f5c6210306b4f7f75283057307e305930023053306e8a2d5b9a30674f5c62103055308c305f0020005000440046002030d530a130a430eb306f3001004100630072006f0062006100740020304a30883073002000410064006f00620065002000520065006100640065007200200035002e003000204ee5964d3067958b304f30533068304c3067304d307e305930023053306e8a2d5b9a306b306f30d530a930f330c8306e57cb30818fbc307f304c5fc59808306730593002>
    /KOR <FEFFc7740020c124c815c7440020c0acc6a9d558c5ec0020ace0d488c9c80020c2dcd5d80020c778c1c4c5d00020ac00c7a50020c801d569d55c002000410064006f0062006500200050004400460020bb38c11cb97c0020c791c131d569b2c8b2e4002e0020c774b807ac8c0020c791c131b41c00200050004400460020bb38c11cb2940020004100630072006f0062006100740020bc0f002000410064006f00620065002000520065006100640065007200200035002e00300020c774c0c1c5d0c11c0020c5f40020c2180020c788c2b5b2c8b2e4002e>
    /LTH <>
    /LVI <>
    /NLD (Gebruik deze instellingen om Adobe PDF-documenten te maken die zijn geoptimaliseerd voor prepress-afdrukken van hoge kwaliteit. De gemaakte PDF-documenten kunnen worden geopend met Acrobat en Adobe Reader 5.0 en hoger.)
    /NOR <>
    /POL <>
    /PTB <>
    /RUM <>
    /RUS <>
    /SKY <>
    /SLV <>
    /SUO <>
    /SVE <>
    /TUR <>
    /UKR <>
    /ENU (Use these settings to create Adobe PDF documents best suited for high-quality prepress printing.  Created PDF documents can be opened with Acrobat and Adobe Reader 5.0 and later.)
    /DEU <>
  >>
  /Namespace [
    (Adobe)
    (Common)
    (1.0)
  ]
  /OtherNamespaces [
    <<
      /AsReaderSpreads false
      /CropImagesToFrames true
      /ErrorControl /WarnAndContinue
      /FlattenerIgnoreSpreadOverrides false
      /IncludeGuidesGrids false
      /IncludeNonPrinting false
      /IncludeSlug false
      /Namespace [
        (Adobe)
        (InDesign)
        (4.0)
      ]
      /OmitPlacedBitmaps false
      /OmitPlacedEPS false
      /OmitPlacedPDF false
      /SimulateOverprint /Legacy
    >>
    <<
      /AddBleedMarks false
      /AddColorBars false
      /AddCropMarks false
      /AddPageInfo false
      /AddRegMarks false
      /ConvertColors /ConvertToCMYK
      /DestinationProfileName ()
      /DestinationProfileSelector /DocumentCMYK
      /Downsample16BitImages true
      /FlattenerPreset <<
        /PresetSelector /MediumResolution
      >>
      /FormElements false
      /GenerateStructure false
      /IncludeBookmarks false
      /IncludeHyperlinks false
      /IncludeInteractive false
      /IncludeLayers false
      /IncludeProfiles false
      /MultimediaHandling /UseObjectSettings
      /Namespace [
        (Adobe)
        (CreativeSuite)
        (2.0)
      ]
      /PDFXOutputIntentProfileSelector /DocumentCMYK
      /PreserveEditing true
      /UntaggedCMYKHandling /LeaveUntagged
      /UntaggedRGBHandling /UseDocumentProfile
      /UseDocumentBleed false
    >>
  ]
>> setdistillerparams
<<
  /HWResolution [2400 2400]
  /PageSize [595.276 841.890]
>> setpagedevice


